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Preface

This third edition of Fish Nutrition was reviewed and updated with selections
from the myriad of publications which have appeared in the literature on
fish nutrition since the previous 1989 edition. During this decade aqua-
culture continued to advance more rapidly than any other field of animal
production in the world, and itis expected to continue to expand to provide
fish for a growing world population. As aquaculture production increases,
it must contend with rapidly approaching limits on key feed ingredients
and on increasing sensitivity to the effects of aquaculture on the aquatic
environment. Many of these effects are associated with diet, so fish nutri-
tion research must focus on increasing the efficiency of production and
on lowering environmental effects through increased nutrient retention.
This will provide safe and nutritious fishery products in a sustainable and
environmentally compatible fashion.

Over 200 fish species have been examined as potential targets for fish pro-
duction to utilize the special advantages of an animal capable of growing
efficiently in a wide variety of temperatures and ionic-strength waters. Uni-
versities, research centers, and various government agencies have adopted
fish as an important agricultural animal, with a resultant plethora of publica-
tions from scientists in many countries focused on an increasing number of
fishes and their nutritional requirements. Since it would have been impos-
sible to include all these reports in this book, the authors have focused on
selected demonstrations of nutrient requirements and metabolism which
summarize the basic and applied principles of fish nutrition.

The chapter “Bioenergetics” has been entirely rewritten to include the
rapid advancements made since the last edition. “The Vitamins” chapter has
been updated and reflects the conclusion that many of the principles dis-
cussed previously still apply, even as new species of fish are examined. The
previous focus on teleost fish has been extended to include other types
with unique or different metabolic capabilities. The “Amino Acids and
Proteins” chapter has been expanded to include the many new species
studied. “The Lipids” chapter has been extensively revised as national and
international focus is aimed at understanding these compounds and their
effects on animal metabolism and health. More information is included in
“The Minerals” chapter to reflect the importance of minerals as activators

xiii



Xiv Preface

for many anabolic and catabolic reactions and to provide basic informa-
tion concerning the importance of proper mineral balance, especially of
phosphorus, for lowering the environmental impacts of fish culture. The
chapter “Intermediary Metabolism” has been condensed to the principles
involved, with more extensive discussions to be found in other nutrient
chapters. “Nutritional Physiology” has been rewritten, extending the discus-
sions to the larval stages of the life history of many species of fish, as well
as to juvenile and grow-out stages. The chapters “Nutritional Pathology”
and “Nutrition and Fish Health” have been rewritten. “Adventitious Tox-
ins” are reviewed, and the roles of new toxins encountered discussed. “Diet
Formulation and Manufacture” has been expanded to include some of the
latest techniques in fish husbandry production and in feed manufacturing
processes, and the “Special Feeds” chapter outlines new possibilities in fish
feeds for new species and environments. Finally, the practical applications
of fish nutrition to “Diet and Husbandry” have been extended to include
new areas of fish production.

The Appendix reflects the many changes encountered in fish species and
diet database assembly during the past decade.

We hope this treatise continues to review “what we know and what we know
we do not know” to stimulate research and better understanding of nutri-
ent requirements and their role in growth, reproduction, and fish health
as more and more effort is concentrated on using fish as the best animal
for protein and food production. Dividends from understanding nutrient
metabolism in fish at the cellular level can be extended to similar functions
in terrestrial animals, including humans.

This book would not have been possible without the dedicated and de-
manding efforts of the chapter authors to condense fragmented and often
contradictory information in the literature and from their own laboratories
into succinct discussions and presentations of the principles of fish nutrient
requirements and metabolism. Their efforts are sincerely appreciated. The
reader is invited to compare the developments in fish nutrition which have
occurred since the first edition appeared in 1972.

JonN E. HALVER
RoNALD W. HARDY
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1.1
Introduction

The catabolism of food is organized within the animal to harness chemi-
cal (free) energy and substrates for use in anabolic and other life-sustaining
processes. The physiological mechanisms which achieve this are very com-
plex, allowing the catabolism of a large variety of food molecules using the
finite number of enzyme systems which are found in animal tissues (Krebbs
and Kornberg, 1957). To look quantitatively at the utilization of all dietary
components is extremely complex. However, since feeding, growth, and
production can be described in terms of partition of dietary energy yield-
ing components between catabolism as fuels and anabolism as storage in
tissues, the study of the balance among dietary energy intake, expenditure,
and gain offers a relatively simple way of looking at dietary component
utilization by animals. This approach is called bioenergetics or nutritional
energetics.

This chapter is a nonexhaustive review of current knowledge, methods,
applications, and limitations of fish bioenergetics or nutritional energetics.
It focuses mostly on fish bioenergetics in an aquaculture setting. Energy
flow in the animal is presented based on the energy partition scheme and
nomenclature proposed by the U.S. National Research Council (NRC, 1981)
(Fig. 1.1).



1. Bioenergetics 3

Intake of Energy (IE)

+— Fecal Energy (FE)
v

Digestible Energy (DE)

Urine Energy (UE)
Branchial Energy (ZE)

A\

Metabolizable Energy (ME)
<«— Heat increment (HiE)

Net Energy (NE)

Voluntary Activity (HjE) \

Basal Metabolism (HeE)

Recovered Energy (RE)

Fic. 1.1

NRC (1981) energy partitioning scheme and nomenclature.

1.2
History of Nutritional Energetics

Nutritional energetics has been studied for more than 200 years. In 1779,
Adair Crawford observed that the amount of air a man “phlogisticated” in
a minute was the same as that altered by a burning candle. Despite the fact
that Crawford formulated ideas about the origin of animal heat in terms of
the phlogiston theory that was popular at the time, his observations were some
of the first showing a relationship among gas exchanges, heat production,
and chemical reactions in animals. In 1783, Antoine Lavoisier and Pierre
Laplace performed a series of exceptional experiments, considered as the
foundation of bioenergetics and modern nutrition. They observed that heat
produced by a guinea pig could be measured by the amount of ice melted
and that the heat produced could be related to the respiratory exchange in
a quantitative way. Based on this series of studies Lavoisier formulated his
classical conclusion that life is a process of combustion. Lavoisier was, thus,
the first to recognize the true role of oxygen in the generation of heat by
animals. Lavoisier’s contribution to the study of animal energetics was not
limited to his elucidation of the relationship between respiration and the
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production of heat but also included several aspects of energy metabolism of
animals. His studies with Séguin on the metabolism of man, which involved
the measurement of oxygen consumption and carbon dioxide production,
showed that oxygen consumption is increased by the ingestion of food, by
the performance of muscular work, and by exposure to cold. Lavoisier also
measured the minimal metabolism in the resting, postabsorptive state and
showed proportionality between pulse frequency and metabolism. He also
showed that within a species, oxygen consumption is proportional to body
size (Blaxter, 1989).

Lavoisier believed that the site of heat production was located in the
lungs and that heat was carried throughout the body by the blood. It was
only in 1847 when Magnus showed that arterial blood carried more oxygen
and less carbon dioxide than did venous blood, and in 1848, when von
Helmholtz demonstrated that isolated muscle produced heat, that the belief
of Lavoisier was shown to be erroneous (Blaxter, 1989).

Nutritionists working at the Weende Agricultural Experimental Station
in Germany, in the nineteenth century, recognized that the components
of foods which make a significant contribution to the energy supply of the
animal could be characterized as three classes of compounds: proteins, fats,
and carbohydrates. The stoichiometry of the oxidation of these classes of
compounds allowed the calculation of the energy released as heat from
measurements of respiratory exchange, oxygen consumption, and carbon
dioxide production, along with measurements of urinary nitrogen excre-
tion. This method of measuring heat production is referred to as indirect
calorimetry (or respirometry). In 1894, Rubner validated this approach to
calorimetry by showing that the heat produced bya dog is equal to the heat of
combustion of the fat and protein catabolized minus the heat of combustion
of the urine. Rubner, thus, was the first to demonstrate the fundamental laws
of thermodynamics applied to intact living animal systems (Blaxter, 1989).

Rubner is also credited with making the first systematic experimental
analysis of the effect of size on metabolism. He showed in 1883 that the
fasting metabolism of dogs of different body weights was approximately con-
stant when expressed per unit area of body surface. In 1901, Voit, Rubner’s
student, showed that the fasting metabolisms of a number of species were
also proportional to their surface areas. Kleiber, and Brody and Proctor,
almost simultaneously in 1932, showed that metabolism was related directly
to body weight and metabolism was proportional to a power of weight higher
than 2/3, that is, about 0.75. Kleiber came to the conclusion that the 3/4
power of body weight was the most reliable basis for predicting the basal
metabolic rate of animals and for comparing nutrient requirements among
animals of different sizes. He also provided the basis for the conclusion that
the total efficiency of energy utilization is independent of body size. In 1945,
Brody published Bioenergetics and Growth, and in 1961, Kleiber published
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The Fire of Life, two books, discussing several aspects of energy metabolism
of animals, that remain very influential to this day.

Ege and Krogh (1914) were the first to apply the principles of bioener-
getics to fish. Ivlev (1939) worked with carp. Since then, there have been
several hundred reports on studies of energy utilization and expenditure for
several species of fish. Many reviews have also been made on fish bioenerget-
ics, including those by Phillips (1972), Brett and Groves (1979), Cho et al.
(1982), Elliott (1982), Cho and Kaushik (1985), Tytler and Calow (1985),
Smith (1989), Cho and Kaushik (1990), Kaushik and Médale (1994), Cho
and Bureau (1995), and Médale and Guillaume (1999), which are most
relevant to aquaculture.

1.3
Energy Exchange in Biological Systems

The first law of thermodynamics, also known as the law of conservation
of energy, states that the total energy (£) of a system, including its sur-
roundings, remains constant unless there is input of energy (heat or work).
It implies that within the total system, energy is neither lost nor gained
during any changes. However, within that total system, energy may be trans-
ferred from one part to another or may be transformed into another form
of energy (heat, electrical energy, radiant energy, or mechanical energy).
Thermodynamic principles as they apply to biological systems are reviewed
in several textbooks (e.g., Patton, 1965; Blaxter, 1989; Mayes, 2000). Readers
are invited to refer to these for a more comprehensive presentation of these
principles.

All biological organisms must obtain supplies of free energy from their
environment to sustain living processes. Nonbiological systems may utilize
heat energy to perform work, but biological systems are essentially isother-
mic and use chemical energy to sustain life processes. Autotrophic organisms
couple their metabolism to some simple processes in their surroundings,
such as sunlight and inorganic chemical reactions, such as the transforma-
tion of Fe?* to Fe*. Heterotrophic organisms obtain free energy from the
breakdown of organic molecules in their environment. Bioenergetics, or
biochemical thermodynamics, is the study of the energy changes accompa-
nying such biochemical reactions (Mayes, 2000).

Life processes (e.g., anabolic reactions, muscular contraction, active tra-
nsport) obtain energy by chemical linkage. This chemical coupling results
in some energy being transferred to synthetic reaction and some energy
lost as heat. As some of the energy liberated in the degradative reaction
is transferred to the synthetic reaction in a form other than heat, the nor-
mal chemical terms “exothermic” and “endothermic” cannot be applied.
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The terms exergonic and endergonic are used to indicate that a process
is accompanied by the loss or gain, respectively, of free energy (Mayes,
2000). In practice, an endergonic process cannot exist independently but
must be a component of a coupled exergonic—endergonic system where
the overall net change is exergonic. The exergonic reactions are termed
catabolism, whereas the synthetic reactions are termed anabolism. The com-
bined catabolic and anabolic processes constitute metabolism. A method of
coupling an exergonic to endergonic process is to synthesize a compound of
high-energy potential in the exergonic reaction and to incorporate this new
compound into the endergonic reaction, thus transferring free energy from
the exergonic to the endergonic pathway. Adenosine triphosphate (ATP) is
one of the compounds serving as a transducer of energy from a wide range
of exergonic reactions to an equally wide range of endergonic reactions or
processes (Mayes, 2000).

ATP is a phosphorylated nucleotide containing adenine, ribose, and
three phosphate groups. ATP has an intermediate standard free energy of
hydrolysis among high-energy phosphate molecules, whose characteristics
allow it to play an important role in energy transfer. As a result of its position
midway down the list of standard free energies of hydrolysis, ATP is able to
act as a donor of high-energy phosphate to form compounds with lower
free energies of hydrolysis (Mayes, 2000). Likewise, provided the necessary
enzymatic machinery is available, ADP can accept high-energy phosphate
to form ATP from compounds with high energies of hydrolysis. In effect, an
ATP/ADP cycle connects those processes that liberate free energy to those
processes that utilize it. Thus, ATP is continuously consumed and regener-
ated. However, it is worth recalling that the total ATP/ADP pool is sufficient
to maintain an active tissue for only a few seconds (Mayes, 2000).

The system that couples respiration to the generation of the high-energy
intermediate, ATP, is termed oxidative phosphorylation. Oxidative phos-
phorylation enables aerobic organisms to capture a far greater proportion
of the available free energy of respiratory substrates compared with anaer-
obic organisms. The mitochondrion is the organelle in which most of the
capture of energy derived from respiratory oxidation takes place. The mito-
chondria contain the series of catalysts known as the respiratory chain that
collect and transport reducing equivalents and direct them to their final re-
action with oxygen to form water. Also presentis the machinery for trapping
the liberated free energy as high-energy phosphate. Mitochondria also con-
tain the enzyme systems responsible for generating the reducing equivalents
(such as NADPH) in the first place, i.e., the enzymes of f-oxidation and of
the citric acid cycle. The latter is the final common pathway for the oxidation
of all the major foodstuffs.

As mentioned earlier, the coupling of exergonic and endergonic reac-
tions does not harness all the energy, and a significant portion of the energy
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is dissipated as heat. One mole of glucose, for example, contains about
2803 KJ of free energy. When it is combusted in a calorimeter to COy and
water, 2803 K] is liberated as heat.* When oxidation occurs in the tissues,
some of the energy is not lost immediately as heat but is captured in high-
energy phosphate bonds. Under aerobic conditions, glucose is completely
oxidized to CO9 and water, and the equivalent of 36 high-energy phosphate
bonds is generated per molecule. The total energy captured in ATP per
mole of glucose oxidized is 1398 k], or the equivalent of roughly 50% of the
enthalpy of combustion. The rest is dissipated as heat. In turn, when ATP
generated by the catabolism of glucose is hydrolyzed during coupling with
an endergonic reaction, only a fraction of the free energy may be retained
in the synthesized compounds and the rest is liberated as heat. Therefore,
ultimately the free energy liberated by exergonic reactions that is not cap-
tured in the products of anabolism (protein, lipids, carbohydrates, nucleic
acids, etc.) is liberated as heat by biological organisms.

A very important aspect from a bioenergetics point of view is that heat
produced by a chemical reaction is always the same, regardless of whether
the process went directly or proceeded through a number of intermediate
steps (Blaxter, 1989). This means that the amount of heat produced by an
animal depends on the chemical nature (energy content) of the compounds
catabolized or the overall reaction and not the chemical reaction pathways
over which this catabolism occurred.

1.4
Energy Utilization and Requirements

The study of the balance among dietary energy supply, expenditure, and
gain offers a relatively simple way of looking at dietary component utilization
by animals. Study of the energy transactions in animals requires that com-
ponents be expressed in compatible terms. Classically, all measurements of
energy transactions made by animal nutritionists were expressed in terms
of calories. The calorie used in nutrition is the 15°C calorie (the energy re-
quired to raise the temperature of 1 g water from 14.5 to 15.5°C). However,
the joule (J) was adopted in the Systéme International des Unités (Inter-
national System of Units) as the preferred unit for expression of electrical,
mechanical, and chemical energy and by most nutrition journals as the basic
unit for expressing dietary energy. One joule is defined as 1 kg-m?/sec? or
107 erg. One 15°C calorie is equivalent to 4.184 .

* Editors note. The authors prefer to use the joule to measure energy content and reactions,
whereas many other authors use the calorie for energy measurements. These are convertible:
1 cal =4.184 ], or 1 kcal = 4.184 kJ. See below.
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Many terms have been invented and applied to describe energy trans-
actions occurring in animals. Historical terms, such as “specific dynamic
action of food,” are still used, even though they imply nothing about the un-
derlying relationships; others such as “work of digestion” have specific but
incorrect implications regarding underlying relationships (Baldwin and By-
water, 1984). Different groups have tended to adopt and defend alternative
systems of nomenclature to describe the partition of energy in animals. This
is especially apparent in fish biology, where nomenclatures and mode of
expression of energy transaction are extremely diverse. In 1981, a subcom-
mittee of the Committee on Animal Nutrition of the U.S. National Research
Council was appointed to develop a systematic terminology for description
of energy utilization by animals, including fish (NRC, 1981). This system
is presented schematically in Fig. 1.1 and has been widely adopted by an-
imal nutritionists. This rational nomenclature has also been adopted by a
number of fish nutrition researchers and is used in this chapter. Its various
components are discussed below.

1.4.1. Gross Energy: Dietary Fuels

Gross energy (GE) is the commonly used term for the enthalpy (A H) of
combustion in nutrition. However, as opposed to enthalpy, GE is generally
represented by a plus (4) sign. The GE content of a substance is usually
measured by its combustion in a heavily walled metal container (bomb)
under an atmosphere of compressed oxygen. This method is referred to as
bomb calorimetry. Under these conditions, the carbon and hydrogen are
fully oxidized to carbon dioxide and water, as they are in vivo. However, the
nitrogen is converted to oxides, which is not the case in vivo. The oxides of
nitrogen interact with water to produce strong acids, an endergonic reac-
tion. These acids can be estimated by titration, allowing a correction to be
applied for the difference between combustion in an atmosphere of oxygen
and catabolism in vivo (Blaxter, 1989).

The GE content of an ingredient or a compounded diet depends on its
chemical composition. The mean GE values of carbohydrates, proteins, and
lipids are 17.2, 23.6, and 39.5 kJ/g, respectively (Blaxter, 1989). Minerals
(ash) have no GE because these components are not combustible. IE is the
notation adopted by the NRC (1981) for an animal’s intake GE of (Fig. 1.1).
IE is simply the product of feed consumption and GE.

1.4.2. Fecal Energy and Digestible Energy

Before the feed components can serve as fuels for animals, they must be
digested and absorbed (sometimes called “assimilated,” a term whose use
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should be discouraged) from the digestive tract. Some feed components
resist digestion, and these pass through the digestive tract to be voided as
fecal material. Egestion (excretion through feces) of components contain-
ing GE is referred to as fecal energy (FE) losses. The difference between the
GE and the FE of a unit quantity of this diet is termed the digestible energy
(DE). DEI was adopted by the NRC (1981) to represent the intake of DE,
the product of feed intake and DE of the feed, or IE minus FE (Fig. 1.1).

Variation in the digestibility of foods is generally a major factor affecting
the variation in their usefulness as energy sources to the animal, since FE
is a major loss of ingested GE. Therefore, values for DE and values for
the digestibility of individual nutrients should be used to estimate levels of
available energy and nutrients (as opposed to GE or crude nutrients) in feed
ingredients for diet formulation (Cho and Kaushik, 1990). Formulation on
a GE or crude nutrients (e.g., crude protein) basis, rather than formulation
on a DE or digestible nutrients basis, is still very common in fish nutrition,
but sufficient information on DE values of common fish feed ingredients is
now available to allow feeds to be formulated on a DE or a digestible nutrient
basis. It is, however, important to emphasize that DE is only an indication of
the potential contribution of the energy from nutrients in the ingredient.
These values do not serve as measures of the utilizable energy or of the
productivity of the diet.

1.4.3. Measurement

The first task in the measurement of digestibility of feeds and feedstuffs is
the collection of fecal samples. In aquatic animals, separating fecal material
from water and avoiding contamination of the feces by uneaten feed neces-
sitate the use of approaches that differ significantly from those commonly
used to measure digestibility interrestial animals and birds.

Quantitative collection of fish feces is very difficult, and therefore, di-
gestibility measurements using direct methods, involving total collection of
fecal material, are rarely used with fish. Digestibility measurements in fish
must, therefore, rely on the collection of a representative fecal sample (free
of uneaten feed particles) and the use of a digestion indicator to obviate
the need to quantify dietary intake and fecal output (indirect method). The
inclusion of a digestion indicator in the diet allows the digestibility coeffi-
cients of the nutrients in a diet to be calculated from measurements of the
nutrient-to-indicator ratios in the diet and feces (Edin, 1918).

Several techniques have been used to collect fecal material from fish. The
suitability of these various techniques has been a subject of discussion and
disagreement among fish nutritionists for many years (Smith et al., 1980;
Cho et al., 1982; Cho and Kaushik, 1990; Hajen et al., 1993a; Smith et al.,
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1995; Guillaume and Choubert, 1999). Some early, yet still widely used,
techniques are the collection of feces from the lower part of the intestine
by stripping (Nose, 1960), by suctioning fecal material, or by dissecting
the fish (Windell et al., 1978). It is generally agreed that forced evacuation
of fecal material from the rectum results in the contamination of the sam-
ples with physiological fluids and intestinal epithelium that would otherwise
have been reabsorbed by the fish before natural defecation. This affects the
reliability of this type of approach and, in general, leads to underestimation
of digestibility (Cho et al., 1982; Hajen et al., 1993; Guillaume and Choubert,
1999).

Techniques involving the collection of feces voided naturally by the fish
are, therefore, preferable. Smith (1971) developed a metabolic chamber
to collect feces samples voided naturally into the water by fish. With this
method, the fish need to be force-fed, and they frequently regurgitate and
may not be in a positive nitrogen balance status. This technique clearly im-
poses an unacceptable level of stress on the fish and produces estimates of
digestibility of questionable reliability (Cho et al., 1982). Other techniques,
such as the periodical collection of feces by siphoning from the bottom of
a tank, are also likely to yield inaccurate estimates of digestibility since the
breakup of feces by fish movement may lead to leaching of nutrients and,
therefore, overestimation of digestibility of nutrients.

To prevent these problems, specific devices were developed by Ogino et al.
(1973), Cho et al. (1975), and Choubert et al. (1979) to collect fecal material
passively. Ogino et al. (1973) collected feces by passing the effluent water
from fish tanks through a filtration column (TUF column). Cho and Slinger
(1979) developed a settling column to separate the feces from the effluent
water (Guelph system) and Choubert ¢t al. (1979) developed a mechanically
rotating screen to filter out fecal material (St. Pée system). These systems
are convenient and have been adopted in many laboratories around the
world. They are widely recognized as producing meaningful estimates of
digestibility of nutrients if used correctly, despite the fact that differences of
opinion about the accuracy of these systems remain. In a study comparing
the TUF column and the Guelph system, very similar apparent digestibility
coefficients (ADC) of dry matter, protein, lipid, and energy were obtained
with both methods for two reference diets (Satoh et al., 1992).

It is clear that differences exist in the estimates of digestibility with the
various techniques currently used (Cho et al., 1982). It is difficult to reach
objective conclusions about the accuracy and reliability of the various tech-
niques, as there are relatively few solid experimental studies allowing seri-
ous comparisons. Direct measurements of energy and nutrient deposition
and various losses (nonfecal losses, heat production, etc.) are virtually the
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only way of objectively comparing the accuracy of the various approaches.
However, measurements of the various components of the energy or nu-
trient budgets (e.g., nonfecal losses, heat production) of fish also require
specific expertise and are subject to errors.

The differences in estimates of apparent digestibility measured with the
most common techniques (stripping, St. Pée system, TUF column, Guelph
system) tend to be fairly stable when these techniques are used in a stan-
dardized fashion. This suggestion comes from examination of the results of
studies examining energy or nutrient depositions of groups of fish at differ-
ent measured intakes of various practical diets (Kaushik et al., 1981; Médale
et al., 1995; Azevedo et al., 1998; Ohta and Watanabe, 1998; Médale and
Guillaume, 1999; Rodehutscord and Pfeffer, 1999). Regressions of energy
and N depositions as a function of DE or digestible nitrogen (DN), measured
with different techniques (stripping, St-Pée system, TUF column, Guelph sys-
tem), show very significant linear relationships within studies (R? > 0.96).
This suggests that digestibility measurements appear to be consistent within
techniques and that, if investigators adopt one technique and apply it in a
standard fashion, very meaningful (informative) energy or nutrient budgets
can be constructed.

1.4.4. Apparent versus True Digestibility

Feces are composed of the undigested food components and the unreab-
sorbed residues of body origin. These residues are the remains of mucosal
cells, digestive enzymes, mucoproteins, and other secretions released into
the digestive tract by the animal, together with the residues of the microflora
which inhabit the digestive tract (Nyachoti et al., 1997). The enthalpy of
combustion of these materials represents a loss of energy which is not de-
rived from the food. This energy loss is designated fecal energy of metabolic
origin (FmE) and is influenced by the characteristics of the food and the
level of feed intake. Estimates of FmE allow the description of “true” di-
gestible energy values, which are greater than “apparent” digestible energy
values. The term “true” digestibility may be misleading since, to the animal,
FmE losses are real and inevitable. The term “standardized digestibility” is
slowly replacing “true digestibility” in the vocabulary of animal nutritionists.

Apparent digestible energy (ADE) = IE — FE

True (or standardized) digestible energy = IE — (FE — FmE)

Measurement of FmE of fish has received little attention. The FmE that
has been mostly studied in fish and other animals (swine and poultry) has
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been associated with endogenous protein/nitrogen losses. The most com-
mon approach for measuring metabolic fecal nitrogen (MFN) representing
endogenous nitrogenous losses is by determining the fecal nitrogen output
of fish fed a protein-free (nitrogen-free) diet. The MFN of fish fed a protein-
free diet has been estimated as about 2.7-3.3 mg/100 g live body weight
per day or 123-144 mg/100 g dry diet consumed in common carp at 20°C
(Ogino et al., 1973). FmE as protein (probably contributing the most to
FmE) can, therefore, be estimated to be about 0.4 k] /100 g live body weight
per day or 20 kJ/100 g dry matter intake. This is relatively small, being
equivalent to about 1% of the IE or about 10-20% of the FE of animals fed
good-quality practical diets.

Fish will generally eat very little of a protein-free diet, making it very
difficult to calculate meaningful estimates of MFN. Moreover, there is evi-
dence that the amount of MFN produced by animals receiving a semipurified
protein-free diet can differ significantly from that of animals fed practical
diets containing protein (Nyachoti et al., 1997). Several other dietary con-
stituents (fiber, antinutritional factors) can enhance MFN (Nyachoti et al.,
1997). For these reasons, it is reasonable to doubt the accuracy of “true”
protein digestibility coefficients calculated using estimates of MFN obtained
from fish fed protein-free diets. Accurate estimation of MFN may require
the use of sophisticated techniques (for review see Nyachoti et al., 1997).
This type of work remains to be carried out with fish.

In digestibility studies with swine and poultry, fecal samples must be coll-
ected from the ileum or from cecectomized animals because of the signifi-
cant activity of the intestinal microflora in the large intestine or cecum
of these animals (Levis and Bayley, 1995). Reabsorption of endogenous
material (e.g., enzymes) in the hindgut is thus prevented. Correction for
endogenous losses is, therefore, essential to obtain the additive estimates
of the apparent digestibility of nutrients for these animals. Endogenous
losses from naturally voided fecal material in fish are probably small and
consequently of little concern since the intestinal flora activity is generally
considered negligible in most fish species (Clements, 1996) and a large
proportion of endogenous material is reabsorbed prior to egestion of fe-
ces. This view is supported by the higher values for the ADC of protein of
most feed ingredients measured in salmonids (e.g., Cho and Bureau, 1997)
compared to the ileal ADC of protein of the same ingredients in swine and
poultry (Levis and Bayley, 1995).

In fish maintaining a high feed intake, the contribution of MFN to the to-
tal fecal nitrogen is probably small. Under these conditions, the difference
between the “true” and the apparent digestibility of protein is probably neg-
ligible. If poor feed intake or poor growth is observed in a digestibility trial,
itis preferable to discard the fecal samples collected since these samples may
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contain a high proportion of MFN and could produce unreliable estimates
of apparent digestibility (Cho et al., 1982).

1.4.5. Digestibility of Whole Diets versus Digestibility
of Ingredients

As discussed above, knowledge of the digestibility of energy and nutri-
ents of diets is a very important aspect of any study on nutritional ener-
getics. Because digestibility measurements require specialized equipment
and are time-consuming, it is impossible to measure the digestibility of all
diets. Because a diet is a combination of various ingredients, knowing the di-
gestibility of a variety of potential fish feed ingredients may allow estimation
of the digestibility of an infinite variety of diets formulated using these ingre-
dients (Cho et al., 1985). This, however, requires, that estimates of apparent
digestibility of nutrients of different ingredients are additive, an assumption
that generally holds true (Cho and Kaushik, 1990; Watanabe, 1996a,b).

Very few feed ingredients can be fed voluntarily as the sole component of
a diet to fish. First, certain fish feed ingredients may not be very acceptable
(palatable) for fish as a sole component of the diet. Second, itis not possible
to produce feed particles with proper physical characteristics (water stabi-
lity) with many individual ingredients. Third, most fish feed ingredients
do not contain all the essential nutrients required by fish and feeding diets
containing many of these ingredients as the sole component for more than a
few days may dramatically affect the feed intake and the overall physiological
status of the fish.

The use of the protocol proposed by Cho and Slinger (1979) generally
solves these problems. This protocol involves comparison of the digestibility
of a reference diet with that of a test diet, this test diet being a mixture of
the reference diet and a test ingredient, generally at a 70: 30 ratio. Using
this protocol, palatable, water-stable, and nutritionally adequate test diets
can be produced with most potential fish feed ingredients. This allows the
fish to maintain a high feed intake and good growth rate, which in turn
allow the measurement of apparent digestibility values that are reliable and
repeatable. Also, adoption of this procedure allows the measurement of feed
intake and growth rate, allowing confirmation of the nutritional adequacy
of the experimental diets.

Inclusion of a digestion indicator in the reference diet allows the ADC of
the energy and nutrients in the diets to be calculated from measurements of
the ratios of nutrient to indicator in the diet and feces. The corresponding
ADC can be calculated for the energy and nutrients in the tested ingredient
by simple calculation from the ADC of the reference and test diets. The use
of areference diet, however, assumes that there are no interactions between
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the components of the diet during digestion. Hence, much care is warranted
in formulating such a test diet.

The apparent digestibility coefficients (ADC) for the nutrients and energy
of the test and reference diets can be calculated as follows:

ADC=1 — [(F/D) x (Di/Fi)] (1)

where D is the percentage nutrient (or k] /g gross energy) of the diet; I, the
percentage nutrient (or kJ/g gross energy) of the feces; Di, the percentage
digestion indicator of the diet; and Fi, the percentage digestion indicator
of the feces.

The ADC of the test ingredients (ADCI) is then calculated based on the
digestibility of the reference diet and the test diets as follows:

ADCI = ADCT + [((1—-s) DR) /s DI] (ADCT — ADCR) (2)

where ADCI is the apparent digestibility coefficient of the test ingredient;
ADCT, the apparent digestibility coefficient of the test diet; ADCR, the
apparent digestibility coefficient of the reference diet; DR, the percentage
nutrient (or kJ/g gross energy) of the reference diet; DI, the percentage
nutrient (or kJ/g gross energy) of the test ingredient; s, the proportion
of test ingredient in the test diet (i.e., 0.3); and 1—s, the proportion of
reference diet in the test diet (i.e., 0.7).

1.5
Digestible Energy of Feedstuffs

Data on the DE of commonly used feedstuffs in fish diets are essential
for optimization of feed formulation. The additive nature of the ADC of
energy and nitrogen (Cho and Kaushik, 1990; Kim, 1989; Watanabe et al.,
1996a,b) makes DE values very useful in optimization of dietary formula-
tions. Table 1.1 lists estimates of the ADC of dry matter, crude protein, lipid,
and energy for a number of feed ingredients fed rainbow trout (fecal sam-
ples collected with the Guelph system). Useful estimates of ADC and DE for
a large number of fish feed ingredients are also available from a number of
sources (Hajen et al., 1993b; Guillaume et al., 1999).

The DE values approach the GE values for the high protein materials
such as spray-dried blood meal, herring meal, cooked full-fat soybeans, and
soybean protein concentrate, indicating a high degree of digestion and ab-
sorption. However, for feed ingredients that contain a substantial level of
carbohydrate and fiber, such as yellow corn, corn gluten feed, and rapeseed
meal, the DE values are less than half of the gross energy values, confirming
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Table 1.1

Apparent Digestibility Coefficients and Digestible Energy Values
of Feed Ingredients”

Apparent digestibility coefficient (%)

Dry Crude
Ingredient matter  protein  Lipid  Energy

Alfalfa meal 39 87 71 43
Blood meal

Ring-dried 87 85 — 86

Spray-dried 91 96 — 92

Flame-dried 55 16 — 50
Brewer’s dried yeast 76 91 — 77
Corn yellow 23 95 — 39
Corn gluten feed 23 92 — 29
Corn gluten meal 80 96 — 83
Corn distiller, dried, soluble 46 85 71 51
Feather meal 77 77 — 77
Fish meal, herring 85 92 97 91
Meat and bone meal 70 85 — 80
Poultry by-products meal 76 89 — 82
Rapeseed meal 35 77 — 45
Soybean, full-fat, cooked 78 96 94 85
Soybean meal, dehulled 74 96 —_ 75
Wheat middlings 35 92 — 46
Whey, dehydrated 97 96 — 94
Fish protein concentrate 90 95 — 94
Soy protein concentrate 77 97 — 84

“Fed to rainbow trout based on fecal samples collected with the
Guelph system. Adapted from Cho and Bureau (1997).

that starch and fiber are poorly digested by rainbow trout. The DE values
of the feed ingredients are also closely correlated with the dry matter di-
gestibility. There are some feed ingredients in which as much as 50-80% of
IE is lost as FE. Some grain by-products, such as ground corn, wheat, and
wheat middlings, are included mainly as binders and fillers to enhance the
physical characteristics of the pelleted feed. Clearly the appropriate level at
which to include these poorly digested materials represents a compromise
between the nutritional value of the diet and practical considerations such
as the mechanical durability of the feed aggregate.

Most fish species digest protein and lipid very well. Available data suggest
that for most practical ingredients, the digestibility values for protein are
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comparable between species, differences being more apparent with regard
to carbohydrate sources (Kaushik, 1998).

Simple sugars are also well absorbed by fish (Buddington and Hilton,
1987). However, starch in its native form, found in cereals and tubers,
is poorly digested by rainbow trout (Cho and Slinger, 1979; Bergot and
Breque, 1983). Thermal treatment under moist conditions (hydrothermal
treatment) can lead to swelling and partial breakdown of the organization
of the starch granule in a process referred to as gelatinization (Swinkels,
1985). It has been shown in numerous studies that gelatinization of starch
by cooking or extrusion markedly increases the digestibility of starch for
fish (Kim, 1989; Pfeffer et al., 1990, Bergot, 1993), probably as a result of
easier access for amylolytic enzymes to individual glucose molecules in the
starch granules. It was also observed that the apparent digestibility of gela-
tinized starch varies inversely with the level in the diet in salmonids (Bergot
and Breque, 1983; Kim, 1989; Pfeffer, 1995). Consequently, the apparent
digestibility coefficient (ADC) of complex carbohydrates may not be as ad-
ditive as the ADC of protein and lipid sources (Kim and Kaushik, 1992).
Work by Médale et al. (1991) indicates that starch digestibility, and hence
the provision of DE from starch to rainbow trout, can also be affected by
water temperature. The ADC of carbohydrates was higher at 18°C than at
8°C. These results suggest that DE should be different at different water
temperatures, especially for diets containing high starch levels.

1.6
Effect of Biological and Environmental Factors

The effect of various factors on apparent digestibility of nutrients and
energy has been the topic of several investigations, yet results are often
contradictory. Water temperature, salinity, fish size, and feeding level are all
factors that have been the subject of studies or speculations.

1.6.1. Feeding Level and Frequency

Any change in feeding levels due to changes in water temperature or to
other husbandry practices may alter the amount of total digested and abs-
orbed energy and nutrients from feed consumed. Atlower feeding levels, the
apparent digestibility of protein may decrease as a result of greater relative
levels of MFN. Cho and Kaushik (1990), however, presented evidence that
neither the frequency of feeding nor the level of feed intake affects the ADC
of dry matter, crude protein, lipid, and gross energy. The lack of effect of
feeding frequency on digestibility is not surprising since the rate of passage
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of feed is determined not by the frequency of feeding but rather by the fish
itself, based on its needs and the chemical characteristics of the feed.

1.6.2. Water Temperature

The primary response of fish to an increase in temperature is to increase
their feed intake. They also increase their metabolic rate, and one constant
feature is an increase in the rate of transit of ingesta through the digestive
tract with increasing water temperature (Fange and Grove, 1979), which
may affect the digestibility of the diet. On the other hand, the longer gastric
evacuation time may compensate for a less efficient digestive process at lower
water temperatures (Fauconneau et al., 1983).

Numerous studies were undertaken with rainbow trout to determine
the effect of different temperatures on digestibility. Azevedo et al. (1998)
observed a significant decrease in the digestibility of dry matter, protein, and
energy of a practical diet fed to rainbow trout as the temperature decreased
from 15 to 6°C. This significant decrease in the apparent digestibility coeffi-
cient of dry matter, nitrogen, and energy with decreasing temperature is in
agreement with the results of Choubert et al. (1982), who observed a signifi-
cantincrease in the apparent digestibility of dry matter, nitrogen, and energy
for trout when the water temperature increased from 10 to 18°C. Results
from other studies, using a different feces collection system (Watanabe
et al., 1996a,b), also suggest that the apparent digestibility of nitrogen and
energy by rainbow trout increases with increasing water temperature (from
5 to 15°C). These observations are in disagreement with the results of Cho
and Kaushik (1990) and Médale et al. (1991), who did not observe any effect
of temperature on the apparent digestibility of protein, lipid, and energy
for rainbow trout between 9 and 18°C. Comparisons between results on the
pattern of ADCs of nutrients and energy with changes in water temperature
must be interpreted carefully. Different results from the literature on this
subject could have been caused by different dietary compositions of the ex-
perimental diets, mainly different amounts of undigestible or low-digestible
components, such as raw starch. Also, the amount of antinutritional factors,
the technological processes used in the processing of ingredients, or the
feces collection method used could also have caused these differences. Dif-
ferences between studies could be due to experimental (methodological)
errors. As discussed above, digestibility measurements are of relatively un-
certain accuracy and reliability. Experimental errors may also be associated
with differences in feed intake and, consequently, feces production between
the fish at different water temperatures.

A reduction in the activity of digestive enzymes at low water temperatures
or progressively greater endogenous gut losses per gram of diet could also be
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responsible for the decrease in apparent digestibility with a decrease in water
temperature seen in some studies. It has been shown that the effect of water
temperature on apparent digestibility is the result of an effect of feed intake
rather than an effect of water temperature itself (Kaushik, 1980). Feed intake
of fish varies significantly with changes in ambient water temperature. At a
low feed intake, endogenous gut losses can represent a greater proportion
of the fecal waste. This effect would result in a decrease in the apparent, but
not the “true,” digestibility of the diet (Azevedo et al., 1998). This hypothesis
requires further investigation.

Studies have suggested differences in digestibility and nutritive value at
different water temperatures of lipid sources with different fatty acid pro-
files. Cho and Kaushik (1990) presented the results of an experiment indi-
cating that fish oil and plant oils (rapeseed, soybean, and linseed) were
well digested (ADC, 80-95%) over a wide range of water temperatures
(5 to 15°C). However, the ADGCs of lard and tallow (lipid sources high in
saturated fatty acids) were affected by the water temperature and lower
than that of oils, suggesting a strong interaction between the melting point
of the lipid employed and the water temperature on the apparent digestibil-
ity of lipids. The ADGs of lard and tallow were clearly lower at lower water
temperatures, in contrast with the lack of effect of water temperatures on
the lower-melting point oils. Recent observations suggest, however, that
beef tallow is highly digestible and of a high nutritive value for rainbow
trout provided the diet contains a certain amount of fish oil (Table 1.2).
This is likely due to the synergetic effect of polyunsaturated fatty acids
on the digestibility of saturated fatty acids, as found in poultry (Sibbald,
1978).

1.7
Urinary and Branchial Energy
and Metabolizable Energy

Digestion of a diet leads to the absorption of amino acids, fatty acids, and
sugars, which are the principal metabolic fuels for the body. Catabolism of
fats and carbohydrates results in the formation of carbon dioxide and water.
The catabolism of amino acids yields ammonia in addition to carbon dioxide
and water. Excretion of nitrogenous waste compounds, of which ammonia
amounts to about 85% in most fish species (Kaushik and Cowey, 1991),
results in nonfecal energy losses since these compounds contain energy.
Although ammoniotelic, fish excrete small amounts of urea. Urea cycle
enzymes have been detected in several species of fish. Purine catabolism is,
however, the main source of urea production in fish. Urinary excretion of
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Table 1.2

Performance of Rainbow Trout (Initial Weight = 7 g/Fish) Fed Practical Diets®

Water temperature

7.5°C 15°C
Parameter Diet1  Diet2 Dietl  Diet2

Lipid sources

Fish oil, herring 16 8 16 8

Beef tallow, fancy, bleachable — 8 — 8
Composition

Digestible protein (DP) (%) 44.0 43.5 44.9 44.4

Digestible energy (DE) (M]/kg) 19.5 19.9 20.9 20.8

DP/DE (g/M]) 22.6 21.9 21.5 21.3
Apparent digestibility coefficients (%)

Crude protein 93 93 95 95

Lipid 93 94 98 95°

Energy 83 85 89 89
Performance

Weight gain (g/fish) 13.7 13.1 38.1 39.2

Feed efficiency (gain : feed; as is) 1.32 1.27 1.22 1.15

Retained energy (% digestible intake) 47 47 50 48

“Diets contained fish oil or a fish oil and tallow combination; reared at 7.5 or
15°C for 12 weeks. From D. P. Bureau, A. M. Harris, and C. Y. Cho. (unpublished
data, 1996).

!Significantly different from diet 1.

other types of combustible materials, such as trimethylamine (TMA) and
trimethylamine oxide (TMAO), in certain marine teleosts is also known
to occur but has not been quantified under intensive culture conditions
(Kaushik and Cowey, 1991). All these nonfecal energy losses, mainly through
the gills (branchial energy loss; ZE) and some through the kidneys (urinary
energyloss; UE), are unaccounted for by the DE value of a diet, meaning that
the DE value of a diet overestimates its actual energy value to the fish. The
physiologically available fuel value of the diet to the fish is the metabolizable
energy (ME) value, defined as follows:

ME = IE — (FE + UE + ZE)

In the rainbow trout, endogenous (branchial and urinary) nitrogen ex-
cretion (UNe + ZNe) rates measured in fish after 3 to 4 days of fasting have
been found to vary between 80 and 130 mg N/kg body weight/day (endoge-
nous UE +ZE = 2.0-3.2 k] /kg/day), affected most by water temperature
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and body weight (Watanabe and Ohta, 1995; Kaushik, 1998). Some re-
cent studies with Atlantic salmon suggest that the values might be much
lower (Forsberg, 1997). With regard to marine fish, data of Ballestrazzi et al.
(1994) and of Dosdat et al. (1996) also show that the UNe rates in European
seabass, gilthead seabream, or turbot would be in the range of 100 to 160 mg
N/kg/day (endogenous UE + ZE = 2.5-4.0 k] /kg/day), comparable to the
values found for rainbow trout (Kaushik, 1998).

Although nonfecal nitrogen losses contribute significantly to the envi-
ronmental load in terms of ammonia nitrogen, from the point of view of
energy balance, their contribution is small, generally no more than 3% of
the ME (Kaushik, 1998).

1.7.1. Measurement

Direct determination of the ME values of fish diets is technically difficult
because of the need to measure both branchial and urinary losses released
into the aquatic environment in which the fish live. Smith (1971) attempted
to overcome these difficulties and developed a procedure which allowed the
estimation of the ME values of a number of feedstuffs using rainbow trout
165-530 g in body weight. Before the assays, the fish were anesthetized to
allow the insertion of a cannula for urine collection. The fish were then con-
fined in a tank with a diaphragm separating the front from the rear portion
of the body; they were force-fed the feed as a single daily meal under anes-
thetic. The ME values determined by this procedure as a fraction of the DE
values ranged from 0.72 to 0.93 (mean = 0.87). The procedures employed
to separate and collect nitrogen excreted via the gills and kidneys (includ-
ing force-feeding) involved considerable handling and were stressful to the
fish, which increased the loss of nitrogen (Hunn, 1982) and combustible
matter. The increase in nitrogen output, together with the low food intake
attained by force-feeding of a single daily meal, might be expected to result
in a negative nitrogen balance and a low ratio of ME-to-DE values for many
of the feed ingredients studied. This strongly suggests that energy losses via
the gill and kidney were greater than would be the case for unrestrained
fish feeding normally (Cho and Kaushik, 1990).

Monitoring waste in water in the rearing environment is a commonly
used approach. Brett and Zala (1975) determined the diurnal pattern of
nitrogen excretion of young sockeye salmon (Oncorhynchus nerka) by allow-
ing ammonia to build up during alternate periodical closed—open circuit
cycles. Kaushik (1980a,b) was the first to estimate the postprandial excretion
ratesin a flow-through system in a continuous manner using an autoanalyzer.
This method allows continuous monitoring of ammonia and urea nitrogen
excretion under normal physiological conditions even in larval fish (Kaushik
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et al., 1982). Under these conditions, however, attention should be paid to
the maintenance of a constant flow rate and the precise measurement of low
concentrations of ammonia in the outlet water. Application of such a tech-
nique has revealed postprandial patterns of ammonia nitrogen excretion to
be very similar among phylogenetically different species (Dosdat et al., 1996;
Chakraborty and Chakraborty, 1998).

Urinary cannula or noninvasive measurement of the urine flow rate in
conjunction with spot sampling of urine (Curtis and Wood, 1991) is another
approach that has been used to estimate the urinary excretion of glucose
and UE of fish (Bureau et al., 1998; Deng et al., 2000).

Because direct measurement of UE 4 ZE requires sophisticated and time-
consuming techniques, the use of an indirect method to estimate UE + ZE
based on nitrogen losses by the fish is considered simpler (Cho and Kaushik,
1985). Since UE 4 ZE occurs mainly as nitrogenous product losses, the total
nonfecal nitrogen loss, branchial and urinary, is estimated by the difference
between digested nitrogen and recovered nitrogen as shown in the following
expression:

ZN+UN = DN — RN
ZE+UE = (ZN+UN) 24.9kJ g' N
ME = DE — (ZE + UE)

where ZN is branchial N loss; UN, urinary N loss; DN, digestible N intake;
RN, recovered tissue N; ZE, branchial energy loss; UE, urinary energy loss;
ME, metabolizable energy; and DE, digestible energy.

It has been determined that, in general, ammonia represents at least
85% of the nitrogenous wastes, whereas urea represents less than 15%
(Kaushik and Cowey, 1991). The energy of combustion value of ammonia
(82.3% N, by weight) and urea (46.7% N, by weight) is 20.5 k] /g (24.9k]/g
N) and 10.5k]/g (22.5k]/gN), respectively (Bradfield and Llewellyn, 1982).
Because most nitrogen losses are as ammonia, and the difference in the
amount of energy loss per gram of nitrogen between ammonia and urea is
small, it has been proposed that the loss of 1 g of nitrogen by fish under
normal conditions can be equated to an energy loss of 24.9 KkJ.

1.8
Factors Affecting Metabolic Waste Output

The egestion of combustible matter (i.e., FE) depends on the suscepti-
bility of the feed components to digestion and absorption by the fish, and
there are few significant interactions between the feed ingredients of diets
that might influence their digestibility. Thus, the DE value of an ingredient



22 Bureau, Kaushik, and Cho

is relatively independent of the composition of the diet in which itis fed. In
contrast, the loss of combustible matter through the gills, or in the urine,
depends upon a variety of factors, such as the composition of the diet (over-
all balance of the amino acids and digestible energy content) and other
factors (physiological state of the animal, stress, etc.). As a consequence,
the ME content of a given ingredient is not independent of the diet compo-
sition and conditions of the fish to which it is fed. As mentioned by Cho and
Kaushik (1990), ME has significance only as long as it has been measured
with respect to an animal’s response to a complete diet under a given set of
biological and environmental conditions.

1.8.1. Dietary Factors

The main factors affecting nonfecal energy losses are those that influ-
ence the retention of protein by the body and hence govern the loss of
nitrogenous end products through the gills or in the urine. One such factor
is the balance between digestible protein (available amino acid) energy and
nonprotein energy of the diet. This balance is represented by the ratio of
digestible protein (DP) to DE of the diet (DP/DE). Numerous studies have
shown that an increase in dietary DE by an increase in dietary nonprotein
energy led to a decrease in ammonia nitrogen excretion, UE + ZE, and
hence to an increase in ME (Kaushik and Oliva-Teles, 1985). Studies with
rainbow trout have shown that the regression slopes between nitrogen in-
take and nitrogen excretion as well as the basal nitrogen excretion levels are
affected by the DP/DE of the diet. At a dietary DP/DE ratio of 18 mg/k],
the relation between nitrogen excretion (Ne) and nitrogen intake (NI) was
75.140.307 x NI, and at the higher DP/DE ratio of 23 mg/k], the rela-
tion was 84.9 4 0.343 x NI (Kaushik, 1998). With regard to marine species,
there is a relative lack of quantitative data on N excretion rates as affected
by dietary DP/DE levels. Available data, however, indicate that as with the
salmonids, N excretion is reduced with decreasing DP/DE ratios in species
such as seabass (Dicentrachus labrax) and seabream (Sparus aurata) (Kaushik,
1998; Lupatsch et al., 2000). It can therefore be concluded that, in general,
UE +ZE decreases as DP/DE decreases, at least within a certain range of
DP/DE.

This decrease in nonfecal N excretion and UE 4 ZE is due to the utiliza-
tion of nonprotein energy sources for meeting energy requirements, result-
ing in a reduction in catabolism of a certain proportion of amino acid for
energy purposes. This phenomenon is referred to as “protein-(amino acid)
sparing.” Protein-sparing by lipids has been shown to occur in a majority
of fish species. Protein-sparing by digestible carbohydrates such as glucose
and gelatinized starch is more limited and the object of continuing studies.
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The amino acid composition of the diet is another factor that has a deter-
minant effect on the efficiency of nitrogen utilization and UE + ZE. Feeding
amino acids in excess of the requirement will result in catabolism of the
amino acid, with associated excretion of ammonia and loss of energy. The
total digestible nitrogen retention efficiency rarely exceeds 50% in rainbow
trout (60% in Atlantic salmon) fed diets with very low DP: DE ratios (16
g DP/M] DE) with a good amino acid balance. It is not clear to what ex-
tent this significant catabolism of amino acids, despite an ample supply of
nonprotein energy, is related to maintenance requirements, imbalances, or
inevitable catabolism of amino acids.

It has been observed that fish exhibit persistent postprandial hypergly-
cemia, either after being fed an excessive amount of digestible carbohydrates
or after experimental administration of glucose (Bergot, 1979; Furuichi,
1988). Excretion of glucose in the urine (Yokote, 1970; Kakuta and Namba,
1989; Furuichi, 1988; Bureau et al., 1998; Deng et al, 2000) as well as
through the gills (Hemre and Kahrs, 1997) has been detected in hyper-
glycemic fish. Bureau et al. (1998) showed that rainbow trout that had
levels of blood glucose exceeding a certain threshold for renal excretion
(ca. 5—10 m M) excreted very significant amounts of glucose in their urine
and consequently had significantly increased UE+4ZE values. The excre-
tion of glucose in the urine means that diets containing high levels of di-
gestible carbohydrate may have a ME content lower than that calculated
only on the basis of nitrogenous waste energy excretion (Bureau et al.,
1998).

1.8.2. Other Factors

Feeding level and water temperature do not appear to have any effect
on the ME/DE ratio of diets (Kaushik, 1980a; Azevedo ef al, 1998;
Rodehutscord and Pfeffer, 1999). Interspecific differences in nitrogen ex-
cretion and consequently ME are little studied. Dias et al. (1999) observed
significant differences in efficiency of N retention in seabass and rainbow
trout fed similar diets. Marine fish species appear to retain a much lower pro-
portion of the digestible protein fed to them than do salmonid fish species
and therefore have significantly higher UE + ZE values (Kaushik, 1998).
Differences in N retention efficiency are also evident between salmonid
fish species. Atlantic salmon appear to retain a greater proportion of the
digestible protein than do rainbow trout when these two species are fed
similar diets (Azevedo, 1998). Available data do not appear to indicate any
significant influence of genetic origin (strain, family, ploidy) on nitrogen
excretion per unit N intake (Kaushik et al., 1984; Oliva-Teles and Kaushik,
1988).
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1.9
Heat Production

As discussed earlier, heat is liberated by animals as a consequence of the
transfer of the chemical energy of nutrients to energy-rich molecules, during
the metabolic transformation of dietary substrates into biologically impor-
tant substances, or during the hydrolysis of ATP to do physical or chemical
work. The rate at which heat is liberated is an indication of the intensity
of ongoing reactions. This is designated the metabolic rate (Kleiber 1975).
Heat is liberated by animals as a consequence of the metabolic transfor-
mation of dietary substrates into tissue components, as a result of tissue
turnover, and as a result of physical activity. The metabolic rate varies with
the qualitative and quantitative intakes of energy and nutrients and the acti-
vity of the animal. An important concept is that of basal metabolism, which
is the minimum rate of metabolic activity needed to sustain the structure
and function of the body tissues. This has also been termed the minimal
metabolism (Blaxter, 1989). The ingestion of feed increases the metabolic
rate as a consequence of the extra work required for the ingestion, dige-
stion, and metabolic utilization of the components of the diet. This increase
is termed the “heat increment of feeding” (HiE). Physical activity also in-
creases the metabolic rate due to work done. These three components of
animal metabolism lead to the release of energy as heat from the ME derived
from the diet, and clearly, energy released as heat is not available for growth
(increase in body energy).

1.9.1. Methodological Approaches

The nutrients absorbed from the digestive tract are either catabolized or
stored as new tissue components. The energy released by catabolism of the
nutrients is ultimately released as heat, so that the energy balance can be
determined either by measuring the heat production (HE) or by estima-
ting the change in total body energy content from weight and whole-body
chemical composition. The latter system is referred to as body balance and
requires observations over an appreciable portion of the animal’s growth
phase. Animal calorimetry is the method preferred by nutritionists for mea-
suring the energy balance of animals, notably over short time periods. Classi-
cally, calorimetry is the measurement of heat flow between two objects, in
this case from the animal to the environment.

HE can be measured by two main methods: direct calorimetry and indi-
rect calorimetry. Direct calorimetry measures the heat dissipated by an ani-
mal (conduction, convection, or radiant), whereas indirect calorimetry, as
its name suggests, estimates HE indirectly, generally through measurement
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of respiration (oxygen consumption, carbon dioxide production), but can
also, by definition, include other approaches (e.g., comparative carcass
analysis).

Comparisons of direct and indirect calorimetry using respiration calori-
meters, i.e., systems that permit simultaneous determination by direct and
indirect calorimetric techniques, have been carried outfor both animals and
humans. In general, comparisons demonstrate a good agreement between
the two measurements, confirming that the body has no source of energy
other than that released by oxidation. A number of reviews have evaluated
the relative merits of both direct and inirect calorimetry to measure the
HE of fish (Cho and Kaushik, 1985, 1990; Tytler and Calow 1985). For fish
bioenergetic studies, the indirect calorimetric studies are reliable, more
practical, and less expensive than direct calorimetry.

1.9.2. Direct Calorimetry

A direct calorimeter was designed by Smith et al. (1978a,b) to mea-
sure the heat production of fish. However, the estimates of HE measured
with this calorimeter appear to be unrealistically high, which suggests that
this type of calorimeter is less sensitive than methods based on measure-
ments of oxygen consumption (Brett and Groves, 1979; Cho et al., 1982).
Direct determination of HE requires the measurement of small tempera-
ture changes in water resulting from changes in metabolic rates after feed
ingestion. This technique, although elegant, is very difficult to apply to
fish, as fish produce only a limited amount of heat and the heat absorp-
tion capacity of water is very high. This requires very precise instruments
to record temperature changes. The needs to exchange water to elimi-
nate metabolic wastes and to provide oxygen through aeration of the water
are also factors that make it extremely difficult to ensure that changes in
temperature are really due to the metabolism of the fish and not to other
factors.

1.9.3. Indirect Calorimetry

An indirect method of estimating heat production is to monitor respi-
ratory exchanges (oxygen consumption, carbon dioxide excretion) and ni-
trogenous waste excretion of animals. The total heat production is the sum
of the enthalpies of oxidation of the nutrients utilized by the animal. Heat
production can therefore be estimated from the stoichiometry of nutrients
catabolized. Heat production of a mixture of compounds representative of
the three classes of energy-yielding nutrients can, therefore, be calculated
from equations where the molar enthalpies of the reactions are determined
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by the molar amount of oxygen consumed, carbon dioxide produced, and
nitrogen excreted. A comprehensive demonstration of this is presented by
Blaxter (1989).

In the majority of studies with fish, carbon dioxide production is ig-
nored, and only oxygen consumption is measured. The amount of heat pro-
duced for each liter of oxygen (oxycalorific coefficient) used in metabolism
changes little, whether lipid, carbohydrate, or protein is oxidized. The
highest figure (21.2 k] per liter of oxygen for carbohydrate metabolism) and
the lowest (19.2 k] per liter of oxygen for protein) differ by less than 10%. An
intermediate value of 20.1 k] per liter of oxygen has been used to estimate the
heat production of warm-blooded animals (Blaxter, 1989). Because a larger
proportion of the heat produced by fish is derived from the catabolism of
amino acids and lipids than in warm blooded animals, the value of 19.4 k] per
liter of oxygen (13.6 kJ/g oxygen) was adopted to estimate the heat produc-
tion of fish (Cho and Kaushik, 1990). Since the determination of HE is never
very precise, application of a single oxycalorific coefficient for all conditions
(fish species, diet composition, fed or fasting measurement) is considered
acceptable (Cho and Kaushik, 1990) and measurements of carbon dioxide
and N excretion, in most cases, are unnecessary (Dersant-Li et al., 2000).

Measurement of both oxygen consumption and carbon dioxide produc-
tion, nevertheless, allows the calculation of respiratory quotients (volume
or mole of carbon dioxide produced per volume or mole of oxygen con-
sumed). Knowledge of the respiratory quotient (RQ) can allow estimation
of the relative proportions of fats and carbohydrates used for energy pur-
poses. Precise knowledge about the substrate used for energy purposes de-
pends on measurement of the excretion of nitrogenous waste output to esti-
mate the amount of protein metabolism and subsequent calculation of the
nonprotein respiratory exchange to estimate the proportion of lipids and
carbohydrates metabolized. On the assumption that all the nonfecal (gill
and urinary) nitrogen comes from protein and that protein contains 16%
nitrogen, the mass of metabolized protein can be calculated by multiplying
the mass of nonfecal nitrogen by 6.25. The liters of oxygen consumed in
protein metabolism can be calculated by multiplying the mass of branchial
and urinary nitrogen in grams by 5.91; the liters of carbon dioxide pro-
duced, by multiplying the mass of branchial and urinary nitrogen in grams
by 4.76. Subtraction of these volumes from the total leaves the nonprotein
respiratory exchange. A nonprotein RQ of 0.7 would indicate that 100% of
the heat produced was from lipid catabolism, whereas a nonprotein RQ of
1.0 would indicate 100% carbohydrate metabolism. A nonprotein RQ >1
would indicate lipid synthesis from carbohydrate. There are, nevertheless,
numerous limitations to the estimation of substrate utilization through RQ
analysis. These estimates should be used with caution.
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Several indirect calorimeters for fish have been described (O’Hara, 1971;
Brett, 1972; Solomon and Brafield, 1972; Pierce and Wissing, 1974; Cho
et al., 1975; Hogendoorn et al. 1981). Most of these calorimeters allow mea-
surements of oxygen consumption of fish under varying degrees of physical
constraint. Some earlier investigations have been concerned with the energy
cost of swimming by the fish and have largely ignored the level of feeding and
the type of diet. Characteristically, these studies measured oxygen consump-
tion by a fish swimming involuntarily either without food or after receiving
a single meal, often from a poorly characterized diet. Calculation of heat
production from oxygen consumption measured in these circumstances is
of highly questionable value (Cho et al., 1982). An undefined fraction of the
heat is derived from the catabolism of feed components, with the balance
being provided by breakdown of body tissue. This would preclude defini-
tive statements about the energy cost of swimming for fish in their natural
surroundings or under the conditions employed for intensive fish culture.
Data derived from restrained fish or fish forced to swim may also not always
be representative of fish under culture conditions. A relatively secure envi-
ronment for the fish is, therefore, desirable to produce meaningful results
(Cho et al., 1982). A complete description of the energy balance of the fish
requires the measurement of food intake together with fecal and other exc-
retal losses to allow energy to be partitioned on the basis of DE or ME intake.

1.9.4. Comparative Carcass Analysis

For practical purposes, it is not always feasible to measure heat losses
because of the complexity and cost of fish respirometry. Cho and Kaushik
(1985) presented a simple scheme based on the use of comparative car-
cass analyses (Table 1.3). Using this technique, HE of fish is estimated

Table 1.3

Comparative Carcass Analysis Scheme”

Estimate digestible N (DN) and digestible energy (DE) intakes

Measure recovered nitrogen (RN) and recovered energy (RE) in carcass
Measure carcass N (Nf) and energy (HEf) losses during fasting (ca. 7-10 days)
Calculate nonfecal N losses (UN+ZN) = DN — RN

Estimate nonfecal energy losses (UE+ZE) = (UN+ZN) 24.9 k] g’l

Calculate metabolizable energy (ME) intake = DE — (UE+ZE)

Calculate heat production (HE) = ME—RE

Calculate heat increment of feeding (HiE) = HE — HEf

Calculate net energy (NE) = ME—HIE

© PN Ok o=

“Proposed by Cho and Kaushik (1985).
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by the difference between IE and FE, UE 4 ZE, and energy deposition
in the carcass (RE). Partition of energy between basal metabolism can
be estimated by measuring the carcass energy loss during fasting. Gener-
ally this rather simple slaughter technique is very suitable and reliable for
fish compared to terrestrial animals, because large numbers of fish can
be sampled and easily homogenized for the analyses. The results are in
good agreement with those of indirect calorimetry. Examples of studies
that have used such approaches are those by Cho and Kaushik (1985),
Azevedo et al. (1998), Lupatsch et al. (1998), and Rodehutscord and Pfeffer
(1999).

1.9.5. Other Approaches

A number of other methods can be used to study the energy metabolism
of fish. Some of the most interesting involve stable isotopes. The occur-
rence in nature of stable isotopes of certain elements which are chemically
indistinguisable, but which can be separated and measured on the basis
of their different mass, has been exploited in biological research for over
50 years (Prentice, 1999). The existence of stable isotopes of the chief ele-
ments of organic molecules (C, H, O, and N) allows many applications for
stable isotopes, notably in the quantification of nutrient flux and turnover
and energy expenditure. Doublylabeled water (DLW) has been widely used
in the study of energy metabolism of terrestrial animals (Prentice, 1999).
Food or ingredients naturally or artificially enriched in certain stable iso-
topes have been used to study the nutrition of fish and shrimp in the wild
and under aquaculture conditions (Preston et al., 1996, Primavera, 1996).
These methodological approaches are bound to gain a lot of popularity in
fish nutrition and bioenergetics research.

Nuclear magnetic resonance (NMR) of certain elements, such as phos-
phorusand hydrogen (*'P NMR and '"H NMR), has been used for short-term
studies of tissue energetics of animals (Gadian, 1992; Ginneken, et al., 1995).
Elements, such as phosphorus and hydrogen, have intrisic magnetic prop-
erties and will resonate differently depending on the local magnetic field
experienced by their nuclei. NMR spectroscopy makes use of the observa-
tion that nuclei in different chemical environments give rise to signals of
slightly different frequencies (Gadian, 1992). The concentration of differ-
ent compounds, such as inorganic P, ATP, and phosphocreatine, can be
measured in intact organisms or biopsies and used to estimate the energy
expenditure of tissue over short periods of time.

Other methods, such as the use of physiograph and transponders to mea-
sure muscle activity or heart rate, have also been suggested for estimating
HE of fish and crustaceans (Villarreal, 1990; Hojesjo et al., 1999).
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1.10
Minimal Metabolism

Animals require a continuous supply of energy for those functions of
the body immediately necessary for maintaining life, regardless of whether
or not feed is consumed. A major portion of this energy is spent for basal
metabolism (HeE); a smaller portion of energy is spent for voluntary
or resting activity (HjE), such as minor bodily movements and muscular
activity, and regulation of body temperature (HcE) in the case of homeo-
therms.

HeE represents the use of energy for things such as circulation of the
blood, pulmonary ventilation, repair and replacement of cells, membrane
transport of ions (especially of sodium and potassium), and muscle tone.
Under basal conditions all the energy released by these processes appears
as heat. In fish, HeE is clearly related to both body weight and temperature.
To make comparisons between animals or between species, the conditions
under which the measurements are made must be standardized. This is
achieved by attempting to measure a minimum rate of heat production free
of the effects of any controlling factors known to increase it. Such factors
include exercise (voluntary movement), the consumption of feed and its
subsequent metabolism, and the physical environment. The object of stan-
dardization is to ensure comparability of estimates rather than to establish
some absolute minimum value of metabolism that is compatible with life. A
number of terms have thus arisen to describe these standardized measure-
ments of “minimal metabolism.” With domesticated animals, and hence fish
under aquaculture conditions, what is usually measured is the fasting heat
production (HEf) (Blaxter, 1989). HEf is also know as standard metabolism
in the fish biology literature (Elliott, 1982).

It is difficult to ensure that fish are in a state of muscular repose be-
cause they need to maintain their orientation in the water and this en-
tails some muscular activity. It has been suggested that basal metabolism be
measured by extrapolation to zero activity from fish swimming at different
rates (Smith, 1989). However, fish such as rainbow trout will spend con-
siderable periods resting on the bottom of their tanks, maintaining their
position in quiet water with minimal activity. Similar situations arise more
commonly with flatfish, such as turbot and halibut. HEf has been regarded
as a close approximation of minimal or basal metabolism (Cho and Kaushik,
1990). Oxygen consumption of free-swimming fish fasted for 3 to 7 days to
eliminate the effect of the feed consumed and its subsequent metabolism
is the most common approach for measuring HEf (Kaushik and Médale,
1994; Cho and Bureau, 1995). Measuring carcass energy losses during fast-
ing is another common method of estimating HEf and, consequently, HeE
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Table 1.4

Minimal Metabolism of Rainbow Trout (15°C) and
Homeotherms (37°C)*

Minimal Metabolism (k] fish~! day ~1)?

Live weight
(g/fish) 1 2 3 4 5 6
1 0.1 0.2 1.3 1.6
5 0.5 8.6 1.1 0.7 2.6 5.5
10 0.8 133 3.8 1.0 3.5 9.3
50 3.1 365 6.5 2.8 7.0 31.0
100 5.5 21.6 4.3 9.5 52.1
500 20.7 119 19.0 174.0
1000 36.6 184 255  293.0

“According to different sources. Adapted from Cho and
Bureau (1998).

chy to References: (1) Cho (1991): HEf=
(—1.04+38.26T —0.0572) (kg BWOS4) k] day~!; fasting
heat production (HEf) estimated by indirect calorimetry.
(2) NRC (1981): 241 (kg BW"6%) kJ day~!; estimate of HekE.
(8) Smith et al. (1978a): 201 (kg BW*7) k] day~!; HEf
estimated by direct calorimetry. (4) Smith (1989): 18.4 (kg
BW63) kJ day~!; estimate of HeE. (5) Rodehutscord and
Pfeffer (1999): 1.31 (g BW"*%) kJ day™!; estimate of HEm
obtained through comparative carcass analysis and factorial
model, DE=HEm + (RE/ Kpr). (6) Kleiber (1975): 293 (kg
BW"7) kJ day~!; estimate of HEf for homeotherms.

(Cho and Kaushik, 1985). Both approaches have been shown to result in
similar estimates of HeE for rainbow trout (Bureau, 1997).

There are literally hundreds of reports on the HEf of different species
of fish under various conditions. Unfortunately, there are serious disagree-
ments in the estimates of HEf or HeE of fish in the literature (Table 1.4).
This variation is often due to differences in the methodologies involved
and the weight scaling exponent (metabolic body weight). Available data
on the HEf values of fish show that, for a given weight, they are 5- to 20-fold
lower than that of terrestrial vertebrates. Data from Kaushik and Gomes
(1988), Cho (1991), and Bureau (1997) suggest a HEf of approximately
30-40 k] (BW?#24)~1 day~! for rainbow trout at between 15 and 18°C. In
comparison, a HEf between 170 and 590 k] (BW®7)~! day~! has been re-
ported for domestic animals (Blaxter, 1989). The low HEf of fish can be
attributed to the lack of expenditure for thermoregulation; the lower sodium
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pump activity; their aquatic mode of life, experiencing neutral buoyancy,
which eliminates the need to oppose gravity; and the mode of nitrogen
excretion (ammoniotelism).

Analysis of energy loss and the corresponding changes in energy-yielding
substrates under fasting or protein-free feeding conditions shows that in
all fish, amino acid catabolism contributes greatly to the provision of en-
ergy. From a comparative point of view, while the HeE of fish is low, the
participation of body protein degradation in meeting such needs is higher
in fish than in all terrestrial vertebrates studied so far. The proportionate
loss in terms of N per unit energy loss is about 0.2 mg N kJ~! in higher
animals, whereas a number of studies undertaken with different fish species
including salmonids show that the values are more than 10-fold higher (2
to 5 mg N kJ~V. The variability observed results from the differences in the
duration of fast, water temperature, and size of fish (Kaushik and Luquet,
1977; Kaushik and Médale, 1994).

The values reported in the literature for marine fish differ from one
species to another more than those for freshwater species; flatfish are con-
sidered to have reduced metabolic rates. The influence of water salinity
on the basal metabolism of fish is the subject of controversy. Most exper-
imental data suggest that the energy cost of osmoregulation is very low,
equivalent to less than 5% of the basal metabolism (Morgan and Iwama,
1999).

1.10.1. Effect of Body Weight

In poikilotherms as well as in homeotherms, the HeE in absolute term
(k] animal™! day~! increases with the mass of the animal. The logarithm
of the HeE increases in a linear way with the logarithm of the body mass
(Blaxter, 1989). However, the slope of this relation is <1. This means that in
all the species, animals of smaller size spend more energy per unit of mass
than larger animals.

The relationship of body weight to metabolic rate in animals can be des-
cribed by the general equation Y = aW?’, where Y is the metabolic rate, W
is the body weight, and « is a constant which is dependent on species and
temperature. The value of the exponent for fish has been reported to range
from 0.50 to 1.00. Hepher (1988), who reviewed experimental data from
the literature, concluded that the exponent 0.8 describes, with reasonable
accuracy, the change in metabolic rate with size of several fish species. De-
tailed observations by Brett and Groves (1979) and Hogendoorn (1983) for
African catfish (Clarias gariepinus), Cui and Liu (1990) for six teleost species
(Cyprinus carpio, Oreochromis mossambicus, Pseudobagrus fulvidraco, Carassium
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auratus, Macropodus chinensis, Pseudorasbora parva), Cho (1991) for with rain-
bow trout, Sanchez et al. (1993) for turbot (Scophthalmus maximus), Lupatsch
et al. (1998) for gilthead sea bream (Sparus aurata L.), and Liu et al. (2000)
for mandarin fish (Siniperca chuatsi) and Chinese snakehead (Channa argus)
suggest that across species the exponent is >0.7 and <0.9. It thus appears
reasonable to assume that metabolic body weight (MBW) can, in practice,
be calculated as kg®® for most species.

1.10.2. Effect of Temperature

Fish are poikilothermic animals and water temperature, therefore, is the
major factor determining their metabolic rate and energy expenditure. Vari-
ations in water (environmental) temperature have a great effect on their
basal metabolism. Based on a mathematical analysis of oxygen consump-
tion data from several trials, Cho and Kaushik (1990) observed that the HEf
of rainbow trout as a function of water temperature could be described as:

HEf = (—1.04+3.26T — 0.0572) (BW’524)~1 day~! (3)

where HEf is the fasting heat production (k]), T is the water temperature
(°C), and BW is the body weight (kg).

Clarke and Johnson (1999) observed a curvilinear relationship between
metabolic rate and temperature based on analysis of data from 69 teleost
fish species. This suggests that the HeE of warm-water species (e.g., tropical
species) is considerably higher than that of cold-water fish (e.g., Arctic fish
species). This, however, does not appear to be the case when one examines
experimental evidence for salmonids (Cho and Kaushik, 1990) and other
cold-water species (Kaushik, 1998) and warm-water species such as man-
darin fish [Siniperca chuatsi, (Liu et al., 2000) ], Chinese snakehead [ Channa
argus (Liu et al., 2000) ], and githead sea bream (Lupatsch et al., 1998). At
their optimal growth temperature the basal metabolisms of these cold and
warm-water species appear to be fairly similar (Kaushik, 1998; Médale and
Guillaume, 1999). These different conclusions may be related to the fact
that the analysis by Clarke and Johnson (1999) was based on a survey of
published data from 69 species with only one temperature per species, de-
fined as the “experimental temperature most representative of that experi-
enced in the wild.” Using this approach, a statistically significant curvilinear
relationship is seen but is mostly the result of low metabolic rates for polar
species (water temperature, <5°C) and higher metabolic rates for certain
fish species between 35 and 40°C. More detailed studies with polar, tem-
perate, and tropical species show no clear relationship between preferred
environmental temperature and HEf or HeE across species (Médale and
Guillaume, 1999).
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Within a species, increasing water temperature results in a curvilinear
(almost-linear) increase in HeE up to a certain level (generally around the
optimum temperature for growth), where an increase in temperature re-
sults in no increase in or, even, a depression of HeE. When the temperature
is elevated further, fish stop feeding, and with further elevation metabolic
disorders lead to death (upper lethal temperature). The upper lethal tem-
perature varies with species and strains within a species. For some species it
may be as high as 40°C.

Conversely, the metabolic rate of fish is reduced when the water temper-
ature and consequently the body temperature of the fish are reduced. This
reduction continues until the lower lethal limit is reached and the fish dies.
This lower limit differs with species. For some species it may be as low as
about 0.5°C and for some Polar fish it is below the freezing point of water.

1.10.3. Maintenance Requirement

The maintenance energy requirement (HEm) is generally defined as the
amount of energy required for an animal to maintain zero energy balance
(zero energy gain, RE =0). This amount of energy can be defined as the
basal metabolism plus the heat increment of feeding (HIiE) associated with
utilizing nutrients from feed to cover energy losses associated with basal
metabolism.

The most commonly used method for estimating HEm consists of feed-
ing fish at different levels and using regression of RE as a function of
DE or ME intake that results in zero carcass energy gain (RE=0). In a
study with rainbow trout (18°C; IBW, 150g), the estimation of HEf based
on oxygen consumption was found to be between 46 and 60 kJ kg~! day™!
(Kaushik and Gomes, 1988). The calculated HiE in these fish fed a mainte-
nance ration was 16 to 24 k] kg~! day~!. Maintenance energy requirements
calculated using comparative carcass analysis were between 85 and 110 KJ
ME kg~! day~! (Kaushik and Medale, 1994). Data from Storebakken et al.
(1991) suggest a HEm of 42 k] ME kg~! day™! for rainbow trout (300-g
live weight) at 15°C. The HEf of these fish should be about 29 k] ME kg~!
day~! according to the equation of Cho and Kaushik (1990), above [Eq. (3)].
Lupatsch et al. (1998) observed a HEf of 42.5 k] (BW*8%) =1 day~! and a HEm
of 55.8 k] DE (BW’#)~! day~! for gilthead sea bream (Sparus aurata) at
24°C. McGoogan et al. (1998) observed, a HEm of 92-97 k] DE BW-! day’l,
for red drum (Sciaenops ocellatus) weighing about around 50 g and kept
at 25°C. This corresponds to about 50 k] DE (BW’#)~! day~!. Watanabe
et al. (2000) observed a HEm of 82 k] DE BW~! day™! for 700 g yellow-
tail (Seriola quinqueradiata) at 15°C, corresponding to 77 k] DE (BW’#)~!
day!
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Table 1.5

Estimates of Maintenance (HEm), Cost of Protein (K,), and Lipid Deposition (Kr)*

Species HEm K 16 Ref.

Common carp 42 k] kg"™ day~! 0.56 0.72 Schwartz and Kirschgessner (1995)
European sea bass 42 k] kg®7 day~! 0.54 0.91 Lupatsch (2000)

Gilthead sea bream 59 k] kg"%% day™!  0.47  0.66  Lupatsch (2000)

Grouper 35 k] kg3 day~! 044 091  Lupatch (2000)

Rainbow trout 1.37kJ g% day~! 054  0.90’ Rodehutscord and Pfeffer (1999)

“Determined using the factorial approach of Kielanowski (1965) for different fish species.
’Fixed.

The balance of evidence suggest that the HEm of fish reared at their
optimum growth temperature is about 40-60 k] ME (BW’#)~! day™!
(see Table 1.5). Estimates of HEm obtained across studies (i.e., within species)
may have relatively large variances. However, this variance, in absolute terms
(i-e., kilojoules), is, in practice, negligible due to the low HeE and HEm of
fish. The variance of HEm can be of about the same order of magnitude
as the experimental errors associated with its measurement. Several factors,
such as diet composition and methodological approach (approach, scaling
factor used to calculate metabolic weight, regression model used, use of
arithmetic or geometric means, etc.), may have a significant impact on the
estimate of both HeE and HEm. It must also be noted that at zero energy
gain (RE =0), fish still deposit body protein (positive proteinenergy gain)
and mobilize body lipids (negative nonprotein energy gain) and, thus, still
gain live weight. This phenomenon is observable in all young animals fed a
maintenance ration that is adequate in protein (Blaxter, 1989). This illus-
trates well that it is rather meaningless to feed a “maintenance ration” as is
done in many studies. Many have argued that the concept of maintenance
is an illogical concept for growing animals and that it should be discarded
or replaced. Others have argued that the concept of maintenance, while far
from perfect, is still very useful in practice (Baldwin and Bywater, 1984).

1.10.4. Heat Losses Associated with Activity

Fish have an efficient mode of transportation. Their bodies are supported
by water and they do not need to expend energy to oppose gravity like
land animals. A streamlined body moving through the water is the most
efficient form of transportation. Many bioenergetics studies have focused
on the cost of swimming for fish (see Brett and Groves, 1979). Generally
these studies have been conducted in swim tunnel respirometers. A study by
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Krohn and Boisclair (1984) suggests that the costs associated with the activity
of free-swimming fish are considerably higher than those predicted using
metabolic cost and speed from forced-swim respirometers. This work also
provides indications that the metabolic costs of turning and accelerating
may be substantial.

Estimation of the energy costs of activity may be very significant for fish
in the wild, as these animals often need to expend a considerable amount
of energy to acquire food. Under aquaculture conditions, the amount of
energy spent on activity is probably fairly small. Energy losses associated
with activity are difficult to estimate separately from basal metabolism, as
there is always a certain amount of voluntary activity in any group of fish
(Cho et al., 1982). It may therefore be concluded that when constructing the
energy budget of free-swimming fish under normal aquaculture conditions,
the cost of activity is rather negligible and is already included in the estimate
of HeE.

1.11
Heat Increment of Feeding

Ingestion of feed by an animal that has been fasting results in an increase
in the animal’s HE. This expenditure of energy due to feeding is referred to
as the heat increment of feeding (HiE). This component of the energy bud-
get is also known as extra heat, specific dynamic action (SDA), calorigenic
effect, and dietary thermogenesis.

The length of time for which consumption of diet exerts an influence
upon HE depends upon many factors; chief among these are the quantity
and quality of the diet, the water temperature, and growth (nutrient depo-
sition) by the animal. Saunders (1963) found that the oxygen consumption
of Atlantic cod (Gadus morhua) remained above the fasting level for 7 days at
10°C following the consumption of a large meal of herring, whereas in water
at 15°C the effect lasted for only 4-5 days. Kaushik and Dabrowski (1983)
similarly found that in developing larvae and juveniles, the increase in oxy-
gen uptake corresponded more or less to the rate of transit of feedstuffs
in the digestive tract. The HiE depends to a large extent upon the balance
of dietary nutrients and the plane of nutrition (Brody, 1945). Therefore,
attempts to measure the HiE of individual feed ingredients which give a
nutritionally unbalanced diet (Smith et al., 1978b; Tandler and Beamish,
1979) or measurements of the effect of fish size (Beamish, 1974) and fish
density (Medland and Beamish, 1985) made under forced-activity condi-
tions have very doubtful meaning. Similarly, to estimate the HiE of animals
without reference to the growth and nutrient deposition (energy or protein
and lipid deposition) (e.g., Ross et al., 1992) is also inappropriate.
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HiE has also been related to digestible nitrogen intake, equaling about
27 to 30 k] per gram of digestible nitrogen intake (Cho and Kaushik, 1990).
Data on common carp, or tilapia, suggest figures much higher than those
found for rainbow trout (Kaushik, 1998). In the European sea bass, much
lower values, in the range of 13 to 15 k] per gram of digestible nitrogen
intake, are found (Kaushik, 1998). Data obtained for rainbow trout having
different growth or protein deposition rates (Médale and Guillaume, 1999)
seem to indicate that there is a good correlation between protein retention
and HiE.

Many studies have shown highly significant linear (or largely linear) rela-
tionships between ME intake and RE as well as between digestible N (DN)
intake and carcass N gain (RN). In most studies, the slope of RE as a func-
tion of ME intake is between 0.40 and 0.70 (Meyer-Burgorff et al., 1989;
Cui and Liu, 1990; Azevedo et al., 1998; Lupatsch et al., 1998; Médale et al.,
1998; Ohta and Watanabe, 1998; Rodehutscord and Pfeffer, 1999; Lupatsch
et al., 2000; Peres and Oliva-Teles, 2000). The slope is often identified as
the “efficiency of metabolizable utilization for production,” K, or Kpr. HiE
appears, therefore, to be equivalent to 30-60% of ME intake or 40-150% of
RE in fish fed balanced diets. This is a significant range, and much of the
variability seen is likely associated with species, diet composition, digestibi-
lity estimation method (e.g., stripping vs Guelph system), estimate of HEm,
and composition of weight gain (protein vs lipid).

Interestingly, for a given diet, HiE expressed as a proportion of ME intake
or RE does notappear to vary significantly with water temperature or feeding
levels (Azevedo et al., 1998; Lupatsch et al., 1998, 2000; Rodehutscord and
Pfeffer, 1999), as show in Fig. 1.2. There is some evidence that at very high
feeding levels, protein deposition tends to level off (plateau), while lipid
deposition continues to increase linearly. At that point, HiE as a proportion
of ME or RE appears to increase significantly.

It is noteworthy that the highly linear relationship between ME intake
and RE (and consequently HiE) is purely empirical in nature and appears
to be applicable only to a certain set of conditions (same species, same diet
composition). Studies with farm animals suggest that HiE may be more app-
ropriately quantified as a factorial function of protein and lipid deposition
rates (Emmans, 1994). This is discussed later in this chapter. Protein and
lipid oxidation rates also appear to contribute to HiE (Cho and Kaushik,
1990). There is a need to understand and quantify better the various factors
determining HiE in fish. The factors contributing to HiE have classically
been separated into three categories: (1) digestion and absorption pro-
cesses (HdE), (2) formation and excretion of metabolic wastes (HwE), and
(3) transformation and interconversion of substrates and their retention in
tissues (HrE).
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Recovered energy (RE) as a function of the metabolizable energy intake above
maintenance (MEI — HEm) of rainbow trout at various water temperatures and
feeding levels. From Azevedo et al. (1998).

1.12
Digestion and Absorption Processes (HdE)

There have been some studies on HiE designed to separate the biochemi-
cal aspects of postabsorptive processes from the physical or mechanical as-
pects of feeding and digestion in fish. These studies involved either “sham
feeding” or feeding nondigestible materials such as kaolin or cellulose. A
practical diet was diluted to 1:5 with cellulose, and the effects of increasing
meal volumes of the practical and diluted diets on the HiE of largemouth
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bass (Micropterus salmoides) were compared. The difference between heat
production resulting from the two types of diet was referred to as “mechan-
ical SDA” (Tandler and Beamish, 1979). The mechanical SDA approached
10-30% of the total heat increment. However, Jobling and Davies (1980),
in plaice (Pleuronectes plattesa), found that neither sham feeding nor kaolin
feeding increased the resting metabolic rate of their fish. Clearly, one effect
of providing feed to fasting fish is an increase in physical activity, but the mag-
nitude of this effect in relation to the physiological effects of “normal” feed
ingestion depends on the experimental procedures employed. Sham feed-
ing and nondigestible materials elicit minimal response compared to the
use of the “diluted” low-protein diet used by Tandler and Beamish (1979).

As early as 1902, Rubner showed that the “chemical work of the glands”
was the source of heat, in contrast with the original belief that the increased
heat production was due to “mechanical work.” Rubner (1902) demon-
strated that feeding bone meal to dogs did not increase heat production.
This conclusion was reinforced by the observation that intravenous infusion
of amino acids increased heat production to the same extent as oral admin-
istration of the amino acids (Benedict and Emmes, 1912; Borsook, 1936).

Heat losses associated with the enzymatic hydrolyses of lipid, polysac-
charides, and proteins in the lumen of the gut have been estimated to be
about 0.1 to 0.2% of the GE of the substrate hydrolyzed (Blaxter, 1989).
Heat loss arising from anaerobic fermentation in the gut is another factor
contributing to HAE. However, fermentation in most fish species is very lim-
ited, perhaps with the exception of certain marine herbivorous fish species
(Clement, 1996).

The absorption of certain products of digestion, such as amino acids,
peptides, and glucose, by the intestinal mucosa often occurs through an
energy-dependent transport system known as active transport. Carrier pro-
teins simultaneously transport the target molecule and a sodium ion. The
maintenance of a sodium gradient across the membrane is achieved by an
ATP-dependent sodium transporter working in the opposite direction. This
transporter hydrolyzes one ATP molecule per every three sodium ions ex-
truded. The cost of transport of glucose through active transportis one-third
of an ATP, which is equivalent to less than 1% of the GE of glucose or about
1% of the potential amount of ATP generated by the aerobic metabolism
of glucose, i.e., 36 ATPs. Absorption of lipid digestion products differs sig-
nificantly: triacylglycerides (TAG) are hydrolyzed to free fatty acids (FFA)
and monoacylglycerol (MAG) in the lumen. FFA and MAG are absorbed
passively and TAG are resynthesized in the mucosa and exported as chy-
lomicrons to the circulations. Synthesis of TAG and chylomicrons requires
a certain amount of energy, but again, this amount represents only a small
proportion of the energy content of these molecules (Blaxter, 1989).
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Overall, the heatlosses associated with dietingestion and digestion (HdE)
are very small compared to that associated with metabolic work (HrE + HwE)
(Brody, 1945). The physiological bases of this increased heat production are
the postabsorptive processes related to an ingested diet. These processes are
primarily the metabolic work required for the synthesis of proteins and lipids
in the tissues from the newly absorbed nutrients, metabolism of amino acids,
fatty acids, and glucose, and detoxification of nitrogenous wastes.

1.12.1. Formation and Excretion of Metabolic Waste

Deamination and catabolism of amino acids lead to ammonia production.
Because ammoniais toxic and cannotbe rapidly eliminated by mammals and
birds, these animals synthesize urea and uric acid, which are less toxic. The
energy cost of synthesis of these products is 13 and 10 kJ/g N, respectively,
for urea and uric acid (Martin and Blaxter, 1965). Urea and uric acid are
concentrated for further excretion by the kidneys in terrestrial animals,
requiring the expenditure of further energy. In contrast, ammonia is the
primary waste product of protein catabolism in fish (Kaushik and Cowey,
1991). As this waste is efficiently excreted by the gills, fish generally do
not require energy to detoxify or concentrate it. As a result, HwE should
represent only a very small fraction of the HiE of fish. Nevertheless, a few fish
species have been shown to transform significant amounts of ammonia into
urea under certain conditions (Wood et al., 1989; Saha et al., 1999). HWE
may be a more significant contributor to HiE for these fish under these very
specific conditions.

1.12.2. Transformation of Substrates and Retention in Tissues

Most theoretical and experimental evidence suggests that the heat losses
associated with transformation of the substrates and their retention in tissues
(HrE) represent a very large proportion of the HiE in animals. There is con-
curring evidence that the efficiency of utilization of metabolizable energy
varies with the chemical nature of the energy-yielding nutrients absorbed
(Blaxter, 1989). When a fasting animal is refed, nutrients absorbed by the
animal replace body constituents as the source of energy. The efficiency of
utilization of ME is proportional to the ATP yield of the nutrients absorbed
(Blaxter, 1989).

Growing animals accrete new tissues and some of the energy supplied by
the diet is stored as protein, lipid, and glycogen. The theoretical efficiency
of transformation or retention of substrates in tissue has been calculated
for higher vertebrates (Blaxter, 1989; Flatt, 1992). As the metabolism of fish
is very similar to that of higher vertebrates, it may be assumed that these
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theoretical costs are also valid for fish. Converting glucose into glycogen
costs 5% of the energy of glucose as HiE, whereas converting glucose into
lipids entails an increase in HiE equal to about 30% of its GE (Blaxter
1989). Conversion of dietary lipids into body lipids is, in theory, about 96%,
therefore 4% of the GE of lipids is dissipated as HiE. Conversion of dietary
amino acids into body proteins is, in theory, 86% efficient, entailing a HiE
of 14% (Blaxter, 1989). Conversion of amino acids into body lipids is, in
theory, only 66% efficient, or 34% of energy is lost as HiE.

Determining the cost of nutrient deposition and interconversion in prac-
tice is not an easy task. Many studies have approached the problem in an
empirical manner by trying to relate ME to RE (or HiE) and then trying
to delineate the various determinants of HiE. The most popular approach
is a factorial one that was first proposed by Kielanowski (1965): multiple
regression of ME intake as the independent variable, with protein and lipid
energy deposition rates as the dependent variables to determine the partial
energy costs for protein and lipid deposition (Reeds, 1991). In the classical
factorial approach, the energy cost of lipid and protein deposition is simply
defined as the ME required to promote a defined increment in body pro-
tein or lipid. The partial efficiency of ME utilization for whole-body growth
(Kpr), protein deposition (K;,), and lipid deposition (Ky) is the ratio of the
net energy retained to the corresponding ME intake components.

ME = HEm + (REp/K,) + (REf/K;)

Using this approach, Emmans (1994) concluded that the net energy cost
of protein retention is 2.54 k] /K] of protein retained (thatis, 1.54 k] of heat
expended for each 1 k] of protein deposited), equivalent to a K, of 39.5%.
According to Emmans (1994), when all related factors are accounted for in
the analysis, the energy cost of protein deposition does not appear to differ
between species. The calculated energy costs of lipid retention were 1.4 and
1.1 kJ /K] of lipid deposited (i.e., heat losses of 0.4 and 0.1 k] for each 1 kJ
of lipid deposited) when deposited from nonlipid and lipid, respectively.
These are equivalent to a K¢ = 90% when deposited from lipid and a K¢ =
70% when deposited from nonfat substrates.

A few studies have used the factorial approach to estimate the HEm, K,
and K of fish. Results of these studies are summarized in Table 1.5. The
estimates of K, varied between 0.44 and 0.56, and those of Ky between 0.72
and 0.91. These values appear to be similar to what has been observed with
mammals and birds.

The factorial approach has been criticized because it is much easier
to control ME intake than it is to control protein and lipid depositions
(Emmans, 1995). Moreover, when different levels of ME intake are used in
an experimental design, within a genotype and (or) body weight there may
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be a strong correlation between protein and lipid deposition. Therefore,
it may be difficult to estimate parameters accurately using a factorial anal-
ysis. A multivariate model has recently been proposed by Van Milgen and
Noblet (1999) to circumvent these problems. This model appears to give
more accurate and reliable estimates of K, Ky, and HEm but has never
been applied to fish.

It is worth emphasizing that both the factorial and the multivariate ap-
proaches are purely empirical and, to some extent, an oversimplification of
reality. Protein and lipid deposition is not merely the deposition of energy
but a highly complicated process whose rates and efficiencies are governed
by dietary factors (nutrient balance and utilization) and biological factors
(genetics, types of tissue made, etc.). Factorial and multivariate approaches
are, nevertheless, interesting tools for insight into the cause of possible
differences between theoretical and observed protein and lipid deposition
costs.

The cost of lipid deposition determined by the factorial approach ap-
pears to be close to the theoretical chemical cost. Results from Emmans
(1994) showed that the source of lipid deposition (lipid or nonlipid) af-
fected the efficiency value, and this might contribute to differences in K
estimates between studies. Since K¢ differs depending on the origin of the
lipid deposited, the composition of the diet might affect the efficiency of
lipid deposition. Dietary intake of pre-formed lipids will lead to a very good
efficiency of utilization for lipid deposition, whereas de novo synthesis of
lipid from dietary carbohydrates will lead to a slightly lower efficiency. The
pathways of lipogenesis in fish are qualitatively similar to those in other ver-
tebrates. In salmonids, variation in the dietary lipid level appears to be a
more effective modulator of fatty acid synthesis than the level of dietary car-
bohydrate (Sargent et al., 1989). Some recent data have confirmed that an
increase in dietary lipid levels decreases hepatic lipogenic enzyme activities
(Dias et al., 1998) as well as de novo fatty acid synthesis (Brauge, 1994). In fish
fed high-fat diets, where almost all the lipid deposited is of dietary origin,
the cost of lipid deposition is very low.

There are large differences in the energy cost of protein deposition based
on theoretical assumptions (86% efficient) and that calculated using the fac-
torial approach (40-60% efficient). The reasons for this difference have not
been clearly identified. In growing animals, even at nitrogen equilibrium
(zero body protein gain), protein is synthesized and energy is consumed for
maintaining protein turnover (Milligan and Summers, 1986). According
to Reeds et al. (1985), the amounts of protein and energy needed at zero
nitrogen retention might account for as much as 20% of the maintenance
ATP utilization. The ATP cost of Nat /Kt pumping accounts for a similar
proportion of ATP utilization at energy equilibrium (Gill et al., 1989). The
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rate of protein synthesis greatly exceeds that of protein deposition (Reeds
et al., 1981), the efficiency of protein deposition in fish ranging between 40
and 60%. Therefore, changes in protein turnover are a possible explanation
for the variable energy cost of protein deposition. On the other hand, when
problems associated with structural and kinetic heterogeneity of amino acid
pools are involved (Watt et al., 1991) in addition to the difficulty of measur-
ing the synthesis of rapidly turning-over proteins (Wheatley et al., 1988),
one is led to conclude that current estimates of protein synthesis in vivo may
be underestimates, and consequently the energy cost of protein deposition
may also be underestimated. No single cause is responsible for the appar-
ent higher cost of protein deposition that is predicted in theory. Energy is
expended in the biochemical pathways that lead to protein synthesis, and
protein degradation and in regulating and integrating the various cellular
metabolic activities involved in protein deposition. All these components
need to be quantified so reliable K, values can be obtained from in vivo
studies.

Itis also evident that the amino acid balance of the diet will contribute to
K. Catabolism of amino acids due to amino acid excess or imbalances in the
diet or alow non protein energy contentwill result in waste of energy (higher
HiE associated with catabolism of amino acids than with that of lipids) and a
decrease in Kj,. Diets with an imbalanced amino acid composition will result
in less energy retained as protein and, consequently, resultin K, values lower
than those that would occur if the diet was perfectly balanced.

Cho et al. (1976) showed that an increase in dietary fat levels led to a
decrease in HiE. LeGrow and Beamish (1986) confirmed that the increase
in oxygen uptake with increasing dietary protein levels was consistent, irre-
spective of the dietary fat levels, thus highlighting the importance of dietary
DP/DE ratios. In addition, the efficiency of the energy (i.e., net energy)
derived from the catabolism of amino acids by the fish is unclear.

Ithas been suggested that digestible carbohydrates are possibly also signif-
icant contributors to HiE (Beamish et al., 1986; Hilton et al., 1987). Beamish
et al. (1986) observed that fish fed a diet with a high glucose content con-
sumed more oxygen than fish fed a diet with the same protein level but
rich in lipids, suggesting that an increase in digestible carbohydrate intake
results in an increase in heat production. The fish fed the diet high in glu-
cose had a lower N retention efficiency (N gain/N intake) than the fish fed
the diet high in lipids (Beamish et al., 1986). These data suggest that the
effect on HiE observed was in fact related more to the variation in dietary
lipids and the sparing of protein than to the digestible carbohydrate itself.
However, Helland and Grisdale-Helland (1998) observed that at low intake
levels, an increase in digestible starch at the expense of digestible protein
resulted in an increase in the oxygen consumption of Atlantic salmon but
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no change in the N retention efficiency. Bureau et al. (1998) observed a
very poor retention of ME of digestible carbohydrate fed to rainbow trout.
These data suggest that utilization of carbohydrate can be associated with
a significant HiE, especially when the DP/DE ratio of the diet is less than
20-21 g /M]J.

1.13
Recovered Energy and Growth

Dietary ME taken in as diet which is not dissipated as heat is retained in
the body as new tissue constituents. The difference between the enthalpy of
combustion (i.e., GE) of the body at the beginning and that at the end of
a period of time is referred to as “recovered energy” (RE) according to the
NRC (1981) nomenclature.

The most direct way of estimating RE is to determine the GE of a number
of individuals (representative samples) from a group of experimental ani-
mals at the beginning and at the end of a study. This method of determining
RE is termed comparative carcass analysis or slaughter technique and was
discussed earlier in the chapter. Alternatively, RE can be estimated by the
difference between IE and FE, UE 4+ ZE, and HE (Blaxter, 1989), which is
also known as the energy balance technique.

RE can be either positive or negative and represents the enthalpy of com-
bustion of organic compounds stored or lost by the animal. Protein and
lipids are the main energy-yielding components of the body, whereas glyco-
gen generally represents only a small proportion of the body of the animal
(<1%) and consequently of RE. RE is not always a quantitative measure of
weight gain because deposition of lipid reduces the water content of the
body, thus changing the energy value per unit weight of the living animal.
The great difference in the energy value of lipid and protein also exagger-
ates the difference in the energy content of body weight gain. However, RE
remains a useful and simple measure of growth and nutrient deposition
provided that one recognizes its limitations. RE is only an estimate of the
deposition of energy-yielding nutrients (mostly protein and lipids) achieved
through different systems and regulated by different factors. Consequently,
RE measurements should always be accompanied by measurements of ni-
trogen gain (RN) and interpreted with care.

There are 3-6 grams of water associated with each gram of protein tissue
deposited (Cho and Kaushik, 1990). On a wet weight basis protein tissue is
only about 25% dry matter and the dry matter has an energy value of 23.6 k] /
g, giving a value for protein of 6 kJ/g wet tissue. Lipid is usually deposited
in adipose tissue in association with relatively little water. Fat tissue is about
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Chemical composition (absolute; g/fish or kJ/fish) of rainbow trout of various sizes
fed practical diets with 20-22 ¢ DP/M] DE. Data from Bureau et al. (unpublished).
Regressions: HoO (g/fish) = 0.670 BW (g/fish) — 3.13 (R? =1.00); Crude protein
(CP) (g/fish) = 0.169 BW (g/fish) - 0.07 (R =1.00); Lipid (g/fish) = 0.125 BW
(g/fish) — 2.52 (R? = 0.96); Gross energy (GE) (kJ/fish) = 8.6 BW (g/fish) —40.1
(R? =0.98).

85% dry matter, with an energy value of approximately 39 kJ/g. Fat tissue
therefore contains about 33 kJ/g of tissue deposited (Smith, 1989). In ad-
dition, lipid is stored in tissues generally substituting for water. RE varies
greatly with the type of tissue being produced.

Figures 1.3 and 1.4 show the absolute (gram or kilojoule per fish) and
relative (percentage or kilojoule per gram) compositions of rainbow trout
of various sizes fed a practical diet with 20-22 g digestible protein (DP)/M]
digestible energy (DE). Figure 1.3 shows that the absolute contents of water,
protein, lipid, and gross energy of fish increase linearly with the weight of the
animal. Figure 1.4 shows that, expressed as the relative composition (e.g.,
percentage of body weight), the protein content of the fish increases slightly,
then remains approximately constant. Moisture tends to decrease rapidly
with fish size up to about 100 g live weight, then decreases more slowly.
Lipid and GE increase rapidly with size also up to 100 g live weight, then
increase linearly very slowly. Similar observations and figures are reported
by Shearer (1994) and Lupatsch et al. (1998).

Shearer (1994) concluded that the protein content of growing salmonids
is determined solely by fish size, that the lipid level is affected by both en-
dogenous (fish size, growth rate) and exogenous (dietary, environmental)
factors, and that the ash content is homeostatically controlled. The protein
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Chemical composition (relative; % or kJ/g) of rainbow trout of various sizes fed
practical diets with 20-22 g DP/M] DE. d-1, day’l. Data from Bureau e/ al.
(unpublished, 2000).

or ash contents of the whole body appear to vary little with the growth of a
given species of fish, whereas the whole-body energy content varies consider-
ably over time. Whole-body GE content increase is due mainly to increasing
lipid content with increasing body weight.

The results from a number of studies on protein and lipid deposition
clearly show that this increase in lipid content of fish of increasing body
weight, fed to near-satiety, is generally not due to enhanced deposition of
lipid compared to that of protein as the animal increases in size. Azevedo
et al. (1999) observed that rainbow trout fed the same diet at different ration
levels (from 70 to 100% of near-satiety) deposited protein and lipid accord-
ing to the same ratio regardless of fish size and water temperature. Their
data showed a very good proportionality between protein and fat gain; for
each unit of protein energy gain, the fat energy gain was 1.4 times higher.
A similar proportionality of protein and lipid deposition with increasing
feed intake has been reported in domestic animals (Boekholt et al., 1994,
1997).

Severe feed restriction results in a significant alteration of the protein-to-
lipid deposition ratio in fish. Protein deposition has, in general, priority over
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Recovered energy (RE) as protein (REp; squares) and lipid (REl; diamonds) as a
function of the metabolizable energy (ME) intake of rainbow trout reared at 8.5°C.
d~!, day™!. Data from Bureau ¢t al. (unpublished observations).

lipid deposition. As mentioned earlier, fish fed a ration allowing a RE=0
can still deposit body protein (positive protein energy gain) while mobilizing
body lipids. Clearly, live weight gain is driven by protein deposition. Studies
on the effect of feeding levels on fish have shown that protein and lipid
depositions increase linearly with feed allocation but that protein and lipid
energy depositions have different slopes and intercepts (Fig. 1.5). Under
severe feed restriction, protein deposition greatly exceeds lipid deposition.
Energy deposition as lipids often exceeds that as protein at moderate to high
feeding levels. A number of studies have also shown that protein deposition
tends to plateau at high feeding levels, whereas lipid deposition does not
appear to level off (increases linearly). A decreasing protein-to-lipid deposi-
tion ratio can be observed at feeding levels approaching maximum protein
deposition.

The relative importance of protein and lipid deposition depends on a
great number of nutritional factors. The balance of available amino acids,
particularly essential amino acids, in the dietary protein and the digestible
protein-to-digestible energy ratio in the diet are the major factors. Proteins
of high biological value may promote greater protein deposition than those
of lower value. Large excesses of energy intake and improper balance of
protein to energy result in the deposition of a larger proportion of RE as
lipid. Seasonal changes in body composition, in relation to specific physio-
logical stages or endocrine status, are also known to occur. That there are
considerable interspecific differences in lipid deposition and tissue distribu-
tion should also be recognized. Nutrient deposition and temporal changes
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in body composition of fish, and effects of all the factors mentioned above,
should be examined more closely.

1.14
Reproduction

The most taxing period of life for many organisms is maturation and re-
production, when resources are diverted from procurement of food and into
tasks necessary for successful breeding (Thorpe, 1992; Hendry and Berg,
1999). This is the case at least for many fish species, such as Atlantic and
Pacific salmon, which often migrate long distances from feeding areas in the
open ocean to their natal spawning sites. Females develop large gonads and
engage in vigorous competition for access to spawning sites. Males undergo
extensive morphological changes and fight incessantly for access to spawn-
ing females. Feeding ceases at entry into fresh water, often months before
spawning commences, and in many species fish die after a single spawning
season (Thorpe, 1992; Hendry and Berg, 1999).

Under aquaculture conditions, expenses associated with reproduction
may not be as dramatic. However, reproduction is a critical part of the pro-
duction cycle for farm fish and involves fairly dramatic changes in energy
acquisition and partitioning by the fish. Reproduction involves the synthe-
sis and temporary storage of new tissues that are formed almost regard-
less of the level of dietary energy intake, the necessary energy being with-
drawn from other body tissues if the dietary supply is insufficient (Jonsson
et al., 1991, 1997). Consequently the redistribution of tissue energy which
takes place in the breeding season can complicate measurements of energy
balance.

The energy content of the eggs [termed OE by the NRC (1981)] of
rainbow trout is about 27 kJ/g dry matter, irrespective of the size of the
eggs. The average energy content of eggs, measured in about 50 teleosts,
is 23.5 kJ/g dry matter whatever the size of the eggs. The total amount
of energy stored in the eggs would represent 8 to 15% of the gross en-
ergy of the whole body, very much correlated with the gonadosomatic in-
dex. (Kaushik and Médale, 1994). The values reported by Wooton (cited
by Tytler and Calow, 1985) relate to ornamental species and vary from 10
to 18% for the medaka to 16 to 30% for the three-spine stickleback. For
the majority of species, the male gonads represent only a small propor-
tion of the body mass. On the other hand, mature ovaries can represent
up to 30% of the body mass in certain species. In some multiple spawn-
ers such as the gilthead sea bream, the total egg production over a sin-
gle season can even reach 100% of the body mass (Tandler et al., 1995).
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In pike, just before emission of the gametes, the total energy content of
the male gonads is of 75 k], whereas the content of the ovaries exceeds
1 MJ.

While the composition and energy content of gonads is fairly well char-
acterized for a number of fish species, there are no studies on the actual
cost of gonad formation (e.g., HiE associated with nutrient deposition in
gonads). This cost can be evaluated only at the end of a long-term study,
by the effort of reproduction, which corresponds to the quantity of energy
stored in the gametes (OE) compared to the energy intake.

The total cost of the reproduction exceeds that of the production of
the gametes. The development of secondary sexual characters, production
of mucus, nuptial behaviors and activities, construction of nest for certain
species, and migration all involve expenditure of energy. Energy expended
in swimming represents a significant amount of energy. The energy ex-
pended in swimming can exceed the dietary energy intake, the balance be-
ing supplied by the mobilization of body tissue reserves. In Atlantic salmon,
the total energy loss due to migration and spawning has been estimated to
be about 60-70% of body reserves prior to upstream migration, being simi-
lar in males and females (Jonsson et al., 1997). In Pacific salmon, only 7-8%
of the total energy expended during migration and maturation is acconted
for by gonadal growth, in both wild and farmed salmon (Idler and Bitners,
1959; Hardy et al., 1984).

Both Atlantic and Pacific salmon cease feeding more than a month be-
fore spawning but then migrate upstream, develop large ovaries (female)
or secondary sexual characters (males), and compete for spawning sites
(females) or mates (males). Sockeye salmon female lose about 13 MJ of car-
cass energy from freshwater entry (live weight, about 2.5 kg) to death after
spawning (live weight, approximately 1.5 kg), representing about 75% of
the energy reserve of the animal. In male sockeye salmon, about 65% of the
total energy content of the fish is used during reproduction, from freshwa-
ter to death, this energy being channeled mostly into the development of
secondary sexual characters.

1.15
Integrating and Using Information
from Bioenergetics

The essential thrust of studies on bioenergetics of animals is to provide
a basis for diet formulation and evaluation, and develop convenient and
accurate systems to predict the energy balance of animals based on body
weight, sex, activity, physiological state, environment, and amount and nu-
tritive value of feed consumed (Baldwin and Bywater, 1984).
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Several bioenergetics models have been developed to predict energy re-
quirements and growth of fish under a variety of conditions (reviewed by
Cui and Xie, 1999). In several bioenergetics models developed mostly by
fish ecologists, FE, UE + ZE, HiE, HeE, and the GE content of the carcass
are considered a fixed fraction of IE regardless of the composition of the
feed and performance of the fish. A basic understanding of nutrition should
indicate that these are unrealistic assumptions.

It is common to observe energy requirements expressed as the absolute
amount of DE required per kilogram body weight per day for maximal pro-
duction or energy expenditure, and deposition expressed as a proportion
of the maximum feed consumption (Cpay) in numerous fish bioenergetics
studies (e.g., Gatlin ¢t al., 1986; McGoogan et al., 1998; Ohta and Watanabe,
1998; Cui and Xie, 1999; Elliott and Hurley, 1999; Watanabe et al., 2000). It is
important to recognize that the maximal production and Cy,ax of an animal
are factors of genetics, diet, environmental conditions (e.g., temperature),
husbandry practices, health status, and other factors. Maximum production
and Cp,y are, therefore, highly variable parameters. Consequently, the en-
ergy requirement for maximum production calculated in some studies (i.e.,
energy requirement expressed as an absolute term such as kJ fish~! day~!)
can be valid only for the specific conditions (diet composition, strain, tem-
perature, culture conditions, etc.) encountered in the study. Fish growing
at different rates will deposit nutrients at different rates and, consequently,
have different energy and feed requirements. Energy requirements should
therefore be calculated for explicitly expressed levels of performance (e.g.,
expected or achievable level of performance), feed composition, and life
stage (Cho, 1991, 1992; Cho and Bureau, 1998; Kaushik, 1998). In addition,
this should be done using factorial approaches (Cho and Bureau, 1998,
Lupatsch et al., 1998), i.e., approaches that divide energy requirements into
different components or fractions, as opposed to lumping them into one
estimate as is commonly done.

Cho (1991) proposed factorial models to determine energy requirements
of fish based on expected level of performance, diet composition, and ex-
pected body composition. These models were updated by Cho (1992) and
Cho and Bureau (1998). Using this approach, calculation of the total energy
requirement and, consequently, the feed requirements (or allocation) can
be accomplished as follows.

. Characterization of diet (including DE content)

. Calculation of expected live weight gain and RE

. Allocation of HeE based on fish size and water temperature
. Allocation of HiE for maintenance and energy deposition

. Allocation of UE + ZE

. Calculation of minimum DE requirement

. Calculation of feed requirement

O O s 00 N~
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Determination or estimation of DE, HeE, HiE, and UE + ZE can be done
using the approaches described above or by carefully analyzing the litera-
ture. It is imperative to take into account the composition of the diet and
type of fish used (species, life stage, etc.) rather than blindly applying values
reported in the literature.

Accurate prediction of the growth potential of a fish stock under given
husbandry conditions is an inevitable prerequisite to estimation of the en-
ergy or feed requirement (e.g., weekly ration). The formula most commonly
used for fish growth rate expression is the instantaneous growth rate, known
as the “specific growth rate” (SGR), which is based on the natural logarithm
of body weight:

SGR = (InFBW — InIBW) /D. (4)

where FBW is the final body weight (g); IBW, the initial body weight (g); and
D, the number of days.

The SGR has been widely used by most biologists to describe the growth
rate of fish. However, the exponent of the natural logarithm underestimates
the weight gain between the IBW and the FBW used in the calculation and
it grossly overestimates the predicted body weight at weights higher than
the FBW used. Furthermore, the SGR is dependent on the IBW, making
comparisons of growth rates among groups meaningless unless the IBW are
similar.

A more accurate and useful coefficient for fish growth prediction in re-
lation to water temperature is based on the exponent 1/3 power of body
weight (Iwama and Tautz, 1981).

Thermal-unit growth coefficient (TGC)

= [FBW!3—IBW'/3] /= [T D] 100 (5)
Predicted final body weight

= [IBW'/® + X (TGC/100T D)1® (6)

where T is the water temperature (°C).

This model equation has been shown to represent very faithfully the
actual growth curves of rainbow trout, lake trout, brown trout, chinook
salmon, and Atlantic salmon over a wide range of temperatures. Figure 1.6
shows the growth curve of rainbow trout fed to near-satiation and reared
at 8.5°C. Live weight increases curvilinearly, whereas the cubic root of live
weight increases in a highly linear fashion, supporting the observations of
Iwama and Tautz (1981) and the validity of the TGC model.

Since these TGC values and growth rate are dependent on species, stock
(genetics), nutrition, environment, husbandry, and others factors, it is
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Live weight and cubic root of live weight of rainbow trout fed to satiation and reared at
8.5°C for 168 days. Data from Bureau et al. (unpublished observations, 2000).

essential to calculate the TGC for a given aquaculture condition using past
growth records or records obtained from similar stocks and husbandry con-
ditions. Once the weight gain is known, RE can quite easily be predicted
using simple models (as shown by Figs. 1.3 and 1.4, for example). Devel-
opment of such models can be done relatively easily, as it may quite simply
involve sampling animals at different sizes and determining their chemical
composition.

Using an approach similar to that of Cho (1991), the energy, oxygen,
and feed requirements and expected feed efficiency of fish of different sizes
reared under different conditions or rearing periods can be calculated (Cho
and Bureau, 1998). Table 1.6 lists the energy and oxygen requirements of
rainbow trout reared at 12°C and fed a diet with 44% DP and 20 MJ DE at
different sizes or growing from 1 to 1000 g with a TGC =0.220. The DE to
produce a 1-kg biomass (e.g., 1000 10-g fish gaining 1 g each) varies from
about 9.5 MJ for 1-g fish to 23.6 M] for 1-kg fish. It is of utmost importance to
understand that these estimates are valid only for the given set of conditions
(species, water temperature, TGC, diet composition, etc.) and should not
be applied blindly.

Data from Azevedo et al. (1998) show that the DE requirement is largely
independent of water temperature, since as the temperature increases, DE
and RE increase but the efficiency of ME and DE utilization does not change.



Table 1.6

Energy and Oxygen Requirements” and Expected Feed Efficiency of Rainbow Trout?

GE RE? HeE* HiE/ UE + ZE#8 DE" Oxygen’
Live weight (kJ g~ 1) (M] kg! (MJ kg™! (M] kg~! (MJ kg™! (MJ kg™! (g kg™! Feed
(g fish™V live weight)®  weight gain)  weight gain)  weight gain)  weight gain)  weight gain)  weight gain)  efficiency/

1 4.4 4.4 1.1 3.7 0.3 9.5 357 2.10

4.8 4.8 1.6 4.3 0.3 11.1 433 1.81

10 5.2 5.2 1.8 4.6 0.3 11.9 472 1.68

50 6.8 6.8 2.4 6.2 0.5 15.8 623 1.28

100 6.9 6.9 2.7 6.5 0.5 16.6 675 1.21
500 8.1 8.2 3.5 7.9 0.6 20.2 840 1.00
1000 9.8 9.8 4.0 9.2 0.7 23.6 968 0.85
1-1000 — 8.7 3.6 8.2 0.6 21.1 869 0.95

“M] or g kg~! weight gain.

®At various sizes or growing from 1 to 1000 g, based on the assumption that the fish are reared at 12°C, growing with a TGC= 0.220,
and fed a diet with 20-22 ¢ DP/M] DE and 20 M]/kg DE.

‘GE, gross energy content of carcass. Calculated from experimental data (Bureau et al., unpublished) as follows: for fish 30 g or less: GE
(k] g~ = —0.0006 (live weight)? + 0.0948 (live weight) + 4.31; for fish more than 30 g, GE (k] g~V = 0.0031 (live weight) + 6.61.

“RE = (live weight gain; g fish™" (GE content).

“HeE = [~1.04 + 3.26(T) — 0.05(7)2](0.0200.824) ~! day~! (Cho, 1991).

JHIE = 0.67 (HeE + RE) (Azevedo, 1998).

SUE +ZE = 0.03(HeE + RE + HiE) (Kaushik, 1998).

"DE requirement = (RE + HeE 4+ HiE 4+ UE + ZE).

{Oxygen requirement = (HeE + HiE) /13.6 k] g~! Oq.

JExpected feed efficiency = weight gain/feed.
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The total energy requirement should ideally be expressed as DE, since FE
and, consequently, IE are highly dependent on the composition of the diet
fed. FE is mainly from undigestible starch, fiber, and some protein in the diet
and is influenced by the quality of ingredients. Less expensive commercial
diets tend to contain higher levels of undigestible plant products, diluting
digestible nutrients and increasing the amount of FE.

1.16
Limitations and Perspectives of Bioenergetics

The student of bioenergetics should always remember that organisms
ingest and metabolize organic compounds, not “energy” per se. It should
be apparent from a careful reading of this chapter that nutrients have dif-
ferent fates and that energy losses are governed by how these nutrients are
utilized. Energyis not a nutrient per se, but the sum of a number of processes
resulting in the assimilation of specific energy-yielding nutrients.

There is a necessity to move to approaches based on a clearer under-
standing of the role of specific absorbed nutrients and their metabolism
for determining the productive responses of an animal (Reynolds, 1999).
More scientifically correct feed evaluation and requirement systems should
be based on the characterization of nutrientfractions relevant to their actual
digestion, metabolism, and utilization in the animal under varying practical
conditions (Boisen and Verstegen, 1998).

Some attempts have been made to develop nutrient-based growth models
for fish (Machiels and Henken, 1986; Conceicao, 1997). The models may
provide a promising alternative to current bioenergetics modeling. How-
ever, these research models are highly theoretical (causal) and incorporate
considerable physiologic and metabolic details. As a result, they are too com-
plex and expensive to use as predictive models or as components of feeding
or management systems. However, they can be used to identify and charac-
terize elements for incorporation into more empirical, predictive models
for use under applied conditions (Baldwin and Bywater, 1984; DeLange,
1997). The second approach has been the development of predictive mod-
els of energy transactions in animals that also consider the digestion of feed
components and metabolism of absorbed nutrients explicitly rather than
in the aggregate as energy and crude protein. In addition, they should also
consider the turnover of macromolecules in the animal and partitioning
of nutrients among tissues and functions within the animal (Baldwin and
Bywater, 1984; DeLange, 1997).

Although there may be argument for describing a diet in terms of chem-
ical composition, this should not obscure the fact that some of the animal
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control mechanisms may, in effect, perceive the substrates as contributors
to the energy supply rather than identifying them as specific chemicals
(McLeod, 1999). Bioenergetics has made a great contribution to the greater
understanding of nutrient utilization by fish over several decades and is likely
to remain a useful discipline for decades to come.
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2.1
Historical Introduction

2.1.1. Pioneers and Concepts

Diet deficiency diseases have been recognized in humans and animals for
several hundred years. Vedder (1912), who worked on beriberi, traced the
recognition of this disease by the Chinese to as early as 2697 B.C., but it was
Eijkman and Grijns at the end of the nineteenth century who showed how
polyneuritis could be reduced by the addition of rice husks or pericarp to the
diet and Vorderman (Williams, 1961) who correlated fowl polyneuritis with
human beriberi. Casimir Funk (1912) isolated the water-soluble antiberiberi
compound in a partially purified state and, in a paper on the etiology of
deficiency diseases published in 1912, used the term “vitamine” for the first
time. He reviewed the literature on beriberi, pellagra, and scurvy with the
view that all were deficiency diseases (Funk, 1922).

Scurvy was also an ancient disease, and the first treatise on its description
and experimental cure was published in 1753 by Lind, who showed that
oranges, lemons, and apple cider contained a scurvy preventive factor. One
hundred fifty years later, Holst and Frolich (1907) produced a deficiency
disease similar to scurvy in guinea pigs; 25 years thereafter, King and Waugh
(1932; Waugh and King, 1932) identified vitamin C as ascorbic acid.

A similar scientific history applies to the description of pellagra in peas-
ants in Spain by Casal in 1735 (Harris, 1919). A long delay followed before
Spencer, in 1916, and Chittenden and Underhill, in 1917, produced black
tongue in dogs as a deficiency disease similar to pellagra. Twenty more years
elapsed before Elvehjem and co-workers (1937, 1938) cured black tongue
with nicotinic acid. The new vitamin was immediately applied to the treat-
ment of pellagra by Fouts et al. (1973) and Smith et al. (1937) and, finally,
shown to be effective by Nakao and Greenberg (1958).

Fish have been confined and fed for several thousand years. Mosaic walls
in ruins of ancient Greece and Rome depict fish being fed in impound-
ments. Whenever intensive fish culture was employed with more purified,
artificial diets, many of the fish became anemic and died. McCay and Dilley
(1927), at Cornell, worked industriously to identify the antianemic factor H
which was present in fresh meat and which was necessary in the diet when
trout were held for more than 10-12 weeks on the best purified diets then
available for animal nutrition studies. Twenty years elapsed, however, before
this water-soluble factor was identified as a combination of vitamin B9 and
folic acid (Halver, 1953).
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One of the first reports of a specific vitamin deficiency in fish was in
1941, when Schneberger, at the Thunder River Hatchery in Wisconsin, re-
ported that paralysis in rainbow trout (Oncorhynchus mykiss) which were fed
carp (Cyprinus carpio) could be cured only by injecting crystalline thiamin
into individual fish or by feeding them dried brewer’s yeast. Fish diet dis-
ease was reported by Louis Wolf (1942) to be due to thiaminase present in
fresh fish tissue which would hydrolyze thiamin in the commercial meat—
meal mixtures fed to fish in the hatchery. That same year Tunison et al.
(1942) measured levels of thiamin, riboflavin, and nicotinic acid in the liver,
pyloric caeca, kidney, and muscle to establish baselines for experiments
to measure requirements of trout for these vitamins. Dietary gill diseases
were also reported during this decade and could be reduced by incorporat-
ing fresh liver or dried yeast in the diet (Wolf, 1945). McCay and Tunison
(1934) observed scoliosis and lordosis in brook trout (Salvelinus fontinalus)
fed formalin-preserved meat, but the symptoms took nearly 1 year to develop
and were not correlated with the recently identified vitamin C. Many of the
fish disease reports of the 1940s inferred that dietary deficiencies may have
caused or augmented the symptoms observed when a specific pathogen and
Koch’s postulates could not be followed for a specific disease episode.

2.1.2. Avitaminosis

Typical avitaminosis symptoms of Chastek-type paralysis, cataracts, con-
vulsions, scoliosis, anemia, slime patch disease, clubbed gills, poor growth,
anorexia, and increasing mortality were reported wherever fish were con-
centrated and intensive fish cultural practices were used. As diets became
manufactured more from agricultural products, anemia and diet disease
symptoms become more common, but specific cause-and-effect relation-
ships were often difficult to define.

2.1.3. Hypervitaminosis

Hypervitaminosis D and A were reported when seal and whale liver were
used as one of the fresh meat components in salmon diets (Burrows et al.,
1952). An analogy was drawn between symptoms observed in fish and those
reported for other experimental animals, but no good experimental diets
were available with positive experimental control over the particular vitamin
that investigators wished to study.

2.1.4. Test Diets and Conditions

BarbaraMcLaren,working with Conrad Elvehjem and othersin Wisconsin,
developed avitamin test diet containing crystalline vitamins, casein, dextrin,
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and oils, with crab meal or dried liver as the source of the antianemic factor
(McLaren et al., 1947b). These pioneer fish nutritionists were able to re-
port tentative qualitative, then quantitative requirements of rainbow trout
for thiamin, riboflavin, pyridoxine, pantothenic acid, inositol, biotin, folic
acid, choline, and niacin (McLaren et al., 1947a). These values were based
on fish growth response and food conversion. The test diet did furnish
some control over many vitamins but assays revealed low levels of several
of the water-soluble vitamins present in the dietary components, and when
the diet excluded dried liver or crab meal, fish became anemic and died
(McLaren et al., 1946). Xanthopterin was once thought to be the fish anti-
anemic factor because young chinook salmon (Oncorhynchus tshawytscha)
showed an improvement in hematology when this material was injected
(Simmons and Norris, 1941). Tunison et al. (1943) reported that riboflavin,
pyridoxine, and pantothenic acid would improve anemic brook trout and
could be part of McCay’s factor H. Three years later, in 1946, Phillips et al.
(1946), working in the same laboratory, could not repeat the response with
these three vitamins even when folic acid was added to the vitamin mixture.
These workers could, however, cure the anemia when dehydrated liver pow-
der was added. Norris and Halver tested xanthopterin again in 1949 at the
University of Washington and injected this material alone and in combi-
nation with folic acid and vitamin Bjs into young anemic chinook salmon.
A measurable response was obtained from xanthopterin and a larger one
from folic acid, but the most dramatic stimulation of erythropoieses was
obtained by Halver in 1949 and 1950 when folic acid and vitamin B;s were
injected in the combination of 1 partvitamin B1s to 100 parts folic acid. That
winter, Louis Wolf (1951) developed a test diet for rainbow trout which con-
tained commercial casein, gelatin, potato starch, hydrogenated cottonseed
oil, a-cellulose flour, minerals, cod liver oil, and crystalline vitamins. The
diet was used successfully to induce several vitamin deficiency syndromes by
deleting one vitamin at a time from the vitamin supplement and feeding
the resultant diets to trout (Wolf, 1951). During the summer of 1951, this
crude test diet was improved by changing to vitamin-free casein, purified
gelatin, white dextrin for potato starch, corn oil for Crisco, and a simpli-
fied mineral mix (Halver, 1953a). Chinook salmon fingerlings grew as well
on this diet as on Wolf’s test diet (Halver, 1953a, 1957). Later this original,
complete vitamin test diet was improved by lowering the protein content
and used for short-term feeding studies with coho salmon (O. kisutch) and
sockeye salmon (O. nerka) (Halver, 1966) and for long-term feeding stud-
ies for at least three reproductive cycles with rainbow trout in 8, 10, 15,
and 17°C water systems (Halver, 1970; Halver and Coates, 1957). The tool
had been forged to test for specific qualitative and quantitative vitamin re-
quirements of salmonids (Table 2.1). Applications of the diet to salmon,
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Table 2.1

Water-Soluble Vitamin Test Diet H-440%

Complete test diet g Vitamin mix mg Mineral mix mg
Vitamin-free casein 38  Thiamin hydrochloride 5 USP XII No. 2 Plus
Gelatin 12  Riboflavin 20 AlClg 15
Corn oil 6  Pyridoxine hydrochloride 5 ZnSO4 300
Cod liver oil 3 Choline chloride 500 CuCl 10
White dextrin 28  Nicotinic acid 75 MnSOy4 80
a-Cellulose mixture” 9  Calcium pantothenate 50 KI 15

NasSeOs 4

a-Cellulose 8 Inositol 200 CoCly 100

Vitamin mix 1 Biotin 0.5 per 100 g

Folic acid 1.5 of salt mixture
Mineral mix 4 1-Ascorbic acid 100
Water 200  Vitamin B, 0.01
Total diet as fed 300 Menadione (K) 4
a-Tocopherol
acetate (E)¢ 40

“ Diet preparation: Dissolve gelatin in cold water. Heat with stirring in water bath to 80°C.
Remove from heat. Add, with stirring, dextrin, casein, minerals, oils, and vitamins as the tem-
perature decreases. Mix well to 40°C. Pour into containers; move to refrigerator to harden.
Remove from trays and store in sealed containers in refrigerator until used. The consistency
of the diet is adjusted by the amount of water in the final mix and the length and strength of
beating.

b Delete 2 parts a-cellulose and add 2 parts CMC for preliminary feeding.

¢ Add vitamin By in water during final mixing.

“ Dissolve a-tocopherol in oil mix.

trout, and other species were rapid and produced dramatic results. Spe-
cific deficiency syndromes occurred whenever one of the required vitamins
was deleted from the vitamin mix and fish were fed for adequate test peri-
ods. Eleven water-soluble vitamins were soon identified as being required by
salmon and trout (Halver, 1957; Coates and Halver, 1958; Kitamura et al.,
1967). Qualitative water-soluble vitamin requirements were also identified
for catfish (Ictalurus punctatus) (Dupree, 1966), carp (Ogino, 1967a,b), yel-
lowtail (Seriola quinqueradiata) (Sakaguchi et al., 1969), and eel (Anguilla
japonica) (Hashimoto et al., 1970, NRC, 1983, 1993). Modifications to this
diet have been used for many other species of fish to determine qualitative
or quantitative vitamin requirements. A summary of vitamin requirements
and functionsin fish metabolism can be found in NAS/NRC bulletins (NRC,
1973,1981, 1983, 1993) and in symposium reviews (Halver, 1979, 1980, 1982,
1986, 1995, 1996) . Standard techniques for conducting vitamin requirement
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studies were included in the EIFAC workshop on methodology for determi-
nation of nutrient requirement of fish (Halver, 1995).

2.2
The Water-Soluble Vitamins

The water-soluble vitamins include eight well-recognized members of the
vitamin B complex, the water-soluble essential nutritional factors choline,
inositol, and ascorbic acid, and several vitamins with less-defined activities
for fish, i.e., p-aminobenzoic acid, lipoic acid, citrin, and undefined growth
factors. The first eight are required in small amounts in the diet but play
major roles in growth, physiology, and metabolism. The essential nutritional
factors choline, inositol, and ascorbic acid are required at appreciable lev-
els in the diet and sometimes are referred to not as vitamins but as dietary
nutrients. The last group of growth factors is less well defined for fish and
more research is needed to determine the exact role of these components
in cell physiology and metabolism in fish tissues. All are included in this
portion of the discussion on water-soluble vitamins. The American Institute
of Nutrition names for the B complex vitamins are used, although the order
of presentation suggests the more classical, historical identification of the
vitamin B complex. Chemical structure, characteristics, and analogs are pre-
sented to assist the reader in identifying the particular compound discussed
in the text. Since fish nutritionists are concerned with the specific role and
function of the vitamins in physiology and metabolism, (1) chemical for-
mulas are followed by (2) discussion of real or potential positive functions,
(3) the deficiency syndrome observed in fish and other animals, (4) alisting
of requirements, when known, for different types of fish, (5) sources of these
essential nutrients, (6) antimetabolites which can interfere or inactivate the
required vitamins, and, finally, (7) methods for clinical assessment of nutri-
tional status. Since several forms of many of the particular vitamins exist, the
term “vitamers” may be used, with the understanding that this terminology
applies to the group of compounds with that particular vitamin activity.

2.2.1. Thiamin

Experimental beriberi was produced in fowl by Eijkman in Java in 1886
(Williams, 1961). The antiberiberi factor was crystallized by Funk in 1911
and named “vitamine” (Funk, 1912). Thiamin was isolated from rice pol-
ishings by Jansen and Donath in 1926 and was synthesized by Williams and
co-workers in 1936 (Williams and Cline, 1936; Cline et al., 1937). The first
reported use in fish was in 1941 by Schneberger, who injected crystalline
thiamin to cure “diet disease” in rainbow trout.
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2.2.1.1. Chemical Structure Characteristics

Thiamin hydrochloride is a water-soluble, colorless, monoclinic, crys-
talline compound with the empirical formula C19H13ON4SCls and the struc-
ture shown in Fig. 2.1. It is comparatively stable to dry heat but is rapidly
broken down in neutral or alkaline solutions and is split by sulfites into
constituent pyrimidine and thiazole moieties. It has a characteristic yeast-
like odor. The pyrimidine ring is relatively stable, but the thiazole ring is
easily opened by hydrolysis. Several derivatives are stabile to heat, appear
to be more completely soluble in weak alkaline solutions than thiamin it-
self, and still show biological activity in animals. These derivatives include
thiamin propyl disulfide, benzoylthiamin disulfide, dibenzoylthiamin, and
benzoylthiamin monophosphate. Both thiamin hydrochloride and thiamin
mononitrate have been succesully used as the active vitamin in test diets for
fish nutrition studies and for fish diet formulations.

2.2.1.2. Positive Function

Thiamin is part of the coenzyme cocarboxylase illustrated in Fig. 2.2,
which participatesin the oxidative decarboxylation of a-keto acids, especially
pyruvic acid, eventually releasing carbon dioxide. Thiamin is an antogonist
to acetylcholine. Jansen (1954) has pointed out that pyruvic acid stands
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Cocarboxylase or thiamin pyrophosphate.
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at the crossroads of carbohydrate intermediaty metabolism and is the end
point in the anaerobic process before decarboxylation and oxidative reac-
tions begin in the reverse process. He assumed that the exact type of reaction
depends on the protein of the apoenzyme to which thiamin pyrophosphate
is combined. An interrelation between thaimin and lipoic acid has been
reported (Reed, 1959), although little of this work has been confirmed in
fish. Thiamin pyrophosphate, a coenzyme for the transketolase system, is
part of the direct oxidative pathway of glucose metabolism occurring in
the cytoplasm of cells (Handler, 1958). Brin (1963) has used this method
of estimating status in experimental animals including salmon and trout.
Cowey et al. (1975) used this technique to correlate thiamin intake with
the physiological state of trout and marine flatfish. Thiamin pyrophosphate
is retained longer in muscle tissue than in brain tissue (Lehninger, 1975),
therefore, thiamin deficiency may progress from anorexia to neurological
signs of susceptibility to shock or to the trunk-winding symptom described
for the Japanese eel, Anguilla japonica (Hashimoto et al., 1970). Similar de-
ficiency signs have been observed in turbot, Scophthalmus maximus (Cowey
et al., 1975), yellowtail, Seriola quinqueradiata (Hosokawa, 1989), and red sea
bream, Chrysophrys majors (Yone and Fuji, 1974).

Thiamin is essential for a good appetite, normal digestion, growth, and
fertility. It is needed for normal function of nervous tissue, and the require-
ment is determined by the caloric density of the diet (Krampitz, 1969).

2.2.1.3. Deficiency Syndrome

Deficiency signs in salmonids involve impaired carbohydrate metabolism,
nervous disorders, poor appetite, poor growth, and increased sensitivity to
shock by a physical blow to the container or light flashes (Schneberger, 1941;
Wolf, 1942; McLaren et al., 1947a; Halver, 1953a,b, 1957; Coates and Halver,
1958). A trunk-winding symptom in eels has been reported together with
hemorrhage at the base of the fins (Hashimoto et al., 1970). Skin conges-
tion and subcutaneous hemorrhage occur in carp fed thiamin-deficient diets
(Aoe etal., 1969). Typical symptoms observed in salmonids, carp, and catfish
are listed in Table 2.2. Thiamin deficiency has also been reported in marine
flatfish started on clam neck diets stored long enough for the thiaminase
present to hydrolyze the thiamin in the ration (Shelbourne, 1970). Typical
nervous paralysis occurred, with rapid mortality from physical shock. Simi-
lar thiamin deficiency signs have been reported for several marine species
of fish (NRC 1983, 1993).

2.2.1.4. Requirements

Thiamin requirements for trout and salmon were determined by feeding
diets containing different amounts of thiamin for periods long enough for
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Table 2.2

Vitamin Deficiency Syndromes

Vitamin Deficiency signs in salmonids, ictalurids, cyprinids, etc.

Thiamin Poor appetite, muscle atrophy, convulsions, instability and loss of
equilibrium, edema, poor growth

Riboflavin Corneal vascularization, cloudy lens, hemorrhagic eyes,
photophobia, dim vision, incoordination, abnormal pigmentation
of iris, striated constrictions of abdominal wall, dark coloration,
poor appetite, anemia, poor growth

Pyridoxine Nervous disorders, epileptiform fits, hyperirritability, ataxia, anemia,

Pantothenic acid
Inositol

Biotin

Folic acid
Choline

Nicotinic acid

B2
Ascorbic acid

p-Aminobenzoic acid
A

loss of appetite, edema of peritoneal cavity, colorless serous fluid,
rapid postmortem rigor mortus, rapid and gasping breathing,
flexing of opercles

Clubbed gills, prostration, loss of appetite, necrosis and scarring,
cellular atrophy, gill exudate, sluggishness, poor growth

Poor growth, distended stomach, increased gastric emptying time,
skin lesions

Loss of appetite, lesions in colon, skin coloration, muscle atrophy,
spastic convulsions, fragmentation of erythrocytes, skin lesions,
poor growth

Poor growth, lethargy, fragility of caudal fin, dark coloration,
macrocytic anemia

Poor growth, poor food conversion, hemorrhagic kidney and
intestine

Loss of appetite, lesions in colon, jerky or difficult motion, weakness,
edema of stomach and colon, muscle spasm while resting, poor
growth

Poor appetite, low hemoglobin, fragmentation of erythrocytes,
macrocytic anemia

Scoliosis, lordosis, impaired collagen formation, altered cartilage, eye
lesions, hemorrhagic skin, liver, kidney, intestine, and muscle

No abnormal indication in growth, appetite, mortality

Impaired growth, exophthalmos, eye lens displacement, edema,
ascites, depigmentation, corneal thinning and expansion,
degeneration of retina

Poor growth, tetany of white skeletal muscle, impaired calcium
homeostasis

Reduced survival, poor growth, anemia, ascites, immature
erythrocytes, variable-sized erythrocytes, erythrocyte fragility and
fragmentation, nutritional muscular dystrophy, elevated body water

Prolonged blood clotting, anemia, lipid peroxidation, reduced
hematocrit
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Table 2.3

Vitamin Requirements for Growth®

mg/kg dry diet
Channel Sea
Vitamin Trout Salmon Carp catfish bream

Thiamin 10-12 10-15 2-3 1-3 R
Riboflavin 20-30 20-25 7-10 9 R
Pyridoxine 10-15 15-20 5-10 3 5-6
Pantothenate 40-50 40-50 30-40 25-50 R
Niacin 120-150 150-200 30-50 14 R
Folacin 6-10 6-10 N R R
Cyanocobalamin (Bg) R 0.015-0.02 N R R
myo-Inositol 200-300 300-400 200-300 R 300-900
Choline 2000-4000 3000 1500-2000 R R
Biotin 1-1.2 1-1.5 1-1.5 R N
Ascorbate 100-150 100-150 30-50 60 R
A 2000-2500 IU  2000-2500 IU 1000-2000 IU 1000-2000 IU 1000-2000 IU
D 2400 TU 2400 ITU N 500-1000 TU ?
E 30 30 80-100 30 ?
K 10 10 R R ?

“ R, required, but level not known; N, no requirement shown; ?, unknown.

the vitamin deficiency syndrome to appear. At the end of the experimental
test period, storage of the vitamin in the liver was measured. Differences
in growth response and food conversion were calculated (McLaren et al.,
1947a).

Requirements of rainbow trout for thiamin were determined by Phillips
and co-workers (1946) at the fish nutrition laboratoryin Cortland, New York.
These requirements were determined by assaying meat-meal mixtures for
thiamin content, feeding these rations to groups of young fish until positive
growth differences were observed, and, finally, assaying the liver of the test
fish for thiamin content. Requirements listed in Table 2.3 for chinook and
silver salmon were determined by feeding duplicate lots of initial feeding fry
the thiamin-deficient test diet derived from Table 2.1, to which increments
of thiamin hydrochloride were added. Two year classes of fish were fed five
vitamin levels for 12 weeks in 15°C water. At the end of the experimental
period, 25 livers from each duplicate lot on each diet treatment were assayed
microbiologically for thiamin content. The minimum dietary intake which
produced the maximum liver thiamin content was selected as the diet treat-
ment which would satisfy the vitamin requirement for that species. Similar
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techniques were used for the other vitamin requirements listed in Table 2.3
and for ascorbate (see Section 2.2.9.4).

The requirement for carp was estimated by feeding different levels of
thiamin in a modified test diet, noting growth performance and food con-
version, and measuring the thiamin content in the hepatic pancreas (Aoe
et al., 1967b). Some considerations must be placed on the dietary ingredi-
ents in the ration. The National Research Council estimates the thiamin
requirement for mammals as about 0.5 mg/1000 kcal dietary intake. The
requirement for carnivorous fish does not seem much different, however,
the requirement for omnivores or herbivorous fish such as the carp may
explain the apparent increased requirement reported. The fat content of
the diet may affect not only the caloric intake but also the thiamin require-
ment because cocarboxylase participates in the oxidation of fat through
a-ketoglutarate. Therefore, fish on a high-fat diet and low thiamin intake
might take longer to develop deficiencies, or, conversely, when test diets
containing more dietary fat are used to assess the thiamin requirement,
erroneously low levels of the apparent requirement might be obtained. Fish
are poikilothermic and the protein requirement varies with size and water
temperature (DeLong et al., 1958a). Therefore thiamin requirements were
calculated using a standard test diet under a standard test condition with
standard temperatures of 10°C for salmon, 15°C for trout, 25°C for catfish,
and 30°C for carp. Quantitative requirement studies reported for other
species of fish need to be examined and equated to experimental condi-
tions used (NRC, 1993; Halver, 1995). A typical plot of thiamin intake and
tissue stores is shown in Fig. 2.3.

2.2.1.5. Sources and Protection

Common sources for thiamin are in plant seeds, dried peas, beans, soy-
beans, cereal bran, and dried yeast. Fresh glandular tissue is also a good
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source for thiamin and other members of the B vitamin water-soluble com-
plex but is seldom used in modern commercial fish diets. Thiamin can be
easily lost by holding wet diet ingredients too long in storage or by prepar-
ing the diet under slightly alkaline conditions or in the presence of sulfite.
Because thiamin is relatively stable to dry heat, dry pellet rations will retain
the vitamin through the pelleting process and subsequently during dry-
sealed storage. Wet or frozen diets pose a different problem because mois-
ture content allows increased chemical reaction and subsequent increased
danger for biological hydrolysis and thus destruction of thiamin. Obviously,
wet or moist diet preparations containing any fresh fish or shellfish tissue
must be used immediately or suffer loss of thiamin through thiaminase hy-
drolysis (Deutsch and Ott, 1942; Agren, 1945; New, 1987).

2.2.1.6. Antimetabolites and Inactivation

Acetylcholine is an antagonist to thiamin and pyrithiamin. Oxythiamin
and normal butylthiamin are specific antimetabolites (West et al., 1966).
Several thiaminases occur which destroy thiamin. These rupture the thia-
zole ring at the sulfur bond, making the residue inactive. Freshwater fish
tissues have a high thiaminase activity, as do tissues from clams, shrimp, and
mussels. Thiaminases have also been found in beans and mustard seed and
in several microorganisms (Goldsmith, 1964). Thiaminase activity is low in
most saltwater fish tissues, however, and the enzyme is inactivated by heating
or prolonged pasteurization. Thiamin present in fresh Torula yeast is rela-
tively unavailable to fish, but the yeast becomes an excellent thiamin source
after the cells are ruptured by steam treatment or by dehydration.

2.2.1.7. Clinical Assessment

Clinical assessment of thiamin status in fish may be made by measuring
erythrocyte transketolase activity in rainbow trout and silver salmon using
the method of Brin (1963). Levels of thiamin can also be assessed by mi-
crobiological assay of liver tissue from representative samples of the fish
population. As an example, typical saturated levels of thiamin activity in sea
salmon range from 15 to 20 ug of thiamin/g of wet liver tissue. Fingerling
chinook or coho salmon reared in 10 or 15°C water on test diets containing
the listed amount or more of thiamin hydrochloride assayed at 8-10 pug
of thiamin/g of wet liver. These liver storage levels and normal erythrocyte
transketolase activity in the absence of any deficiency sign, coupled with
good growth and good food conversion, indicate an adequate thiamin in-
take for that fish population. Kidney or liver transketolase activity is a good
indicator of thiamin status in trout (Lehnitz and Spanhof, 1977; Masumoto
et al., 1987) and in turbot (Cowey ¢t al., 1975).
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2.2.2. Riboflavin

Growth promoting yellow—green pigments were isolated in 1879. Emmett
and McKim (1917) showed two “B” vitamins present. Vitamin G deficiency
was described by Goldberger and Lillie (1926). A rat assay for vitamin Bo
was designed by Bourquin and Sherman (1931), and crystalline ribofla-
vin wasisolated by Kuhn et al. (1933). Lactoflavin, hepatoflavin, and ovoflavin
were shown to be identical to the pure riboflavin synthesized by Kuhn et al.
(1933) and Karrer et al. (1935). Riboflavin was postulated as one part of
factor H for fish by Tunison et al. in 1943. Riboflavin deficiency in trout was
first described by McLaren et al. (1947a), in salmon by Halver (1951), in
carp by Aoe et al. (1967), and in catfish by Dupree (1966).

2.2.2.1. Chemical Structure, Characteristics, and Analogs

Riboflavin is a yellow—brown crystalline pigment with the chemical for-
mula C;7H99N4Og and the structural formula shown in Fig. 2.4. The material
is slightly soluble in water with yellow—green fluorescence and is very solu-
ble in alkali. It is insoluble in most fat solvents except alcohol. Riboflavin
is stable to oxidizing agents in strong mineral acids and in neutral aqueous
solutions and is heat stable in dry form. It is irreversibly decomposed on
irradiation with ultraviolet rays or visible light, breaking down to lumiflavin.
Riboflavin phosphate is the chemically active group in Warburg’s “yellow”
enzyme.

2.2.2.2. Positive Functions

Riboflavin functions in the tissues in the form of flavin adenine di-
nucleotide (FAD) or as flavin mononucleotide (FMN). Free riboflavin has
been isolated in urine, plasma, and the retina of the eye. The flavopro-
teins function as enzymes of tissue respiration and are involved in hydro-
gen transport to catalyze the oxidation of reduced pyridine nucleotides
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(NADH and NADPH). Thus, they function as coenzymes for many oxidases
and reductases such as cytochrome ¢ reductase, D- and L-amino acid oxi-
dases, xanthine and aldehyde oxidase, succinate dehydrogenase, glucose
oxidase, and fumaric dehydrogenase. Riboflavin is involved with pyridoxine
in the conversion of tryptophan to nicotinic acid and is most important in
the respiration of poorly vascularized tissues such as the cornea of the eye.
Riboflavin is involved in the retinal pigment during light adaptation, and
lack of it causes impaired vision and photophobia in experimental animals
including fish.

2.2.2.3. Deficiency Syndrome

A summary of deficiency signs in fish is included in Table 2.2. Riboflavin
tissue storage is exhausted in young salmonids after 10-12 weeks on ribofl-
avin-deficient diets in 10-15°C water systems. Poor appetite and poor diet
efficiency are the first signs, followed by photophobia, mono- or bilateral
cataracts, corneal vascularization, eye hemorrhage, incoordination, and gen-
eral anemia. Dark pigmentation coupled with striated constrictions of the
abdominal wall in salmon has been noted. Skin atrophy has been reported
for some fish species and abnormal pigmentation of both the skin and the
iris has been noted (Aoe et al., 1967b; Halver, 1953a,b). Short body dwarfism
has been reported in catfish (Murai and Andrews, 1978b). Replacement of
riboflavin in the diet reduces the symptoms except when cataracts have de-
veloped and the protein crystal structure of the lens of the eye has been
lost (Halver, 1957). This irreversible condition will continue in monolateral
cataracts throughout the life of the fish, whereas bilateral cataracts largely
result in eventual starvation and death of the afflicted animal. The first spe-
cific signs have consistently appeared in and about the eye of the salmonids,
carp (Aoe et al., 1967b), catfish (Dupree, 1966), and eel (Arai et al., 1972).

2.2.2.4. Requirements

The requirements of fish for riboflavin under experimental conditions in
10-15°C water supplies are listed in Table 2.3. These values have been deter-
mined for trout by assaying riboflavin content in meat-meal mixtures with
microbiological assay techniques, feeding these diets to fish until growth dif-
ferences were observed, and then assaying for maximum liver storage of the
vitamin. Values for the troutare slightly lower than those reported for salmon
which were fed the test diet containing different increments of crystalline
riboflavin, determined by measuring the growth response for 10 weeks and
then assaying the livers to determine the diet treatment which would in-
duce maximum liver storage. The requirements may vary depending on
the balance of other dietary ingredients, caloric density, and environmental
conditions under which the fish is raised. The requirement listed under
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these standard test conditions described should furnish a tentative require-
ment which will satisfy biological demands for normal growth, health, and
physiological function. Most of these requirement studies have been made
on very young fish, often initial feeding fry, with the logical assumption
that the vitamin requirement of these young fish would be higher than that
of larger fish having advanced metabolic enzyme systems with the ability
to synthesize at least some of the requirement for these vitamins. Require-
ments for other species listed in Table 2.3 may have been determined using
different criteria and experimental conditions.

2.2.2.5. Sources and Protection

Riboflavin is widely distributed in plants and in animal glandular tissues.
Milk, liver, kidney, heart, yeast, germinated grains, peanuts, soybeans, and
eggs are rich sources. Protection of finely ground raw materials and mixing
processes from sunlight or intense artificial lightis necessary to minimize loss
of the vitamin by conversion to lumiflavin. Fortunately, the pH conditions for
most diet preparations with ingredients commonly used in either dry or wet
fish rations involve a relatively stable environment for retention of riboflavin
activity during diet preparation. As long as the ingredients and the stored
rations are protected from light in dark bags or in tight containers, most of
the riboflavin activity will be carried from the raw materials into the food fed.

2.2.2.6. Antimetabolites and Inactivation

Galactoflavin is an antagonist to riboflavin and inhibits growth of rats
when the diet contains this compound. Flavin monosulfate inhibits D-amino
acid oxidase and appears to act as a competitor and inhibitor of riboflavin
for growth of Lactobacillus casei. When the ribose group in the molecule
is replaced by the other groups, analogs have been formed which either
have some activity or become antimetabolites. The hydroxyethyl analog is
an antagonist for riboflavin function in both rats and bacteria and also shows
antifungal activity (West et al., 1966).

2.2.2.7. Clinical Assessment

Liver tissue of actively feeding sea salmon contains between 6 and 8 ug of
riboflavin /g of wet tissue. In a freshwater environment, young feeding fish
fed test diets in I5°C water systems showed liver storage of 3.5-4.0 ug/g.
An estimate of riboflavin content of the diet may be obtained from a mi-
crobiological assay since this vitamin is relatively stable, and one can calcu-
late the approximate dietary intake from levels present in the food supply.
The riboflavin content of blood plasma does not change significantly in ri-
boflavin deficiency in other experimental animals. However, the erythrocyte
riboflavin content has been reported to be about 10 ©g/100 ml blood for
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humans on a low riboflavin intake and approximately twice that level for
those on a high intake (Bessey et al., 1956). Urinary excretion of riboflavin
has been used clinically, with 200 pg in 24 h suggesting an adequate intake
and less than 100 pg indicating a low intake. Excretion of 50 ug or less
daily is a strong indication of an extended dietary deficiency. Several studies
indicate that the excretion of less than 200 ug of riboflavin/g of creati-
nine is indicative of deficiency (Goldsmith, 1964). Erythrocyte glutathione
reductase in the presence of added FAD can be used to determine the ri-
boflavin status in fish (Hughes et al., 1981). Woodward (1983) reported that
D-amino acid oxidase activity is a sensitive indicator of riboflavin status in
rainbow trout.

2.2.3. Pyridoxine

A new factor which cured dermatitis in rats was reported by Gyorgy
(1935). The active material was isolated in 1938 by several groups, and pyri-
doxine was synthesized by Harris and Folkers (1939). Tunison et al. listed
the first quantitative requirements for fish in 1944. Pyridoxine deficiency in
troutwas reported by McLaren et al. (1947a), in salmon by Halver (1953a,b),
in catfish by Dupree (1966), in carp in by Ogino (1965), in sea bream by
Kissel et al. (1981) in yellowtail by Sakaguchi et al. (1969), and in eel by Arai
et al. (1972).

2.2.3.1. Chemical Structure, Characteristics, and Analogs

The vitamers B¢ consist of pyridoxine, pyridoxal, pyridoxamine, and sev-
eral other derivatives which have biological activity or can be converted
into the most biologically active form of pyridoxal. The stable pyridoxine
hydrochloride form has the chemical formula CgsH;;O3sN7HCI, and the
structural formulas for the three common forms of vitamin Bg are shown
in Fig. 2.5. Pyridoxine hydrochloride is readily soluble in water and is heat
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Pyridoxine: three common forms used are (left to right) pyridoxine hydrochloride,
pyridoxal, and pyridoxamine.
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stable in either acid or alkaline solutions. Pyridoxal phosphate acts as the
coenzyme in a number of systems and pyridoxic acid, deoxypyridoxine, and
methoxypyridoxine are closely related compounds with varying degrees of
activity. Pyridoxine is sensitive to ultraviolet light in neutral or alkaline solu-
tions. Pyridoxamine and pyridoxal in dilute solutions are labile compounds
which are rapidly destroyed by exposure to air, heat, or light (Chow, 1964).
Therefore, most vitamin supplementation is in the form of pyridoxine hy-
drochloride and analysis for pyridoxine activity by microbiological assay of
diet ingredients probably measures pyridoxal phosphate and other inter-
mediates as well.

2.2.3.2. Positive Functions

Pyridoxal phosphate is the coenzyme, codecarboxylase, for decarboxy-
lation of amino acids. It is also involved in the transaminase systems, and
22 transaminases in animal tissues have been shown to require a distinct
enzyme with pyridoxal phosphate as the coenzyme (Cammarata and Cohen,
1950). Pyridoxal phosphate has been shown to be the coenzyme for decar-
boxylation of 5-hydroxytryptophan with the consequential production of
5-hydroxytryptamine or serotonin (Weissbach et al., 1959). Pyridoxal phos-
phate is also required for assisting desulfhydrase in converting cysteine to
pyruvic acid. Porphyrin synthesis is also involved and pyridoxal phosphate
is the cofactor for synthesis of y-aminolevulinic acid. Many neurohormones
require pyridoxal phosphate as a coenzyme in their synthesis and it is in-
volved and is essential for tryptophan utilization and metabolism of glutamic
acid, lysine, methionine, histidine, cysteine, and alanine. Pyridoxine is also
involved in fat metabolism, especially of the essential fatty acids. Itis involved
in the synthesis of messenger RNA, which generates transfer of information
at the site of polypeptide synthesis (Montjar et al., 1965). The vitamers Bg
play a most important role in protein metabolism, and as a result, carnivo-
rous fish have stringent requirements for pyridoxine in the diet and stores
are rapidly exhausted (Hardy et al., 1979).

2.2.3.3. Deficiency Syndrome

Signs of pyridoxine deficiency in fish are listed in Table 2.2. Since salmo-
nids, ictalurids, and very young cyprinids are carnivorous, with protein
requirements for young animals of between 40 and 50% of the ration,
pyridoxine stores are rapidly exhausted when fish are held on pyridoxine-
deficient rations. Acute deficiency signs occur after 14-21 days in salmon on
a diet devoid of pyridoxine and the entire population dies in 28 days when
fed a diet containing 50% or more protein in 12-15°C water. Since pyridox-
ine is involved in brain metabolism and in the homeostasis of serotonin,
epileptic-type fits occur. Also, general nervous disorders, hyperirritability,
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and alteration of the control of melanophore contraction occurs. Post-
mortem rigor mortis occurs very rapidly. Rapid and gasping breathing with
flexing of the opercles is a common observation, and edema in the peri-
toneal cavity with colorless serous fluid occurs in some fish on some experi-
mental treatments (Halver, 1953a, 1957; Coates and Halver, 1958). Salmon,
trout, carp, and yellowtail exhibit premortem rigor a few hours before death,
and when the deficiency has progressed this far, recovery is very unlikely un-
less fish are injected with pyridoxal phosphate. Tetany, nervous disorder, and
a blue—green color occur in deficient catfish (Andrews and Murai, 1979).
Japanese eels showed anorexia and convulsions in 3-4 weeks on deficient
diets (Arai et al., 1972). Alanine aminotransferase activity was related to vi-
tamers Bg in trout (Smith et al., 1974; Jurss, 1978). Handling the animals
generally induces more damage than vitamin administration corrects. Re-
covery of those fish still feeding is equally rapid and dramatic on adminis-
tration of pyridoxine hydrochloride in the diet. Deficiency signs disappear
within a day or two after the pyridoxine is replaced in the ration. Erythrocyte
transaminase activity and plasma transaminase activity reflect the deficiency
state (Hardy el al., 1979; Cowey et al., 1981; Adron et al., 1978; Kissel et al.,
1981).

2.2.3.4. Requirements

Pyridoxine requirements for salmonids, cyprinids, and ictalurids are listed
in Table 2.3. Trout requirements were obtained from analysis of meat-meal
mixtures, growth response, and assay for maximum liver storage. Salmon
requirements were assessed by feeding different increments of crystalline
pyridoxine hydrochloride added to the vitamin test diet and measuring the
growth response and maximum liver storage. Trout requirements appear to
be lower than those of salmon but the experimental salmon were smaller
fish and may have reflected the higher protein requirement for that size
animal and water temperature. Requirements for other species used maxi-
mum growth or enzyme saturation levels.

2.2.3.5. Sources and Protection

Good sources of vitamer Bg activity are yeast, cereal brans, cereal grains,
cereal germ, egg yolk, liver, and glandular tissues. Pyridoxine compounds
in phosphorylated form present in agricultural products are fairly stable but
are labile to ultraviolet radiation. Dietary ingredients in open pans should
be protected from exposure to sunlight. Some pyridoxal phosphate will
be lost on exposure to air. Free forms of pyridoxal and pyridoxamine are
rapidly destroyed by air, light, and heat when in a moist form such as in the
preparation of moist diets. Pyridoxine hydrochloride supplementation is
most desirable for preparation of custom or commercial fish diets because
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of the tremendous role pyridoxine plays in maintaining normal protein
metabolism during growth of carnivorous fish.

2.2.3.6. Antimetabolites and Inactivation

Antagonists may compete for reaction sites of the apoenzyme or may re-
actwith pyridoxal phosphate to form inactive compounds. Deoxypyridoxine
is a potent Bg antagonist because of competition for apoenzyme sites but is
a useful agent to accelerate Bg deficiency in experimental animals (Martin
et al., 1948). This same compound inhibits tyrosine decarboxylase (Beiler
and Martin, 1947). Methoxypyridoxine is another antagonist and toxopyrim-
idine (2-methyl-4-amino-5-hydroxymethylpyrimidine) produces liver dam-
age in rats, inhibits glutamic acid decarboxylase, and causes convulsions
(Nishizawa et al., 1958). Isonicotinic acid hydrazide, used for the treat-
ment of tuberculosis, is chemically related to pyridoxine and acts as a Bg
antagonist. Specific pyridoxal-5-phosphate antagonists were reviewed by
Chow (1964).

2.2.3.7. Clinical Assessment

Plasma and erythrocyte transaminase activity has been shown to reflect
the pyridoxine status of the animal. A high tryptophan load in the diet
increases the vitamin Bs requirement and misleads plasma transaminase
activity measurements (Chow, 1964). Liver storage measured by microbio-
logical assay was 5—6 g of Bg activity/g of fresh sea salmon liver, whereas
fingerling salmon fed a 50% protein diet in fresh water had 2-3 ug/g of wet
tissue. Assay of diet for the vitamers Bg by microbiological methods gives
a truer representation of the total Bg activity including intermediates than
is obtained in specific chemical determinations. A fluorescent lactone of
pyridoxic acid can be prepared from the urine of humans by heating with
strong acids, but this simple fluorometric analysis needs to be tested for fish
metabolic wastes because of altered pathways for elimination of nitrogenous
compounds by these aquatic animals. Alanine aminotransferase activity was
related to vitamer Bg intake in trout (Smith et al., 1974; Jurss, 1978). Hardy
et al. (1979) used erythrocyte glutamic-oxaloacetic transaminase (aspartate
transaminase) activity to determine pyridoxine status in salmon.

2.2.4. Pantothenic Acid

A chick dermatitis was cured by Elvehjem and Koehn in 1935 with a factor
containing B-alanine. The requirement for this factor was determined by
Lepkovksy in 1936 and the active material was isolated and used by Jukes
(1939) and by Woolley et al. (1939). Pantothenic acid was synthesized by
Stiller et al. (1940). Pantothenol was shown to be the active factor by Pfaltz
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Pantothenic acid.

in 1943 (Hein, 1964). Phillips et al. observed clubbed gills in trout fed panto-
thenic acid-deficient diets in 1945. Rucker et al. (1952) observed that salmon
fed low-pantothenic acid diets developed clubbed gills.

2.2.4.1. Chemical Structure, Characteristics, and Analogs

Pantothenic acid may be considered a dihydroxydimethylbutyric acid
bonded to B-alanine. The chemical formula is CoH19O5N and the struc-
tural formula for 2,4-dihydroxy-3,3-dimethylbutyryl-g-alanine is shown in
Fig. 2.6. The free acid is a yellow, viscous oil and therefore the compound
generally used in fish nutrition is the calcium salt. This salt is a white crys-
talline powder readily soluble in water and mild acid and almost-insoluble
in fat solvents. It is stable to oxidizing and reducing agents and to autoclav-
ing but is labile to dry heat, hot alkali, or hot acid. Pantothenol has almost
as much activity as pantothenic acid for growth of chicks. Pantothenic acid
acetate, benzoate, and diphosphate esters are biologically active for animals
but not for lactic acid bacteria. The optical isomer L-pantothenic acid ap-
pears to be physiologically inert. Some organisms may utilize a portion of
the molecule. Bacteria appeared to require only the dihydroxydimethylbu-
tyric acid, and some yeasts utilize only B-alanine. Animals, however, need
the entire pantothenic acid molecule or its reduced alcohol form to satisfy
the vitamin requirements (Chow, 1964).

2.2.4.2. Positive Functions

Pantothenic acid is part of acetyl coenzyme A, which occurs in many
enzymatic processes involving two-carbon compounds. It has been shown
to be required by all animal species studied and by many microorganisms
(Chow, 1964; West et al., 1966). The acetyl coenzyme A system is involved
in the acetylation of aromatic amines and choline; condensation reactions
for the synthesis of acetate, fatty acids, and citrate; and the oxidation of
pyruvate and acetaldehyde. And it is essential for the development of the
central nervous system. The two-carbon fragment called “active acetate,” or
acetyl coenzyme A, is an essential intermediate in metabolism. It is involved
in most acylation reactions in the body including acyl groups other than
acetate such as succinate, benzoate, propionate, and butyrate. Pantothenic
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acid isinvolved in adrenal function and the production of cholesterol. Coen-
zyme A is also involved in many other steps of intermediate metabolism of
carbohydrates, fats, and proteins. It is obviously a key nutrient for normal
physiology and metabolism of a growing fish.

2.2.4.3. Deficiency Syndrome

Deficiency signs for pantothenic acid are summarized in Table 2.2. Under
standard test conditions with a deficient diet fed in 10-15°C water systems,
salmon and trout exhaust pantothenic acid stores in 8—-12 weeks. Yellow-
tail developed deficiency signs after only 10-14 days (Hosokawa 1989). Fish
stop feeding and microscopic or hand lens examination of gill filament
show proliferation of epithelial surface plus swelling and clubbing together
of the filaments and lamellae. The surface of the gills is often covered with
an exudate. Fish become prostrate or sluggish. The opercles are distended
and the animals appear to have a “mumpy” appearance when viewed from
above (Phillips et al., 1945; Rucker et al., 1952). Necrosis, scarring, and cel-
lular atrophy of the tender gill elements occur and anemia develops after
prolonged deficiency (Halver, 1953a,b, 1957). Dietary gill disease has been
adequately described and correlated with pantothenic acid deficiency. The
same type of symptom has been observed in salmon, trout, eel, carp (Ogino,
1967b; Steffens, 1969), yellowtail (Hasokawa, 1989), red seabeam (Yone and
Fuji, 1974), and catfish (Dupree, 1966). Catfish develop eroded jaws, fins,
and barbels (Murai and Andrews, 1979). After replacement of pantothenic
acid in the diet, recovery is rapid for those fish still feeding and the typical
clubbed gill disappears clinically after about 4 weeks on the recovery diet;
however, evidence of necrosis and scarring are retained as the gill filaments
and lamellae repair.

2.2.4.4. Requirements

Dietary requirements for salmon, trout, and other fish are listed in
Table 2.3. Trout values were determined using the Wisconsin technique
for maximum growth response or using the Cortland technique of assaying
diet ingredients, measuring the growth response, and assaying for maxi-
mum liver storage for the different diet treatments. Salmon values were
determined by using test diets supplemented with increments of calcium
pantothenate, measuring the growth response, and assaying for maximum
liver storage. Requirements for other species used intake versus growth or
tissue saturation (NRC, 1993).

2.2.4.5. Sources and Protection

Good sources for pantothenic acid are cereal bran, yeast, liver, kidney,
heart, spleen, and lung. Fish flesh is a relatively rich source, although the
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content is only about 20% of the pantothenic acid found in animal glandu-
lar tissue. Royal jelly probably contains the greatest amount and must have
some role in the transformation of bee larvae into queen bees, as it contains
over 500 ug of pantothenol/g of dry weight (Pearson and Burgin, 1941).
Pantothenic acid in the sodium or calcium salt form is relatively stable and
can be incorporated into either moist or dry fish diets. Some loss is incurred
during autoclaving and excessive heat should therefore be minimized dur-
ing diet preparations. Because the free acid is labile to heat and also to acid
and alkali, some loss can be expected during warm, moist, diet preparation
or during warm, moist storage. Certain cereal brans may have pantothenic
acid bound in a form unavailable to fish because of the low digestibility
coefficients and so should be used sparingly as the pantothenic acid source
for the diet. During pasteurization some loss may occur during preparation
of wet fish or animal glandular tissue in moist diet formulas.

2.2.4.6. Antimetabolites and Inactivation

Because pantothenic acid affects the respiration of many types of cells,
compounds such as 6-mercaptopurine, 2,6-diaminopurine, and 8-azagua-
nine, which inhibit growth of tumors, are antagonistic to pantothenic acid
(Chow, 1964). Pantoyltaurine is an antimetabolite of pantothenic acid and
has been used to accelerate deficiency syndromes in experimental animals
(Winterbottom et al., 1947). Many derivatives of this compound have been
prepared and used for this purpose. Winterbottom et al. (1947) reported
that methyl-w-pantothenic acid is also an antagonist which interferes with
the formation of acetyl coenzyme A and accelerates deficiency symptoms in
animals. This compound inhibited sulfanilamide acetylation in pigeon liver
homogenates but did not prevent citric formation (Dietrich and Shapiro,
1956). Pantothenic acid itself can be used to overcome the inhibitory effects
of these antagonists. It has been shown to reverse the blocking of nuclear
mitosis with 6-mercaptopurine in animals. A high pantothenic acid or coen-
zyme A intake is effective. The migratory urge of salmon can be inhibited
by providing high levels of calcium pantothenate in the diet, but this effect
is only transitory and salmon reverted to the migratory urge after about
3 weeks of a high pantothenic acid dietary intake (Burrows et al., 1951).

2.2.4.7. Clinical Assessment

Assay of the pantothenic acid content in the diet may be misleading un-
less care is exercised in proper hydrolysis of the raw materials being assayed.
Pantothenic acid is liberated only slowly by normal hydrolytic procedures
and inadequate hydrolysis will result in low values. Complete hydrolysis with
enzyme preparations will liberate all the pantothenic acid from biologically
active material of glandular tissues, fish flesh, yeast, and bran. Coenzyme
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A'is present in cells of most biological material, which must be hydrolyzed
adequately to liberate pantothenic acid, pantotheine, phosphopantothenic
acid, phosphopantotheine, and bound coenzyme A (Brown, 1959). Liver
storage for actively feeding sea salmon shows a pantothenic acid content
of 18-20 ng/g of fresh tissue. Young chinook and coho salmon finger-
lings reared in fresh water at 12-15°C showed a maximum liver storage
of about 14-16 ug of pantothenic acid/g of fresh liver tissue. Load tests
and acetylation reactions of sulfanilamide have been used in humans and
other experimental animals but have not yet been extended for assessment
of pantothenic acid status in fish.

2.2.5. Niacin

Nicotinic acid was synthesized by Huber and Weidel in 1873 (Hein, 1964)
but was left on the shelf as an organic compound unrelated to the severe
pellagra afflictions occurring throughout the world at that time. Sixty years
later Warburg and Christian (1935) showed it to be present in coenzymes I
and II, and 2 years thereafter Elvehjem et al. (1937) cured “black tongue”
in dogs with the vitamin. Niacin was postulated to be part of factor H for fish
in 1937 (Tunison ¢t al., 1943), but deficiency symptoms were not adequately
described until reported in trout by McLaren et al. (1947a).

2.2.5.1. Chemical Structure, Characteristics, and Analogs

Niacin or nicotinic acid is pyridine-3-carboxylic acid, with the chemical
formula C¢H5O9N and the structural formula shown in Fig. 2.7. Niacin is
the preferred nomenclature rather than nicotinic acid, the original name
of the material synthesized in 1873 by Hubert and Euler. Nicotinic acid
amide or niacinamide is the common form in which the vitamin is phys-
iologically active. Niacin is a white, crystalline solid, soluble in water and
alcohol and more soluble in alkali. It is stabile in the dry state and may be
autoclaved for short periods without destruction. It is also stabile to heat in
mineral acids and alkali. Niacin is both a carboxylic acid and an amine and
forms quaternary ammonium compounds because of its basic nature. Acidic
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Niacin: nicotinic acid (leff) and niacinamide (right).
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characteristics include salt formation with alkali and reactional heavy-metal
salts. Niacin can be esterified easily, then converted to amides. Niacinamide
isa crystalline powder with the formula CgHgN2O and is soluble in water and
ethanol, and the dry material is stable up to about 60°C. In aqueous solu-
tions it is stable for short periods of autoclaving. It is the form of the vitamin
normally found in niacinamide adenine dinucleotide phosphate (NADP).
Niacin, niacinamide, NAD, and several derivatives of NAD and NADP have
biological activity.

2.2.5.2. Positive Functions

The major functions of niacin in NAD and NADP are the removal of hy-
drogen from substrates and the transfer of hydrogen or electrons to another
coenzyme in the hydrogen transport series. Most of these enzyme systems
function by alternating between the oxidized and the reduced state of the
coenzymes NAD-NADH and NADP-NADPH. These oxidation-reduction
reactions are anaerobic, as, for example, when pyruvate acts as the hydrogen
acceptor and lactate is formed. The second type of oxidation-reduction re-
action is coupled to electron transportwith subsequent oxidation of reduced
NADH or NADPH, and these are aerobic reactions which function in res-
piration. Both NAD and NADP are involved in the synthesis of high-energy
phosphate bonds which furnish energy for certain steps in glycolysis, in
pyruvate metabolism, and in pentose synthesis. Niacin is also involved in
lipid metabolism, amino acid and protein metabolism, and photosynthesis.
An interrelationship between thiamin and niacin exists since both vitamins
are involved in coenzyme systems of carbohydrate metabolism in energy-
generating systems of intermediary metabolism where food material is oxi-
dized to furnish heat for physiological functions, to maintain homeostasis,
for body temperature in homeotherms, or to generate high-energy phos-
phate bonds for subsequent physiological reactions of the living organism.
Over 100 pyridine-linked dehydrogenases function in normal metabolism
as hydrogen acceptors in energy-yielding or biosynthetic pathways. A good
review of niacin biochemistry has been presented by Goldsmith (1964).

2.2.5.3. Deficiency Syndrome

The deficiency signs in fish are listed in Table 2.2. Stores of niacin are
exhausted more slowly under experimental conditions than stores of some
of the other vitamins, resulting in less defined and more slowly developing
symptoms. Elvehjem cured black tongue in dogs by administration of niacin
in 1937 (Elvehjem et al.,, 1937) and a history of pellagra-like symptoms in
primates of ancient record was elegantly described by Casal over 200 years
ago (Harris, 1919). Niacin deficiencies in fish were experimentally induced
in the late 1940s and early 1950s by using basal diets which had a low niacin
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content. Loss of appetite and poor food conversion were the first signs
noted; then fish turned dark and went off feed. On continued exposure to
the deficient regimen, lesions in the colon appeared, erratic motion was
observed, edema of the stomach and colon appeared, and muscle spasms
occurred while fish were apparently resting (McLaren et al., 1947a; Wolf,
1951; Halver, 1953a,b, 1957). A predisposition to sunburn in fish confined in
the open in shallow ponds or raceways was described (DeLong et al., 1958b).
Carp showed a congestion of the skin with subcutaneous hemorrhages (Aoe
et al., 1967a). Eels showed similar skin lesions and abnormal swimming
(Arai et al., 1972). Catfish showed skin lesions, deformed jaws, and anemia
(Andrews and Murai, 1978). Common symptoms of niacin deficiency in
most fish studied were muscular weakness and spasms, coupled with poor
growth and poor food conversion.

2.2.5.4. Requirements

Niacin requirements in young fish tested experimentally are listed in
Table 2.3. Brook and brown trout requirements were calculated by feed-
ing meat-meal mixtures which were assayed for niacin content and then
noting the growth response and calculating the point of maximum liver
storage at the end of the experimental period. Rainbow trout and salmon
requirements were determined by feeding test diets containing different in-
crements of niacin and then measuring growth and the point of maximum
liver storage at the end of the experimental period. Salmon requirements ap-
pear to be approximately twice those of trout and may reflect differences in
metabolism or an imbalance of nutrients in the test diets. In homeotherms
on a balanced test ration the niacin requirement is generally estimated to
be about 10 times the thiamin requirement. These rations generally con-
tain considerable carbohydrate material to furnish energy to maintain body
temperature. In fish the requirement appears to be 20 to 30 times the
thiamin needs determined for the same test conditions and test rations.
This difference may be due to the low carbohydrate content of young fish
diets and the higher protein content of these rations. A well-established
conversion of tryptophan to niacin has been reported by Nishizuka and
Hayaishi (1963) for mammalian liver. This conversion may account for the
slow development of niacin deficiency syndrome in fish. However, after
10-14 weeks on diets devoid of niacin, deficiency symptoms did occur in sev-
eral species of fish. The symptoms were reduced by replacement of niacin in
the ration even when high-protein diets containing an excess of tryptophan
were fed. Conversion of tryptophan to niacin is limited in fish and niacin
must be fed to prevent deficiency and impaired growth. However, too much
niacin inhibits growth (Poston, 1969a; Poston and Lorenzo, 1973; Poston
and Combs, 1980).
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2.2.5.5. Sources and Protection

Niacin is found in most animal and plant tissues. Rich sources are yeast,
liver, kidney, heart, legumes, and green vegetables. Wheat contains more
niacin than corn and the vitamin is also found in milk and egg products.
The vitamin is very stable, as it is generally found in coenzyme form in
raw materials. Niacin added to the diet as a supplement remains relatively
unaltered during diet manufacture, processing, and storage.

2.2.5.6. Antimetabolites and Inactivation

Pyridine-3-sulfonic acid and 3-acetylpyridine are compounds structurally
related to niacin and are antimetabolites for this vitamin in animals and in
microorganisms. Additional niacin can overcome the antimetabolite effect.
A niacin deficiency symptom in rats may be induced by 6-aminoniacinamide.
The symptom is reversed by the addition of 10 times more niacinamide than
antimetabolite (Goldsmith, 1964). Thioacetamide and phenothiazine have
been reported to inhibit niacin function in fish and thus cause a predispo-
sition to sunburn and skin lesions (Rucker, 1957). Similar results occurred
in deficient rainbow trout (Poston and Wolfe 1985).

2.2.5.7. Clinical Assessment

Liver storage levels of actively feeding sea salmon show 70-80 ug of
niacin/g of wet liver tissue. About half of this amount is present in fin-
gerling salmon raised in 12-15°C water environments and fed test rations
containing 40-50% protein and niacin supplements of 500-750 mg/kg dry
diet. Urinary metabolites of niacin have been measured in other animals
on a standard niacin load in test rations containing a standard tryptophan
load. The technique is well developed to measure the N'-methyl deriva-
tive in mammalian urine (Handley and Bond, 1948). These data have not
been reported for fish but metabolism chambers are available for collecting
branchial and urinary wastes from large fish intubated with different dietary
material (Lotlikar et al., 1967; Smith, 1971).

2.2.6. Biotin

Egg white “injury” in rats was described by Bateman (1916) and by Boas
(1927). Neural disturbances from this injury were reported by Findlay and
Stern in 1929, and the active material was called “coenzyme R” by Allison
et al. (1933) and “vitamin H” by Gyorgy in 1939. Biotin was isolated by Kogl
and Tormis (1936) and the functions were defined for the active material
by Gyorgy in 1940. Biotin was synthesized by du Vigneaud (1942) and by
Harris et al. (1943). Biotin was once thought to be part of factor H for fish.
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Blue slime patch disease due to biotin deficiency in trout was reported by
Phillips et al. (1945) and McLaren et al. (1947a).

2.2.6.1. Chemical Structure, Characteristics, and Analogs

d-Biotin, hexahydro-2-oxo-l-thieno-3,4-imidazole-4-valeric acid, has the
chemical formula C;9H1603NsS and the structural formula shown in Fig. 2.8.
Itis a monocarboxylic acid slightly soluble in water and alcohol and insolu-
ble in fat solvents. Salts of the acid are soluble in water. Aqueous solutions
or the dry material are stable at 100°C and to light. The vitamin is destroyed
by acids and alkalis and by oxidizing agents such as peroxides and perman-
ganate. Biocytin is a bound form of biotin isolated from yeast, plant, and
animal tissues (Wright et al., 1954). Other bound forms of the vitamin can
generally be liberated by peptic digestion. Oxybiotin has partial vitamin
activity but oxybiotin sulfonic acid and other analogs are antimetabolites
inhibiting the growth of bacteria. This inhibition can be overcome by ad-
ditional biotin and therefore must be due to inhibition of incorporation
of the biotin into coenzymes (West et al., 1966). Avidin, a protein found
in raw egg white, binds biotin and makes it unavailable to fish and other
animals. This binding is irreversible in raw material, but heating to dena-
ture the protein makes the bound biotin available again to the fish. Biocytin
or g-biotinyllysine (the g-amino group of lysine and the carboxyl of biotin
being combined in a peptide bond) is hydrolyzed by the enzyme biotinase,
making the protein-bound biotin available.

2.2.6.2. Positive Functions

Biotin is required in several specific carboxylation and decarboxylation
reactions, reviewed by Lardy and Peanasky (1953), Vagelos (1964), and
Knappe (1970). Biotin is part of the coenzyme of several carboxylating
enzymes fixing COs, such as propionyl coenzyme A in the formation of pro-
pionic acid, acetyl-CoA carboxylase, and pyruvate carboxylase. Carboxylase
fixation of COg to form methylmalonyl coenzyme A is involved in the car-
boxylation and decarboxylation of tricarboxylic acids. Biotin is also involved
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in purine synthesis and is the coenzyme of malonyl coenzyme A involved in
elongation of fatty acids (Waite and Wakil, 1966). It is involved in general
lipid synthesis in animals and in the deamination and biosynthesis of cit-
rulline. It is also involved in the conversion of unsaturated fatty acids to the
stable cis form in the synthesis of biologically active fatty acids.

2.2.6.3. Deficiency Syndrome

Some signs of biotin deficiency in salmonids are skin disorders, mus-
cle atrophy, lesions in the colon, loss of appetite, and spastic convulsions.
Hematology discloses fragmentation of erythrocytes. Poor growth is a com-
mon symptom and has been reported for salmonids (McLaren et al., 1947a;
Phillips et al., 1949; Wolf, 1951; Halver, 1953a,b, 1957),, common carp (Ogino
et al., 1970b), goldfish (Carassius auratus) (Tomiyama and Ohba, 1967),
channel catfish (Lovell and Buston, 1984), and eel (Arai ¢f al., 1972). Blue
slime patch disease in brook trout deficient in biotin appears to be typi-
cal for this species and is described in detail by Phillips et al. (1949). Fish
reared in 10-15°C water exhaust biotin stores in 8-12 weeks and the first
signs are anorexia, poor food conversion, and general listlessness before
the more acute deficiency symptoms become detectable (Woodward and
Frigg, 1989). Liver acetyl coenzyme A carboxylase and pyruvate carboxylase
are reduced (Poston and McCartney, 1974), and degenerate acinar cells
occur in the pancreas, with deposition of glycogen in the kidney tubules
(Poston and Page, 1980). Catfish developed light skin and lower pyruvate
carboxylase activity (Robinson and Lovell, 1978).

2.2.6.4. Requirements

The biotin requirements for young salmon, trout, carp, goldfish, and eel
raised under experimental conditions appear to be about the same. Brown
trout appeared to require nearly twice as much biotin in the diet as do
brook or rainbow trout (Phillips et al., 1949). The requirements are listed
in Table 2.3 and were determined for trout by feeding different meat-meal
mixtures containing various levels of biotin and assaying for liver storage.
The requirements for salmon were determined by feeding test diets with dif-
ferent increments of biotin added. The requirements for carp were likewise
determined by the use of test diets and added biotin. Similar techniques
were used for other fish species.

2.2.6.5. Sources and Protection

Rich sources of biotin are liver, kidney, yeast, milk products, and egg
yolks. Nut meats contain good supplies of biotin isotels. The diet should be
protected from strong oxidizing agents or conditions which promote oxi-
dation of ingredients. Raw egg white should not be incorporated into moist
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fish diets. Cooking will inactivate the avidin, which irreversibly binds biotin.
Natural ingredients used to manufacture most fish diets generally contain
sufficient biotin for normal growth of salmonids and ictalurids (Casteldine
et al., 1978; Lovell and Buston, 1984; NRC, 1993).

2.2.6.6. Antimetabolites and Inactivation

Raw egg white has already been discussed; it irreversibly binds biotin and
makes it unavailable to young fish. Many biotin homologs with different side-
chain lengths inhibit the growth of bacteria. Oxybiotin sulfonic acid inhibits
biotin and generates deficiency symptoms. Oxybiotin can form derivatives
which compete for biotin sites during the formation of coenzymes. Oxy-
biotin, a chemically synthesized compound, has about the same biological
activity as natural §-biotin.

2.2.6.7. Clinical Assessment

Liver pyruvate carboxylase activity reflects the biotin status in fish
(Robinson and Lovell, 1978). Measurement of urinary excretion of biotin
in animals is not a good clinical method, as biotin is synthesized by several
organisms in the gut. Biotin is one of the most expensive vitamins to add
to fish rations. Actively feeding sea salmon have liver biotin concentrations
of 10-12 ug/g of wet liver tissue. The concentrations in the liver of young
salmon fingerlings fed test diets containing an excess of biotin in fresh water
were between 6 and 8 ug of the vitamin /g of tissue. Fish with these levels of
biotin in the liver are probably of a sound biotin nutritional status.

2.2.7. Folic Acid (Folacin)

A megaloblastic anemia was induced in monkeys by McCarrison in 1921
(Hein, 1964). An active extract was isolated and used to cure anemia by
Day et al. (1938) and vitamin M and vitamin B, were reported by Stokstad
(1943). Folic acid was synthesized by Pfiffner et al. in 1946 and was soon
used in fish diets to try to cure purified diet anemia. Tunison et al. (1943),
Phillips et al. (1947), and McLaren et al. (1947a) all worked with folic
acid as the antianemic factor in 1945-1947. Halver and Norris tested it in
salmon in 1949 and Wolf (1951) incorporated it into his test diets for trout
in 1950.

2.2.7.1. Chemical Structure, Characteristics, and Analogs

Folic acid, pteroylglutamic acid, or folacin has the chemical formula
C19H19N7Og and the structural formula shown in Fig. 2.9. Folic acid crys-
tallizes into yellow spear-shaped leaflets which are soluble in water and
dilute alcohol. It can be precipitated with heavy-metal salts. In acid it is
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Folic acid.

easily destroyed by heat and deteriorates when exposed to sunlight or dur-
ing prolonged storage. Several analogs have biological activity including
pteroic acid, rhizopterin, folinic acid, xanthopterin, and several formyl-
tetrahydropteroylglutamic acid derivatives. These have closely allied ring
structures and many have been isolated as derivatives in various animals
or microbiological preparations. One simple form, xanthopterin, present
in the pigments of insects, is shown in Fig. 2.10 and is of special interest
because of early work with this compound as antianemic factor H for fish
(Simmons and Norris, 1941).

2.2.7.2. Positive Functions

Folic acid is required for normal blood cell formation and is involved as
a coenzyme in one-carbon transfer mechanisms (Huennekens et al., 1957,
1958; Nakao and Greenberg, 1958). In the presence of ascorbic acid, folic
acid is transformed into the active 5-formyl-5,6,7,8-tetrahydropteroylgluta-
meric acid. Folic acid is involved in many one-carbon metabolism systems
such as serine and glycine interconversion, methionine-homocysteine syn-
thesis, histidine synthesis, and pyrimidine synthesis for bases of the nucle-
oticles DNA and RNA (Hartman and Buchanan, 1959). Several coenzyme
forms of the active vitamin have been isolated. A good general discussion is
given by West ¢t al. (1966) and Pike and Brown (1975). Folic acid is involved
in the conversion of megaloblastic bone marrow to the nomaloblastic type.

e ﬁ et
|
N C C
(IZ OH
OH
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Xanthopterin.



2. The Vitamins 91

i ¢ &
. PN

" - ¢
. \

Blood smear of folic acid-deficient coho salmon. Note the senile cells and divided
nucleus of erythrocytes.

FiGc. 2.11

It plays a role in blood glucose regulation and improves cell membrane
function and hatchability of eggs.

2.2.7.3. Deficiency Syndrome

Macrocytic normochromic anemia occurs in several experimental ani-
mals, including fish, fed diets devoid of the vitamers folacin (Phillips et al.,
1963; Aoe et al., 1967c; Smith, 1968; Smith and Halver, 1969). Increasing
numbers of senile cells are observed as the deficiency progresses until only
a few old and degenerating cells are found in the blood of deficient fish.
Anterior kidney imprints disclose only adult cells and no proforms present.
Figures 2.11 and 2.12 show blood smears from deficient coho salmon and
kidney imprints from these same fish. In comparison, Fig. 2.13 shows a
blood smear of fish 28 days after folic acid was replaced in the ration and
Fig. 2.14 shows an anterior kidney imprint with many immature cells and
proforms present. Other signs observed have been poor growth, anorexia,
general anemia, lethargy, fragile fins, dark skin pigmentation, and infarction
of spleen in various species of fish (Arai et al., 1972; John and Mahajan, 1979;
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FiGc. 2.12

Anterior kidney imprint of folic acid-deficient coho salmon. Note the senile cells,
divided nucleus, and absence of immature or proforms of erythrocytes.

Hosokaiwa 1989). Duncan and Lovell (1991) reported deficiency-induced
reduced growth and increased sensitivity to bacterial infection in catfish.

2.2.7.4. Requirements

Folic acid requirements based on feeding meat-meal mixtures or test
diets plus crystalline compounds, measuring the growth response and food
conversion, observing for anemia, and determining the maximum liver sto-
rage of the vitamin are listed in Table 2.3. The requirement seems to be about
the same for trout and salmon. Marginal macrocytic anemias occur in fish
fed diets containing marginal amounts of folacin. Individual fish ingesting
adequate amounts of the vitamin have a low variation in total erythrocyte
counts. Combined deficiency of folic acid and vitamin By accelerates the
onset of anemia.

2.2.7.5. Sources and Protection

Yeast, green vegetables, liver, kidney, glandular tissue, fish tissue, and fish
viscera are good sources of folic acid. Insects contain xanthopterin, which
has folic acid activity and the same nuclear structure as folic acid. At one
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Blood smear from a normal coho salmon. Note the variety of erythrocyte types,
including immature forms, present.

time the yellow pigment of xanthopterin was identified as the fish antianemic
factor H, but subsequent experiments showed only partial activity and that
folic acid itself was a much more potent antimacrocytic anemia factor. Prob-
ably, insects do contribute to the folacin requirement of wild fish, but in sci-
entific fish husbandry other agricultural or industrial products form more
reliable sources. Some folic acid may be synthesized by the gut bacteria, espe-
cially in some warm-water fish species (Kashiwada et al., 1971). Activity is lost
during extended storage and when material is exposed to sunlight. There-
fore, dry diet materials should be carefully protected during manufacture
and moist diet rations should be carefully preserved. Both types of fish diets
should be fed soon after manufacture to assure the original folic acid activity.

2.2.7.6. Antimetabolites and Inactivation

One antagonist for folacin is 4-aminopteroylglutamic acid or aminop-
terin. This material, when incorporated in the diet of guinea pigs and rats,
induces anemia and leukopenia and has been used to treat leukemia in man
(Chow, 1964). Amethopterin (4-amino-N!’-methylpteroylglutamic acid)
also can be used to induce deficiency by suppressing 4-amino coenzymes,
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Fic. 2.14

Head kidney imprint of a normal coho salmon. Note the variety of cells present and
proforms of erythrocytes during the different states of development.

with resultant poor purine, pyrimidine, and nucleic acid production. Like-
wise, amethopterin inhibits nucleic acid synthesis and macrocytic anemia
eventually occurs.

2.2.7.7. Clinical Assessment

Hematology is used as a simple clinical tool to assess hemopoiesis in
fish. Anterior kidney imprints easily disclose a normal distribution of imma-
ture cells and proforms undergoing reticulosis. Actively feeding sea salmon
and young salmon fingerlings fed diets rich in folacin show a liver storage
of 3—-4 pg of folic acid/g of wet tissue. Microbiological assay is preferred
for assessment of total vitamers for folacin in dietary raw materials be-
cause the total biological activity it measures includes all the various coen-
zyme forms and folic acid analogs. Assessment of the dietary level of the
vitamers folacin and intake of fish feed is important for intensive cold-
water fish husbandry. In pond culture techniques where the diet is sup-
plementary in nature and fish eat aquatic and terrestrial insects, algae,
and other food, folic acid in the supplement is not as critical as when the
animals must depend entirely on the supplement. As folic acid is labile



2. The Vitamins 95

in storage, excessive amounts are generally added during feed manufac-
ture in anticipation of improper or long-term storage. However, prudent
fish husbandry dictates rapid use of manufactured rations with minimum
storage and/or additional supplementation with folic acid. Routine peri-
odic hematology of the fish assures proper nutritional status for maximum
production and sound health. The author has noted in several series of ex-
periments that when fish diseases occur through inadvertent contamination
of the water supply, those groups of fish partially or completely deficient in
folic acid are the first lots to show acute disease symptoms. Therefore, folic
acid must also play an important role in resistance to disease. Experiments
testing this hypothesis should yield important dividends to improve fish
husbandry.

2.2.8. Vitamin B2

The antipernicious anemia factor was isolated and crystallized nearly
simultaneously by Rickes et al. (1948) and by Smith (1948). A tentative chem-
ical formula for the active APF (animal protein factor) was established by
Todd and co-workers in 1955 (Hein, 1964). One milligram of vitamin By
was made available by Dr. Major of Merck and Co. to test antianemic action
in salmon in the late fall of 1949, and Halver and Horris injected anemic
salmon with crystalline Bys alone and in combination with folic acid and xan-
thopterin. Positive hemopoiesis occurred within a few days after vitamin B1o
plus folic acid was injected, and the salmon showed a rapid recovery from
the anemia. In 1950 Wolf (1951) added both vitamin B;s and folic acid to
supply factor H in his trout test diet.

2.2.8.1. Chemical Structure, Characteristics, and Analogs

Vitamin Bye or cyanocobalamin has a molecular weight of ~1500 and the
approximate chemical formula Cg3HggO14PCo, depending on the state of
hydration (Smith, 1960). The approximate structural formula is shown in
Fig. 2.15. The molecule has a planar group and a nucleotide group lying
nearly at right angles to one another (Chow, 1964). Cyanocobalamin is a
red crystalline compound which was isolated almost simultaneously by inves-
tigators in England and in the United States. This cobalt-containing vitamin
has a net charge of 1 and has a cyano group linked to the central cobalt
molecule which can be replaced with various other small groups to form
hydroxocobalamin, nitrocobalamin, thiocyanocobalamin, and chlorocobal-
amin. The crystalline material or aqueous solution of vitamin By is stabile
to mild heat in neutral solutions but is rapidly destroyed by heating in di-
lute acid or alkali. Crude concentrates are more unstabile and lose activity
rapidly. The compound is similar to the porphyrins in spatial configuration,
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Vitamin By, depicting the planar structure and central cobalt atom.

with a central cobalt atom linked to four reduced pyrrole rings which form a
large macro ring (Hein, 1964). Several other vitamers B9 have been isolated
with a good biological activity for animals or bacteria (Chow, 1964).

2.2.8.2. Positive Functions

Cyanocobalamin is involved with folic acid in hemopoiesis. It is required
for growth by many microorganisms and is a growth factor for many animals
(Hunter et al., 1949; Hartman et al., 1949; Ott et al,, 1948; Johnson and
Neumann, 1949). The animal protein factor present in fish meal and other
animal meals was not correlated with fish antianemic factor H until crys-
talline vitamin B;o was injected into anemic chinook salmon fingerlings
in 1949 and positive hemopoiesis was observed (Halver, 1953a, 1969).
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A coenzyme incorporating vitamin By is involved in the reversible isomer-
ization of methylmalonyl coenzyme A to succinyl coenzyme A and in the
isomerization of methyl aspartate to glutamate. Cyanocobalamin is involved
in the coenzyme for the methylation of homocystine to form methionine.
It is also involved in several other one-carbon metabolism reactions and
in the synthesis of labile methyl compounds. One vitamin Bje-containing
coenzyme acts in methylation of the purine ring during thymine synthe-
sis. Vitamin Bjs is also involved in cholesterol metabolism, in purine and
pyrimidine biosynthesis, and in the metabolism of glycols (Chow, 1964). In
addition, it is involved in fatty acids with an odd number of carbon chains
and in the recycling of tetrahydrofolic acid (NRC, 1983).

2.2.8.3. Deficiency Syndrome

Deficiency signs in young pigs, chicks, and rats are abnormal blood ele-
ments, poor growth, porphyrin whiskers, scaly feet, and pernicious anemia
(West et al., 1966). An intrinsic factor is necessary for good absorption of
the vitamin from the gut. This factor is a low molecular weight mucoprotein
which normally occurs in gastric juice, especially in hog gut mucosa (Abeles
and Lee, 1961; Landboe-Christensen and Plum, 1948). Pernicious anemia
which results without gastric intrinsic factor or vitamin Bys is characterized
by abnormal hematology. This same picture occurs in blood smears in fish
deficient in vitamin Bjs. Erythrocytes are fragmented, with many aberrant
forms present. Hemoglobin determination is erratic between fish, and ery-
throcyte counts have a range extending from frank anemia to a near-normal
blood pattern. Cyanocobalamin stores in fish tissues are slowly exhausted,
and only after 12-16 weeks of testing do the symptoms appear in deficient
salmon populations. Poor appetite, poor growth, poor food conversion, and
some dark pigmentation can be observed before frank anemia is detected
(Halver, 1957). Chinook or coho salmon reared on diets devoid of vita-
min Bje, but with adequate sources of folic acid, show typical microcytic
hypochromic anemia, with fragmented erythrocytes and many immature
forms present in both blood smears and erythrocyte counting chambers.

2.2.8.4. Requirements

Difficulties in assaying for the vitamers Bjo in diets, the long induction
period for anemias to develop, and the preparation and assay problems in
assessment of liver storage have limited quantitative requirement determina-
tions to young chinook salmon fingerlings raised on stringently controlled
test diets in special water systems of a low microorganism count. The fig-
ures listed in Table 2.3 are the best tentative requirements which could be
calculated from the crystalline vitamin Bys intake observed, absence of mi-
crocytic pernicial anemia, normal hematology at the end of the 16-week
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feeding period, and maximum liver storage of vitamers Byo determined by
Lactobacillus leichmannii microbiological assay.

2.2.8.5. Sources and Protection

Rich sources of animal protein factor or vitamers By are fish meal, fish vis-
cera, liver, kidney, glandular tissues, and slaughterhouse waste meat. Some
vitamin Bjs is synthesized by gut bacteria in fish (Kashiwada et al. 1970;
Sugata, 1990, 1991) and may contribute to the B;s available for metabolism
by the animal. This phenomenon may provide justification for supplemen-
tation of fish diets with trace amounts of cobalt (Limsuwan and Lovell,
1981). Intestinal bacterial synthesis of B1o was sufficient to supply the B
requirements of tilapia ( Tilapia nilotica) (Lovell and Limsuwan, 1982). Since
vitamin Bqo is labile on storage, and is easily destroyed by heating in mild
acid solutions, care must be exercised in preparing diet containing flesh or
meat scraps poorly stored at a low pH and subsequently pasteurized or ster-
ilized. Likewise, storage conditions should be cold and of a short duration
before the diet is used to assure maximum retention of vitamin B9 activity
in the diet when consumed.

2.2.8.6. Antimetabolites and Inactivation

Hydroxocobalamin, chlorocobalamin, nitrocobalamin, and other deriva-
tives of the cyanide radical attached to the cobalt atom in vitamin B have
varying degrees of activity, but mild in vitro treatment with cyanide converts
these analogs back into cyanocobalamin (Kaczka et al., 1950). The vitamin
B9 coenzymes are very unstable in light, and exposure to direct sunlight for
a few minutes results in complete decompositions of the coenzyme. Also, di-
lute acid solutions increase sensitivity, and purine-containing analogs of B1o
coenzymes are very labile in dilute acid solution (Chow, 1964). Therefore,
B1o preparations for experimental work should be carefully preserved in
acotinic glass, in neutral solutions, until their use in experiments. Likewise,
moist diet preparations should be protected from light and maintained at
a neutral pH rather than in acid or alkali pH ranges to preserve as much
vitamin By activity as possible.

2.2.8.7. Clinical Assessment

Generalized anemia with fragmentation of erythrocytes and extremely
varying hemoglobin erythrocyte counts indicate possible Bys deficiency.
A prompt response in individual fish is obtained by injecting B alone
or in combination with folic acid at the ratio 1 part vitamin By to 100 parts
folic acid. Hematology in fish with vitamin Be deficiency is characterized by
these varied blood cell types, whereas folic acid deficiency shows only senile
cells, some with pycnotic nuclei, characteristic of macrocytic normochromic
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anemia. Therefore, characterization of the anemia is critical to separate
symptoms of one antianemic factor from those of the other. A combination
of the two vitamins is McCay’s fish antianemic factor H.

2.2.9. Ascorbic Acid

Experimental work on curing scurvy with fruit juice was described by
Lind in 1753, but nearly 200 years elapsed before the exact chemical com-
pound responsible for reducing the symptoms was defined. Vitamin C was
named by Drummond (1920). Glen King was studying the vitamin in
1922 (Halver, J. L. 2001) L-Glucuronic acid was isolated by Szent-Gyorgy
in 1928. Crystalline vitamin C was isolated and demonstrated to be the an-
tiscorbutic vitamin by King and Waugh (1932; Waugh and King, 1932)
and was named “ascorbic acid” by Szent-Gyorgy and Haworth (1933), and
L-dihydroascorbic acid was synthesized by Reichstein et al. (1933) in that
same year. McCay and Tunison reported scoliosis in brook trout fed formalin-
preserved meat in 1934, and McLaren et al. (1947a) observed hemorrhages
in trout fed rations low in ascorbic acid. Nearly 20 years then elapsed before
Kitamura et al. (1965) demonstrated a critical need in trout for vitamin C,
and 4 years later the need for L-ascorbic acid was demonstrated in salmon by
Halver et al. (1969). Fish were thus only recently added to the list of animals
requiring L-ascorbic acid in the diet. A comprehensive review of ascorbic
acid in aquatic animals was compiled by Dabrowski (2001b).

2.2.9.1. Chemical Structure, Characteristics, and Analogs

Ascorbic acid and its inactive analog dehydroascorbic acid have the for-
mula C¢HgOg and the structural formulas shown in simple form in Fig. 2.16.
The reduced or active form is a white, odorless, crystalline compound, solu-
ble in water but insoluble in fat solvents. Dihydroascorbic acid is easily and
rapidly oxidized to dehydroascorbic acid, which is much less active biologi-
cally than the reduced form. Ascorbic acid readily forms salts and is labile to
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Vitamin C: L-ascorbic acid (leff) and oxidized form or dehydroascorbic acid (right).



100 John E. Halver

free oxygen. Reduced ascorbic acid is very stable in acid solutions because
of the preservation of the lactone ring, but in alkaline solutions hydroly-
sis occurs rapidly and vitamin activity is lost. Copper and heavy-metal ions
enhance oxidation, and reduction back from the oxidized to the reduced
form can be accomplished in the laboratory. This reaction also proceeds
readily in the body, with the vital reducing agents glutathione and NADPH
involved. Vitamin C is very heat labile and prone to atmospheric oxidation,
especially in the presence of copper, iron, or several other metallic catalysts.
The reduced form is the most biologically active form but several derivatives
or salts may be formed which have varying degrees of ascorbate activity
(Woodruff, 1964; WHO, 1970). One derivative, L-ascorbate-2-sulfate (vita-
min C2S), is a heat-stable form synthesized by salmonids from excess dietary
L-ascorbic acid (vitamin C;) and used as a tissue storage form of this vitamin
(Fig. 2.17) (Halver, 1986). It is also found in brine shrimp cysts (Artemiasp.)
and in many other animal tissues and is resistant to oxidation when in the
sulfated state (Tucker and Halver, 1984). A chemically synthesized form,
L-ascorbate-2-phosphate (C2P), is readily used by fish as a vitamin C source.
Other stabile forms of derivatives with other electron-dense groups coupled
on the 2-position of ascorbic acid have been synthesized and are used in
feed manufacture.

2.2.9.2. Positive Functions

L-Ascorbic acid acts as a biological reducing agent for hydrogen transport.
It is involved in many enzyme systems for hydroxylation, i.e., hydroxylation
of tryptophan, tyrosine, and proline. It is involved in detoxification of aro-
matic drugs and also actsin the production of adrenal steroids (WHO, 1970).
Ascorbic acid is necessary for the formation of collagen and normal cartilage
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Vitamin C2S: r-ascorbate-2-sulfate.
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as well as normal tooth formation, bone formation, bone repair, and wound
healing (Knox and Goswami, 1961; Gould, 1960). Ascorbic acid plays a role
synergistically with vitamin E in the maintenance of intracellular antioxi-
dants and free radical traps. It acts synergistically with vitamin E and sele-
nium to maintain the activity of glutathione peroxidase and superoxide dis-
mutase. The conversion of folic acid to folanic acid requires vitamin C for the
active coenzyme form (Wolbach and Home, 1926; Woodruff, 1964). Ascor-
bic acid is involved in the formation of chondroitin sulfate fractions and
intercellular ground substances and is capable of forming sulfate derivatives
with very stable chemical characteristics (West et al., 1966; Tolbert et al., 1975;
Andrews and Crawford, 1982). Intubated labeled ascorbic acid is rapidly mo-
bilized and fixed in deficient fish in areas of rapid collagen synthesis and
becomes concentrated in the thick collagen of the skin and in cartilagenous
bones. Also, pituitary and adrenal glands of the anterior kidney of partially
deficient fish concentrate intubated vitamin C. Ascorbic acid is also involved
in the maturation of erythrocytes for maintenance of normal blood hema-
tology (Johnson et al., 1971). Stored ascorbate-2-sulfate (C2S) can be readily
converted into L-ascorbic acid (Cy) by the enzyme Cy sulfatase to provide tis-
sue metabolism demands for C;. This enzyme system operates under C; feed-
back control to maintain circulating levels of C; in the tissues (Benitez and
Halver, 1982). Either C2S or C-2-phosphate can be used to replete Atlantic
salmon (Salmo salar) and reduce fish scurvy symptoms (Halver and Hardy,
1994). The various phosphate derivatives are also excellent Csources and are
the most common forms currently used, as phosphate is readily hydrolyzed
off by digestive phosphatases, generating C; for use (Dabrowski, 2001a).

2.2.9.3. Deficiency Syndrome

Scurvy, with impaired collagen formation, perifollicular hemorrhages,
loose teeth, and poor osteoid formation, anemia, and edema have been re-
ported in other animals (WHO, 1970). Deficiency signs in fish are generally
related to impaired collagen formation. Fish soon show hyperplasia of col-
lagen and cartilage, then scoliosis, lordosis, internal hemorrhage, resorbed
opercles, and abnormal support cartilage in gills, spine, and fins, with hyper-
plasia of the jaw and snout (Halver et al., 1969). The same symptoms have
been observed in trout, salmon, yellowtail, carp, guppies (Poecilia reticulata),
catfish, snakehead, tilapia, minnows, mullet, char, and other fish (Kitamura
et al., 1965; Poston, 1967; Lovell, 1973; Stickney et al., 1984; Sakaguchi et al.,
1969; Yone and Tujii, 1974; Mahajan and Agrowl, 1979; Halver, 1979; Thomas
et al., 1985; Tucker and Halver, 1986). Histologically, hypertrophy of the
adrenal tissue and hemorrhages at the bases of fins have been observed in
coho salmon. Deficiency signs cease to develop and new growth becomes
normal on replacement of ascorbic acid in the ration. An anemia eventually
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develops in extremely deficient fish and extreme scoliosis and lordosis do
not repair but are walled off with new growth around the afflicted areas of
the spine when ascorbic acid is added to the deficient ration (Kitamura et al.,
1965). Reduced bone collagen was also shown in catfish (Wilson and Poe,
1973; Lim and Lovell, 1978) and in common carp and roach (Dabrowski
et al., 1988, 1989).

2.2.9.4. Requirements

Rainbow trout have been most studied with avariety of test diets and differ-
ent ascorbic acid intakes. These fish have a varied requirement, depending
on the criteria used to measure the need. Reasonable blood and anterior
kidney storage levels were obtained with an intake of about 100 mg of vitamin
C/kg of dry ration in 10, 12, or 15°C water systems. When wound repair ex-
periments were initiated, however, or when fish were exposed to other stress,
then the requirements doubled or tripled. When severe abdominal or intra-
muscular wounds were inflicted, young fish needed at least 500 mg of active
ascorbate for tissue repair comparable to that of control fish receiving 1 g or
more of ascorbate in the diet/kg of dry diet. Coho salmon appear to need
about half of these requirements for adequate tissue levels and for maximum
severe wound repair rates (Halver, et al., 1969). This phenomenon is illus-
trated in Table 2.4, reporting growth response and tissue repair for rainbow
troutand coho salmon, and in Figs. 2.18-2.22, showing wound repair rates in
typical fish fed 50, 100, 200, 400, or 1000 mg of reduced ascorbic acid/kg of
diet 3 weeks after wounds were inflicted. The requirement for ascorbic acid

Table 2.4

Growth and Tissue Ascorbate?®

Trout Salmon
Ascorbate concentrate” Ascorbate concentrate”
C diet Average Average

treatment  weight at Blood Kidney weight at Blood Kidney
(mg/100g) 24 weeks (g)  (ug/g) (ng/g) 24 weeks (g)  (ug/g) (ng/g)

0 2.4 — —¢ 5.0 22.3+2.2 89

5 9.6 344429 125 6.0 30.5+£1.2 132

10 10.6 346+1.3 187 5.7 35.8+1.6 265

20 10.1 38.8+3.3 132 6.1 342+23 183

40 10.2 46.8+6.2 162 6.3 33.7+2.0 225

100 10.8 51.0+4.6 247 6.0 37.8+23 321

“ From Halver et al. (1969).
b Average of five samples for blood (£SD) and two for head kidney tissue.
“ No fish available for assay
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Fic. 2.18-2.22

Typical sections through abdominal tissue wounds showing repair after 3 weeks in
rainbow trout fed 50 (Fig. 2.18), 100 (Fig. 2.19), 200 (Fig. 2.20), 400 (Fig. 2.21), or

1000 (Fig. 2.22) mg of L-ascorbic acid/kg of diet, respectively. Rate of wound repair
was directly related to vitamin C content of diet.
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2.22

must therefore be related to the stress, to the growth rate, to the size of
the animal, and to the other nutrients present in the diet. A compromise
value of about 200 mg of ascorbic acid/kg diet for trout and salmon raised
in freshwater systems between 10 and 15°C would ensure reasonable tissue
storage levels and furnish some excess for mild stress conditions and for
ascorbic acid loss from the diet through oxidation during feed preparation
and subsequent storage before the food is fed. Large carp can synthesize
some ascorbate and the requirement for this species may be dependent
on the size of the fish and environment in which reared (Ikeda and Sato,
1964). Fish also need more vitamers C when exposed to infectious diseases.
Navarre and Halver (1989) have shown thatrainbow trout exposed to known
concentrations of Vibrio anguillarumby either injection or dipping were more
resistant to infection with elevated vitamin C intake. Improved resistance to
a viral disease and diminished mortality in rainbow trout were reported
when elevated levels of L-ascorbate-2-polyphosphate were fed in the diet
(Anggawati-Satyabudhy et al., 1989). Improved immunoresistance to a viral
disease in trout was also demonstrated when ascorbate-2-phosphate was in-
creased in the diet (Angggawati-Satyabudhy et al., 1989). Reproduction may
also increase the demands for vitamin C (Soliman et al., 1986; Sandnes et al.,
1984). In constrast, sturgeons Acipenser, have gulonolactone dehydrogenase
present and can synthesize ascorbic acid from glucose; therefore they have
little dependence on dietary sources for vitamin C (Dabrowski, 2001b).
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2.2.9.5. Sources and Protection

Ascorbic acid is widely distributed in nature, with citrus fruits, cabbage,
liver, and kidney tissue good sources of the vitamin. High levels of vita-
min C are found in glandular fish tissue and appreciable quantities are still
present in fish meals made from whole fish. Probably, the addition of syn-
thetic industrial material to the ration, should be considered, however, to
assure adequate intake of this important vitamin for normal growth, tissue
repair, and sound physiological function of fish. Fresh insects and fish tis-
sues contain reasonable amounts of the vitamin, and certain dried fruits
such as lingonberries and cranberries, which have a high benzoic acid level
to protect the vitamin C content, are exotic but rich sources of the vitamin.
When ascorbic acid is used, the food must be protected from aerobic oxida-
tion and any moist feed must be carefully protected from oxidizing agents,
from air, and from copper, iron, and other metals which catalyze the oxida-
tion of ascorbic acid into the biologically inactive form. Several heat- and
oxidation-stable forms of ascorbate are available for use as dietary sources
for fish diets; the ascorbate form is the most stable but may not be used as
readily as the phosphate forms by some fish species. C2P is currently the
most available economic form generally used in diet formlations but the
phosphate can be hydrolyzed easily by the many phosphatases present in
many fish diet ingredients and the liberated ascorbic acid may then be oxi-
dized and lost as a vitamin C source. Esters on the C-6 position are partially
stable, but more stable forms are synthesized, with electron-dense moieties
on the C-2 position of the ascorbic ring. Decreasing stability is of the order
C2S, C2-monophosphate, C2-diphosphate, C2-triphosphate, C2-glycoside,
C6-palmitate, and ascorbic acid.

2.2.9.6. Antimetabolites and Inactivation

D-Ascorbic acid, the optical isomer of the active form, has no activity
and competes for sites of several enzyme reactions. 6-Deoxy-L-ascorbic acid
has very low activity, and L-glucoascorbic acid very little activity. These can
be expected to be involved in chemical reactions because of their close
similarity to the parent compound. A low tryptophan content in the diet
appears to increase the demand for ascorbic acid (West et al., 1966). This
other nutrient is certainly not an antimetabolite of the oxidation reduction
or hydrogen transport vitamin but may increase the demand for vitamin
C during detoxification and elimination of unneeded amino acid. Dehy-
droascorbic acid has a good activity and is involved in some metabolism
reactions. As mentioned above, L-dihydroascorbic acid (C;) is extremely
labile to oxidation, especially so in the presence of copper, iron, or sev-
eral other metals which catalyze atmospheric oxidation into the biologically
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inactive form. L-Ascorbate-2-sulfate (C2S) is resistant to oxidation and is
also heat stable under neutral or mild acid conditions.

2.2.9.7. Clinical Assessment

Assessing the ascorbic acid status of experimental animals is normally
attempted by tissue ascorbate analysis. Most of the assays used previously
measure the total ascorbate and not the biologically active dihydroascorbic
acid (Woodruff, 1964). Thus they are consequently fraught with errors and
misconception regarding the true vitamin C status. In fish tissues, blood
and liver do not adequately reflect the ascorbic acid intake and status, but
the anterior kidney, which contains adrenal tissue, is a fairly representa-
tive tissue storage site for the vitamin (Halver et al., 1969). Stress rapidly
reduces the ascorbic acid content of this tissue, with concurrent produc-
tion of adrenal steroids (Wedemeyer, 1969). Conversely, dietary intake is re-
flected up to the point of four- or fivefold storage from deficient levels, and
only massive dietary intake appears to elevate tissue storage further (Halver
et al., 1969). Examination of fragile support cartilage in the gill filaments
under a low magnification will detect early hypovitaminosis C before clin-
ically acute symptoms become noticeable. Vertebral collagen levels can be
used to measure the vitamin C status in trout (Sato et al., 1978) and in catfish
(El Naggar and Lovell, 1991). One clinical analysis to assess the vitamin C
status in trout and salmon uses the anterior kidney, with samples selected
from the junction of the two wings forward, in which tissues are blotted free
of blood with filter paper and the total ascorbate is assayed by one of the im-
proved quick methods to determine the total ascorbate in this typical storage
area for vitamin Cin fish (Halver et al., 1969). Another assay can measure Gy
in blood (Hilton et al., 1978), but the best assay of tissues and feed samples
should measure both C; and C2S using high-performance liquid chromatog-
raphy (HPLC) techniques with a tandem dual column to separate and assay
C; and Gy quantitatively (Felton and Halver, 1987). Other techniques can
be used to separate and assay levels of Cq, C2S, and C2P in diet ingredients
(Felton and Halver, 1989; Felton et al., 1994). A simpler assay for “total C” is
by hydrolyzing of the tissues or feed components in strong acid (e.g., 10%
trichloroacetic acid), which liberates most of the ascorbate derivatives, and
then measuring the resultant ascorbic acid present. The enigmas encoun-
tered in assaying for vitamers C have been reported recently (Halver, 2001).

2.2.10. Inositol

Muscle “sugar” was discovered by Scherer in 1850 and was character-
ized by Maquenne (1900) in 1887. Woolley showed it to be an alopecia-
preventing factor for mice (1940), and the stereo configuration of the
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Inositol, depicting the myo-inositol form of the vitamin.

active factor, myo-inositol, was proved by Posternak (1936) and by Dangschat
(1942). McLaren et al. (1947a) observed poor growth and poor food passage
in inositol-deficient trout, and these symptoms were confirmed in salmon
by Halver (1953a,b) and in carp by Aoe and Masuda (1967).

2.2.10.1. Chemical Structure, Characteristics, and Analogs

Seven optically inactive and two optically active isomers of hexahydrox-
ycyclohexane can exist. One of the optically active forms, meso-inositol or
myo-inositol, has the biological activity. The chemical formula is C¢H;206,
and the structural formula, with the hydroxyl groups in positions 1, 2, 3, and
5in one plane and positions 4 and 6 in the other plane, is shown in Fig. 2.23.
myo-Inositol or meso-inositol is a white crystalline powder soluble in water and
insoluble in alcohol and ether. The material can be synthesized but is eas-
ily isolated from biological material in free or combined forms (Anderson
and Wallis, 1948; Weidlein, 1954). The mixed calcium—-magnesium salt of
the hexophosphate is phytin. Isomers have little biological activity but do
compete in chemical reactions.

2.2.10.2. Positive Functions

myoInositol is a structural component in living tissues. It has lipotropic
action, preventing accumulation of cholesterol in one type of fatty liver dis-
ease, and is involved with choline in homeostasis of normal lipid metabolism
(West et al., 1966). It is a growth-promoting substance for microorganisms
and prevents alopecia in mice (Wolley, 1940). In addition, itis an emergency
carbohydrate source in muscle and is a major structural component in the
phospholipid structures in animal tissues (Stetten and Stetten, 1946). Its
primary function appears to serve as a structural element, with the six hy-
droxy groups available for esterification or for acid salt formation to form an
integral portion of cell membranes. The stereo configuration of these cell
membrane elements probably plays a major role in cell membrane perme-
ability to various ions and molecules (West et al., 1966) . Phosphatidylinositol
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was shown to be involved in signal transduction in several metabolic pro-
cesses (Mathews and van Holde, 1990; NRC, 1993).

2.2.10.3. Deficiency Syndrome

Poor growth, increased gastric emptying time, edema, a dark color, and
distended stomachs are symptoms observed in salmon, trout, carp, red sea
bream, and catfish held for long periods on inositol-deficient test rations
(Halver, 1970; Yone et al., 1971). A spectacle eye condition described for rats
(Wolley, 1940) has not been observed under the experimental conditions
used in fish studies. The major deficiency sign is inefficiency in digestion
and food utilization and concomitant poor growth, leading to a population
of fish with distended abdomens. Some loss of activity of cholinesterase and
aminotransferases has been reported in trout, red sea bream, eel, parrot
fish, and yellowtail (NRC, 1981, 1993).

2.2.10.4. Requirements

Inositol needs have been measured in salmon and carp and the require-
ment is high for maximum growth and maximum liver storage. Whether
liver storage is an accurate criterion to determine requirements is debat-
able since inositol intake was compared with maximum growth rate and
diet conversion to develop a tentative requirement for young fish for this
“muscle” sugar. Intestinal bacteria synthesis and de novo synthesis of inosi-
tol in the liver of channel catfish were found (Burtle, 1981). Supplemental
inositol improved growth and skin lesions in carp (Aoe and Masuda, 1967).

2.2.10.5. Sources and Protection

myo-Inositol occurs ubiquitously in large amounts wherever biological
tissue is found. Wheat germ, dried peas, and beans are rich sources. Brain,
heart, and glandular tissues are very good sources of biologically active ino-
sitol. Citrus fruit pulp and dried yeast also contain inositol. The compound
is stable, so normal diet preparation and storage techniques should assure
adequate intake for young growing fish. Some synthesis has been reported
in carp intestine (Aoe and Masuda, 1967) and in channel catfish (Burtle
and Lovell, 1989).

2.2.10.6. Antimetabolites and Inactivation

There are seven optically inactive and one optically active but biologi-
cally inactive stereoisomers of inositol. Because inositol is synthesized in the
biologically active form by many microorganisms in the gut, only chem-
ically synthesized inactive isomers added to diets would appear in suffi-
cient amounts to interfere with the metabolism of inositol for growth and
normal physiological function. Because of the spatial configuration of the
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biologically active form and the need to fit these forms into tissue stereobio-
chemical structure, biologically inactive forms do not compete for critical
sites in metabolism. However, the active cis—trans isomer does compete
and introduces errors in the structural configuration of essential compo-
nents. Methyl derivatives and mono-, di-, and triphosphoric acid esters occur
naturally. Salts of the hexaphosphate or phytin make the bound inositol par-
tially unavailable to the animal (Weidlein, 1954; West et al., 1966; Spinelli,
1979).

2.2.10.7. Clinical Assessment

Tissue analysis for inositol status has not been successfully employed in
animal nutrition except for the measurement of free inositol in seminal
plasmain animal sires (Hartree, 1957). Bull plasma contained over 500 mg%
of the material in healthy animals of a good breeding status. The seminal
plasma of bulls, rabbits, rams, and stallions ran lower in exhausted animals
and during recovery back to a good breeding status. The presence of these
very high quantities of free inositol has not been adequately explained.
Assessment in fish has been based on a lack of deficiency signs coupled
with the most efficient food conversion. Actively feeding sea salmon show
1-1.5 mg of inositol/g of fresh liver tissue and young fingerlings raised
in fresh water at 10-15°C contained 600-700 mg/g of liver tissue. An al-
ternate, better assessment may be based on a standard muscle section or
whole-carcass analysis for free or bound inositol. Projection of inositol in-
take from normal fish diet ingredients should indicate an excess of this
particular vitamin.

2.2.11. Choline

Methylation as a basic metabolic process was postulated by Hofmeister
(1894). Methyl transfer was shown in vivo by Thompson (1917), and the in-
terrelationships among choline, methionine, and homocystine were shown
by du Vigneaud in 1939-1942 (Rosenberg, 1945). Trout fed low-choline
rations developed hemorrhagic kidneys according to McLaren et al. (1947a)
and salmon showed an aversion to food in choline-deficient diet experi-
ments Halver (1953a,b).

2.2.11.1. Chemical Structure, Characteristics, and Analogs

Choline has the chemical formula CsH;5NOs. It readily forms salts with
the structural formula shown in Fig. 2.24. Choline is a very strong organic
base and forms many derivatives widely distributed in animal and vegetable
tissue. One derivative, acetylcholine, is involved in transmission of nerve
impulses across synapses. Choline is very hydroscopic and very soluble in
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water and is stable to heat in acid solutions but decomposes in alkaline
solutions. Choline reacts with many chemical compounds, as it is a strong
base.

2.2.11.2. Positive Functions

Choline acts as a methyl donor for methylation of tissue intermediates. It
is a lipotropic and antihemorrhagic factor preventing the development of
fatty livers. Itisinvolved in the synthesis of phospholipids and in fat transport.
Acetylcholine transmits the excitory state across the ganglionic synapsis and
neuromuscular junctions (Griffith and Nye, 1954; West ¢t al., 1966) . Choline
is a component of phospholipids in the fragile cellular membranes of tissue.
Choline is essential for growth and good food conversion in fish.

2.2.11.3. Deficiency Syndrome

Deficiency signs involve poor growth and poor food conversion, with
impaired fat metabolism. Hemorrhagic kidneys and intestines have been
reported in trout (McLaren e al., 1947a) and increased gastric emptying
time has been observed in salmon (Halver, 1957, 1970). Similar deficiency
signs were observed in catfish (Dupree, 1966), carp (Ogino et al., 1970a),
eel (Arai et al., 1972), and lake trout (Ketola, 1976).

2.2.11.4. Requirements

The requirements for salmon are listed in Table 2.3. The requirements
listed were determined by feeding increments of choline in test diets to
young fish in a carefully controlled environmental system, observing the
growth response, and assessing the requirement by the maximum growth
and food conversion at the minimum intake which would promote maxi-
mum liver storage of choline. At the end of the 12-week experimental period,
both chinook salmon and coho salmon appear to require about the same
dietary intake of choline. The requirement of carp was reported to be about
100 mg /kg body weight/day (Ogino et al., 1970a) to prevent fatty liver de-
velopment in young fish. Rumsey (1991) suggested that about 50% of the
choline requirement of trout could be met by betaine.
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2.2.11.5. Sources and Protection

Rich sources of choline are wheat germ, soybean and other bean meals,
brain, and heart tissue. Choline hydrochloride, a common supplementary
form used in fish diet preparations, reacts with a-tocopherol and vitamin K
preparations—probably inactivating these vitamins when mixed into diet
preparations. Therefore, choline should be added in a water carrier and
the fatsoluble vitamins added in an oil carrier to prevent reaction when in
direct contact at high concentrations with this strong base.

2.2.11.6. Antimetabolites and Inactivation

The choline status of fish can be estimated by assay of the choline content
of the dietary ingredients and the absence of deficiency signs. Maximum
liver storage may not be the best criterion to determine choline nutritional
status but has been used to assess the tentative requirement listed for two
species of salmon.

2.2.12. p-Aminobenzoic Acid
2.2.12.1. Chemical Structure, Characteristics, and Analogs

p-Aminobenzoic acid has the chemical formula CsH7O9N and the struc-
tural formula shown in Fig. 2.25. This compound is a substituted benzoic
acid, and isomers with the amino group in the ortho, meta, or para po-
sition occur. Various derivatives of the carboxyl group can be made.
p-Aminobenzoic acid is a white, crystalline powder which is water soluble and
heatand lightstable in aqueous and mild alkaline solution (West et al., 1966).

2.2.12.2. Positive Functions

p-Aminobenzoic acid is a growth-promoting vitamin for microorganisms
and a high intake has been shown to counteract the antimetabolite effect of
sulfonamides in bacterial culture (Wagner and Folkers, 1964). No positive
function or deficiency signs have been observed in fish and no requirements

Oy . OH

\C/

NH,

Fic. 2.25

p-Aminobenzoic acid.
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have been determined for this compound except for microorganisms. The
vitamin status of p-aminobenzoic acid is probably confined to microorgan-
isms, where it is utilized in the synthesis of folacin compounds. A common
antimetabolite of p-aminobenzoic acid is sulfonilamide and other sulfa com-
pounds which are toxic to microorganisms, forming the basis for sulfa ther-
apy for bacterial infection.

2.2.13. Lipoic Acid
2.2.13.1. Chemical Structure, Characteristics, and Analogs

Lipoic acid has the chemical formula CgH1909Ss and the structural for-
mula shown in Fig. 2.26. Lipoic acid is both fat soluble and water soluble.
Several derivatives of the carboxylic acid group have been identified.

2.2.13.2. Positive Functions

Lipoic acid functions as a coenzyme in a-keto acid decarboxylation. It
was discovered independently in several laboratories during the period
1945-1950 and shown to be an essential component of multienzyme units.
Its functions have been reviewed by Wagner and Folkers (1964). Itis an ex-
tremely active biological catalyst. It has been called the pyruvate oxidation
or pyruvate decarboxylation factor, as it is involved in pyruvate oxidative de-
carboxylation. The multienzyme unit also includes thiamin pyrophosphate,
coenzyme A, and flavin adenine dinucleotide. Therefore, it is closely as-
sociated with thiamin in many oxidative decarboxylations of «-keto acids
(Lehninger, 1977). Glandular tissues are good sources of vitamers of lipoic
acid. No requirements have been determined for fish.

2.3
The Fat-Soluble Vitamins

The fat-soluble vitamins A, D, E, and K each occur in different chem-
ical forms having physiological activity. Isotels for these vitamers are well
known but only one or two of the more common and well-recognized forms
can be included for discussion. The fat-soluble vitamins differ from the
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water-soluble vitamins in their accumulative action. Little evidence has been
recorded for hypervitaminosis with the water-soluble vitamins since these
compounds are rapidly metabolized and excreted when the intake exceeds
the liver or tissue storage capacity, but hypervitaminosis is a common oc-
currence in fish and other animals when large quantities of any one of the
fat-soluble vitamins are ingested. Sometimes these hypervitaminosis symp-
toms mimic hypovitaminosis signs, as in the case of the vitamers A and D.
The toxicity symptoms observed when excess vitamin E or K is ingested are
more discrete. Fish rations often include large quantities of fish meal or fish
viscera and are often enriched with fish oils to increase the caloric density or
content of polyunsaturated fatty acids of the ration. In these cases, excessive
intake of the fat-soluble vitamins is often encountered.

2.3.1. The Vitamers A

Afat-soluble rat growth-promoting factor was described by Hopkins (1912)
and by Osborne and Mendel in the early 1900s (1914). McCollum and
Simmonds, (1917) cured eye disease, xerophthalmia, with this material.
The chemical structure of vitamin A and its relationship to S-carotene were
shown by Von Euler et al. (1928). The active vitamin A was synthesized by
Fuson and Christ (1936) and by Kuhn and Morris (1937). The interrelation-
ships between retinene and retineneg,corresponding to vitamers Ajand Ay,
were defined by Morton et al. (1947), Koehn (1948), and Olson (1961,
1964). Fish oil was shown to be a rich source of vitamers A and to contain
vitamin A and neovitamin A at a 2:1 ratio. No need for vitamin A in fish
was reported until Halver observed xerophthalmia and cataracts in fish fed
vitamin A-deficient diets in 1958 and Nigashi et al. (1960) reported that
vitamin A had a growth-promoting effect in eels. Hypervitaminosis A was
reported to occur in salmon by Burrows et al. (1952) and in trout by Poston
et al. (1966). Requirement of vitamers A was reported for carp (Aoe et al.,
1968), catfish (Dupree, 1970), tilapia (Katsuyana and Maatusno, 1988), and
yellowtail (Hosokawa, 1989).

2.3.1.1. Chemical Structure, Characteristics, and Analogs

Vitamin A; (retinol) has the chemical formula CogHogOH and vitamin Ay
(retinoly) has the formula CyooHo7OH. The structural formula for these
fat-soluble alcohols is shown in Fig. 2.27. The relationship of the vitamin
A alcohols to naturally occurring 8 carotene containing two symmetrical
betaionone rings is shown in Fig. 2.28. Retinene, the aldehyde form of
vitamin A, has been isolated from the retina of dark-adapted eyes and is
involved in vision in dim light. Retinoic acid, which is the oxidized form of
vitamin A alcohol, has been shown to have some vitamin A activity. Olson
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Vitamers Ay and Ag. Left: All-transvitamin A (retinoly). Right: All-transvitamin Ag
(retinolo).

(1964) has reviewed the biosynthesis and metabolism of carotinoids and
vitamers A. Vitamin A; is found in saltwater fish, whereas vitamin Ay is more
abundant in freshwater fish. Braekkan et al.(1969) have shown interconver-
sion of one form to the other in living fish tissues. Oxidative conversion
of retinol to As has been shown in trout and tilapia, and vitamin Ay can be
generated from carotene, canthaxanthin, and other carotinoids (Katsugawa
and Matsumoto 1988). Fish oils contain vitamin A as free alcohols or esters.
Vitamin A alcohol occurs as a light-colored viscous oil which is heat labile
and subject to air oxidation. B-Carotene occurs as an orange, crystalline
compound which is more stable to heat and oxidation. The vitamers A
are water insoluble but are soluble in fat and organic solvent (Dam and
Sondergaard, 1964).
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B-Carotene and altered B-ring structures in a-carotene, y-carotene, and cryptoxanthin.
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The rhodopsin cycle.

2.3.1.2. Positive Functions

Vitamin A is essential in maintaining epithelial cells. McCollum and Davis
(1913) and Osborne and Mendel (1914) first showed that cod liver oil con-
tained a substance which promoted growth, and in 1917, McCollum and
Simmonds showed that the substance prevented xerophthalmia in rats.
Many changes in organ epithelia, including the respiratory tract, the tongue,
and tissues of the mouth, eye, liver, and kidney, have been described by
Wolbach and Bessey (1942) and by Follis (1958). Atrophy of the epithelium
and formation of stratified keratinizing tissue occur. Vitamin A is a stimulus
for new cell growth and aids in maintaining resistance to infection. It in-
creases longevity under various conditions of senility in mammals. Vitamin
Aandretinene are essential for normal vision (Dam and Sondergaard, 1964;
West et al., 1966). Vitamin A is required in vertebrates for the regeneration
of light-sensitive rhodopsin in the retina (Blomhoff et al., 1992). Fish have
variable abilities to hydrolyze S-carotene into retinol (Poston et al., 1976;
Katsugama and Matsumo, 1988). The interrelationship of cis- and trans
vitamin A in the rhodopsin cycle is shown in Fig. 2.29.

2.3.1.3. Syndrome of Deficiency or Excess

Hypovitaminosis A is characterized by poor growth, poor vision, kera-
tinization of epithelial tissue, xerophthalmia, night blindness, hemorrhage
in the anterior chamber of the eye, hemorrhage at the base of the fins, and
abnormal bone formation (Dam and Sondergaard, 1964; West et al., 1966;
Aoe et al., 1968; Kitamura et al., 1967; Dupree, 1966; Poston et al., 1977;
Hasokuma, 1989). Nerve degeneration has been reported in pigs, chick-
ens, rats, rabbits, and ducks but only occasionally observed in fish after long
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periods of deficiency. Hypervitaminosis A has been described in fish
(Burrows et al., 1952; Halver, 1970; Poston et al., 1966; Poston and Levington,
1969) and other animals and involved enlargement of the liver and spleen,
abnormal growth, skin lesions, epithelial keratinization, hyperplasia of head
cartilage, and abnormal bone formation, resulting in ankylosis and fusion
of vertebrae. Hypervitaminosis A is reflected in a very high liver oil vitamin A
content and elevated serum alkaline phosphatase. Removal of excess
vitamin A from the diet promotes rapid recovery.

2.3.1.4. Requirements

Dietary requirements for vitamin A alcohol are listed in Table 2.3. Jones
et al. (1966) have shown a requirement for growth in fish held in light, but
not in darkness, and Dupree (1966) has reported similar problems in deter-
mining requirements in catfish. Therefore, the requirement for maximum
growth and reproduction is related to exposure to light and reflects obser-
vations in other animals that near-normal growth will occur with a very low
vitamin A intake in protected environments where fish are not exposed to
stress, infection, and ultraviolet radiation.

2.3.1.5. Sources and Protection

Cod liver oil is one typical standard reference oil, which contains rela-
tively small amounts of vitamin A, whereas black sea bass, swordfish, and
ling cod oils contain 100-fold more. Whale liver oil contains kitol, which
has little or no biological activity until heated above 200°C (Embree and
Shantz, 1943). Then one molecule of biologically active vitamin A is gen-
erated per molecule of whale kitol. This biologically inactive kitol may be
deposited in the whale as a defense mechanism against hypervitaminosis
A during excessive vitamin A intake. A possibility of hypervitaminosis A
occurs when tuna, shark, or ling cod viscera are used in the preparation
of moist diets. Synthetic vitamin A preparations, such as vitamin A palmi-
tate, are available and are often used to supplement rations low in fish
meal, fish viscera, or carotenes. Some fish species seem to be able to uti-
lize B-carotene as a vitamin A source (Morton and Creed, 1939), whereas
others are unable to split the B-carotene molecule and vitamin A must
be added to the diet in the retinol, retinene, or retinoic acid form
(Neilands, 1947; Poston, 1969b; Poston et al., 1976). Several carotinoids can
be converted into vitamin A in the liver of fish (Katsuyama and Matsumo,
1988).

2.3.1.6. Clinical Assessment

Vitamin A status can best be assessed by the absence of deficiency signs
and assay of liver oil for vitamin A content. Assay for blood or plasma
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vitamin A levels in other animals has not shown vitamin A status. The simple
Carr-Price vitamin A determination in liver oil indicates storage and the
information can be used to give the vitamin A status of fish.

2.3.2. The Vitamers D

Rickets was induced with test diets by Hopkins (1906), and Mellanby
(1919) cured the disease in dogs by adding cod liver oil to the ration.
Steenbock and Black (1924) showed that ultraviolet light was involved in an-
tirachitic function, and provitamin D was identified as ergosterol by
Windaus and Hess (1927) and by Rosenheirn and Webster (1927). Crys-
talline vitamin D was isolated by Angus et al. (1931) and activated 7-dehydro-
cholesterol was isolated by Windaus et al. (1936). One early report by Jewell
et al. (1933) on fish diet tests mentioned the need of catfish and goldfish for
vitamin D (cod liver oil) in the diet, but the test diets used probably were
deficientin other vitamins or growth factors which the crude cod liver oil fur-
nished. Hypervitaminosis D has been shown to elevate alkaline phosphatase
in trout and salmon.

2.3.2.1. Chemical Structure, Characteristics, and Analogs

Several biologically active forms of vitamin D occur and the chemical
structure of one, vitamin Dy or ergocalciferol, with the chemical formula
CogH440, is shown in Fig. 2.30. Vitamin Dj or activated 7-dehydrocholesterol
has the chemical formula Co7H440 and contains a more simplified, unsatu-
rated eight-carbon side chain. Vitamin D (cholecalciferol) is formed in most
animal tissue by rupture of one of the ring bonds of 7-dehydrocholesterol

Fic. 2.30
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when exposed in the skin to ultraviolet radiation. Cholecalciferol is a white,
crystalline compound soluble in fat and organic solvents and is stable to heat
and oxidation in mild alkali or acid solutions (Dam and Sondergaard, 1964).
Several derivatives from substitution in the rings or of functional groups in
the side chain are isomers of the precursors or isotels of the vitamin and
have variable biological activity in different animals. These have not been
tested for maintaining homeostasis of calcium and phosphate in fish.

2.3.2.2. Positive Functions

Vitamin D3 functions as a precursor of 1,25-dihydrocholecalciferol, which
stimulates the absorption of calcium from the intestine. Vitamin D is es-
sential for maintaining homeostasis of calcium and inorganic phosphate.
Vitamin D is involved in alkaline phosphatase activity, promotes intestinal
absorption of calcium, and influences the action of parathyroid hormone on
bone (Dam and Sondergaard, 1964; West et al., 1966) . Lovelace and Podoliak
(1956) have shown that fish may sequester calcium from water through the
gill membrane; thus the major function of vitamin D for other animals may
not be necessary to satisfy calcium requirements for fish except when the
animals are reared in low-calcium waters. Cholecalciferol has been reported
to be three times more effective than ergocalciferol in supplying the vitamin
D needs of trout and catfish (Barnett ef al., 1982; Andrews et al., 1980).

2.3.2.3. Syndrome of Deficiency or Excess

Hypovitaminosis D for fish has been described (Barnett et al., 1979).
Rickets and abnormal bone formation, described in detail for animals, have
been observed in fish fed low-vitamin D diets in low-calcium waters. Impaired
calcium homeostasis, with tetany in white muscle and structural changes in
muscle fibers, has been reported (George et al., 1979). Increased plasma
triiodothyronine has been observed (Leatherland et al., 1980). Hypervita-
minosis D has also been reported. Poston (1969b) has shown that brook
trout fed large doses of vitamin D show impaired growth, lethargy, and
a dark coloration. High intake of vitamin D mobilizes phosphorus and cal-
cium from the bone and tissues and may resultin fragile bones, poor growth,
and poor appetite related to the nausea described in humans afflicted with
hypervitaminosis D (Dam and Sondergaard, 1964; West et al., 1966). Arterial
and kidney lesions reported for rats (Gillman and Gilbert, 1956) and dogs
(Herzfeld et al., 1956) have not been described histologically for fish, and
hypercalcemia in blood plasma has not been described for fish on high-
vitamin D diets. This area needs to be explored because of the potential for
hypervitaminosis of D in fish fed diets containing various fish viscera which
might contain large amount of the vitamers D. Tuna liver oil may contain,
for example, 100 to 1000 times as much active vitamin D as cod liver oil.
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2.3.2.4. Requirements

Requirements of fish for vitamin D are listed in Table 2.3 but little work
has been done in this area using highly purified diets and controlled experi-
ments with young growing fish. No demonstration of synthesis of vitamers D
in fish reared on diets devoid of vitamin D or vitamin D precursors has been
reported. Therefore, the actual requirement of vitamin D for maintenance
of homeostasis of calcium—phosphorus levels in the young growing animal
has not been adequately investigated and the true vitamin D requirements
of young fish have only been suggested (NRC, 1981, 1993).

2.3.2.5. Sources and Protection

The vitamin D requirements of many animals can be met by exposure
of the skin to sunlight, which activates cholesterol derivatives by ring struc-
ture rupture. This subject is well reviewed by Dam and Sondergaard (1964)
and by Wagner and Folkers (1964). Since the vitamin is fat soluble and
accumulates in lipid stores, fish liver oil is a rich source of the material.
The content varies tremendously in liver oil, however, with values of about
251U/g present in soup fin shark liver oil and over 200,000 IU /g in albacore
tuna liver oil (West et al., 1966). Cod liver oil contains from 100 to 500 IU /g
and animal liver contains some vitamin D. One international unit (IU) is
equal to 0.025 ug of crystalline vitamin Do.

2.3.2.6. Clinical Assessment

Absorption maxima in the ultraviolet region can be used to detect provi-
tamins D in the nonsaponifiable fraction of oils. Concentrated preparations
of vitamin D can be assayed by the Carr-Price antimony trichloride reac-
tion when assay is necessary to determine biologically active material in liver
oil of fish on different treatments. The chick assay may not apply to fish
liver storage levels because the biologically active form for fish has been de-
termined to be cholecalciferol (Barnett et al., 1982). Clinical assessment for
hypervitaminosis D must rely on crude methods for determination of pro-
and active vitamin D in liver oil samples by the Carr—Price reaction or by
measuring absorption in the UV spectrum.

2.3.3. The Vitamers E

The existence of an antisterility vitamin was postulated by Evans and
Bishop (1922). This factor was named “vitamin E” by Sure (1924). The
active tocopherol was isolated, characterized, and synthesized by Karrer et al.
(1938).
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2.3.3.1. Chemical Structure, Characteristics, and Analogs

The vitamers E are compounds known as tocopherols and are derivatives
of tocol, which has a saturated side chain, or of tocotrienol, which contains
three unsaturated carbon—carbon bonds in the side chain. One of the most
important tocopherols, a-tocopherol (5,7,8-trimethyltocol), has the chemi-
cal formula Co9Hj5(pO9 and the structural formula shown in Fig. 2.31. Eight
naturally occurring tocopherol derivatives have been isolated and all belong
to the D series. Synthetic a-tocopherol is a racemic DL-a-tocopherol mixture
(Dam and Sondergaard, 1964; West et al., 1966). The derivatives of tocol or
of tocotrienol are named o-, -, y-, 8-, €-, -, {1-, and fo-tocopherol as shown
in Table 2.5. The pure tocopherols are fat-soluble oils which are capable
of esterification to form crystalline compounds. The tocopherols are sta-
ble to heat and acids in the absence of oxygen but are rapidly oxidized
in the absence of oxygen, peroxides, or other oxidizing agents (Dam and
Sondergaard, 1964). The tocopherols are sensitive to ultraviolet light and
are excellent antioxidants in the free form, whereas the tocopherol esters
are poor in vitro antioxidants. The esters are more stable and are commonly
used as dietary supplements—anticipating hydrolysis in the gut and absorp-
tion of the free alcohol to act as an active intra- and intercellular antioxidant.

Table 2.5

The Tocopherols

a-Tocopherol 5,7,8-Trimethyltocol
B-Tocopherol 5,8-Dimethyltocol
y-Tocopherol 7,8-Dimethyltocol
¢o-Tocopherol 5,7-Dimethyltocol
n-Tocopherol 7-Methyltocol
8-Tocopherol 8-Methyltocol
e-Tocopherol 5,8-Dimethyltocotrienol

{1-Tocopherol 5,7,8-Trimethyltocotrienol




122 John E. Halver

FeCl,,
2, 2’'-bipyridine,
absolute ethanol

a-Tocopherol —¢ a-Tocopheroxide
‘ ascorbic acid,
95% ethanol
HBr 95% ethanol
heat plus acetic
acid or HC1
hydrosulfite
a-Tocopheryl- v a-Tocopheryl-
hydroquinone air oxidation quinone

FiGc. 2.32

Oxidation-reductiion of a-tocopherol.

Ethyl derivatives on the aromatic ring are also active. Oxidation products of
a-tocopherol can be reduced with hydrosulfite to a-tocopherylhydroquinone
or, in the presence of ascorbic acid, to a-tocopherol (Dam and Sonder-
gaard, 1964). The oxidation-reduction of tocopherylquinones is shown in
Fig. 2.32.

2.3.3.2. Positive Functions

The tocopherols act as inter- and intracellular antioxidants to maintain
homeostasis of labile metabolites in the cell and tissue plasma. As physi-
ological antioxidants, these usually protect oxidizable vitamins and labile
unsaturated fatty acids. Vitamin E functions together with selenium and
ascorbic acid in the enzymes glutathione peroxidase and superoxide dis-
mutase to stop the chain reactions of polyunsaturated fatty acid peroxi-
dation (Lehninger, 1977). Vitamers E are involved in encephalomalacia in
chicks (Pappenheimer and Goettsch, 1931), erythrocyte hemolysis in several
animals (Gyorgy and Rose, 1948; Horwitt et al., 1963; Woodall et al., 1964),
and steatitis in mink, pigs, and farm animals (Dam and Sondergaard, 1964).
The tocopherols prevent exudative diathesis in chicks, white muscle disease
in fish (Poston el al., 1976), and dietary liver necrosis in rats. Vitamers E are
involved with selenium and with vitamin C for normal reproductive activ-
ity and are involved in the prevention of nutritional muscular dystrophy in
chick, yellowtail (Sakaguchi and Hamaguchi, 1969), and carp (Hashimoto
et al., 1966). The tocopherols act as free radical traps to stop the chain reac-
tion during peroxide formation and stabilize unsaturated carbon bonds or
polyunsaturated fatty acids and other long-chain labile compounds (Dam
and Granados, 1945; Dam et al., 1952; Tappel and Zalkin, 1960). Vitamin E
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in its antioxidant capacity is involved in the maintenance of normal perme-
ability of capillaries and heart muscle. It was first shown to be involved in
prevention of sterility and fetal resorption in rats. It may likewise be involved
in embryo membrane permeability and hatchability of fish eggs.

2.3.3.3. Syndrome of Deficiency or Excess

Deficiency signs in fish are listed in Table 2.2. One of the first signs
for fish fed normal amounts of polyunsaturated fatty acids is erythrocyte
fragility, followed closely by anemia, ascites, xerophthalmia, poor growth,
poor food conversion, epicarditis, and ceroid deposits in spleen and liver.
Muscle dystrophy and xerophthalmia have been described in yellowtail and
carp (Sakaguchi and Hamaguchi, 1969; Hashimoto et al., 1966). Impaired
erythropoiesis, fragmentation of erythrocytes, marked susceptibility to stress
of handling, ascites, and exudative diathesis have been reported in deficient
salmon and trout. Similar signs of deficiency have been observed in warm-
water and marine species fed diets low in vitamers E and high in polyun-
saturated fatty acid oils (Dupree, 1988; Murai and Andrews, 1974; Lovell
et al., 1984; Cowey et al., 1981, 1983; Toyoda, 1985). Several nonspecific cell
degenerative conditions have been described in several species of fish fed
large quantities of polyunsaturated fatty acids with inadequate tocopherol
in the ration. Hypervitaminosis E involves poor growth, toxic liver reaction,
and death (Watanabe et al., 1970; Poston, 1971).

2.3.3.4. Requirements

Requirements of fish for vitamin E are listed in Table 2.3. The exact re-
quirement of fish for a-tocopherol, the vitamin E form used in these test diet
experiments, may depend on the amount and type of polyunsaturated fatty
acids in the oil components of the ration (Woodall e al., 1964; Watanabe
et al., 1970). Polyunsaturated labile fish oils may invoke an increased re-
quirement for intracellular antioxidants (Hashimoto et al, 1966). Also,
the amount of tocopherol needed as a supplement to the ration will de-
pend on the form of the vitamer used, the method of diet preparation,
and the storage conditions under which the rations are held before feed-
ing. The physiological requirements of the species tested are listed and
were determined with carefully protected test diets prepared immediately
before feeding and containing relatively low amounts of polyunsaturated
fatty acids.

2.3.3.5. Sources and Protection

Wheat germ oil, soybean oil, and corn oil are rich sources of tocopherols.
Synthetic a-tocopherol in the esterified acetate or phosphate form is com-
monly used as a diet supplement. These esters are much more stable than
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the free form, which is rapidly lost by air oxidation or in the presence of
labile compounds such as polyunsaturated fish oils. Wheat, corn, or bean
oils are very stable and, when incorporated into the diet, tend to stabilize
the labile fatty acids present as well. An interrelationship among vitamins E,
C, and Ais involved in the protection of the labile vitamin A molecule (Dam
and Granados, 1945; Dam et al., 1952). Therefore, it is essential to prepare,
store, and feed fish rations containing quantities of labile fish oils (Sinnhu-
ber, 1969; Stansby, 1967) in the minimum time to prevent loss of tocopherol
content and subsequent rapid destruction of vitamins E, C, and A. The ad-
dition of in vitro antioxidants such as BHA (butylhydroxyanisole) and BHT
(butylhydroxytoluene) or ethoxyquin tends to protect fats and other labile
compounds in the ration from oxidation, but these antioxidants have lit-
tle vitamin E activity as the physiological intracellular antioxidant for the
growing fish (see Hardy and Barrows, Chapter 9).

2.3.3.6. Clinical Assessment

The erythrocyte fragility test indicates the physiological state of the fish
(Woodall et al., 1964). The absence of histologically detectable ceroid in
liver and spleen from representative samples in the population is a good
clue to the presence of adequate amounts of physiological antioxidants in
the fish (Wood and Yasutake, 1956). A barbituric acid test for oxidation of
components in the ration or a peroxide number test for peroxidation of
diet components has not been applied to fish tissues as a clinical tool for
assessment of nutrition state except when liver oils become saturated with
very labile polyunsaturated fatty acids such as when feeding squid or saury
oils (Hashimoto et al., 1966; Watanabe et al., 1970). These assays are good
indicators of the state of potential oxidation and the oxidized state of the
finished ration, but the absence of deficiency signs and a normal erythrocyte
fragility are better clinical tests. Cowey et al. (1981) found that ascorbic acid-
stimulated lipid peroxidation in liver mitochondria and microsomes of trout
reflected the a-tocopherol status of the animal. Peroxide hemolysis of fish
erythrocytes also may determine vitamin E deficiency (Hung et al., 1981).
Analysis for tocopherol is difficult, time-consuming, and applicable only in
critical research experiment situations.

2.3.4. The Vitamers K

The name of vitamin K (for “koagulation”) was proposed by Dam (1935).
Dam et al. (1939) and McKee et al. (1939) isolated the vitamin from alfalfa
and from fish meal in 1939, and it was synthesized by Almquist and Klose
(1939), McKee et al. (1939), and Fieser (1939).
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Vitamin Ko series: n may equal 6, 7, or 9 isoprene units.

2.3.4.1. Chemical Structure, Characteristics, and Analogs

Vitamin K is 2-methyl-3-phytyl-1,4-naphthoquinone, with the chemical
formula C31Hy4609 and the structural formula shown in Fig. 2.33. The vita-
mers Ko contain six, seven, or nine isoprene units in the side chain, which
varies from 30 to 45 carbon atoms. Many isotels of vitamin K have been iden-
tified in animal tissues, plant tissues, and microorganisms. The structures of
phthiocol, 2-methylhydroxy-3-phytyl-1,4-naphthoquinone, and menadione
(K3), 2-methyl-1,4-naphthoquinone, are shown in Fig. 2.34. These are fat-
soluble, fairly stable compounds but, as methylnaphthoquinones, are labile
to oxidation and exposure to ultraviolet radiation. Menadione is very reac-
tive and is subject in aqueous media to chemical interaction and the forma-
tion of compounds and complexes which may interfere with physiological
activity (Dam and Sondergaard, 1964).

2.3.4.2. Positive Functions

Vitamin K is involved in the synthesis of messenger RNA in the synthe-
sis of blood-clotting proteins—prothrombin, plasma thromboplastin, pro-
convertin, and at least one other factor. A simplified scheme of blood
coagulation is shown in Fig. 2.35. Substituted forms of vitamin K are strongly
bacteriostatic and may serve as an alternate defense mechanism for bacte-
rial infections. Vitamin K is involved with vitamins A and E and ascorbic

0 o}
CH, CH,
! ' OH g ‘
0 o]
Fic. 2.34

Active naphthoquinones: phthiocol (leff) and menadione (right).
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Formation of prothrombinase :

Extrinsic: Intrinsic:

Tissue thromboplastin Hagemann factor
Proconvertin PTA

Stuart factor Christmas factor
Proaccelerin Antihemophilic factor A
Ca2+ Ca2+

Cephalin

Intermediate activation
product

Tissue prothrombinase

Stuart factor
Proaccelerin

Plasma prothrombinase
Formation of fibrin:

Prothrombin
Prothrombinase ——— Fibrinogen
Thrombin ——
Fibrin

Fic. 2.35

Blood coagulation scheme. A simplified version of processes involved in blood
coagulation—both extrinsic and intrinsic factors are involved in the production of
prothrombinase to initiate the hydrolysis of prothrombin to activate blood clotting.

acid in homeostasis of physiologically active vitamins A and E (Dam and
Sondergaard, 1964). Vitamin K may be involved in coenzyme Q-type com-
pounds, which function between flavoproteins and cytochromes in electron
transport mechanisms (West et al., 1966). Vitamin K is a cofactor for car-
boxylation of glutamyl residues to a-carboxylglutamic acid precursors of
blood-clotting proteins (Suttie, 1980). The primary role of vitamin K is to
maintain a fast normal blood-clotting rate, which is very important to fish,
living in a water environment.

2.3.4.3. Syndrome of Deficiency or Excess

A summary of the deficiency signs is listed in Table 2.2. The prothrombin
time in salmon fed diets devoid of vitamers K was increased three to five
times, and during prolonged deficiency states, anemia and hemorrhagic
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areas appeared in the gills, eyes, and vascular tissues. Increased blood-
clotting time has also been reported for other fish reared on diets with
a low vitamin K content (Dupree, 1966; Poston, 1964). Interrelationships
with other vitamins have not been documented in fish experiments and the
primary deficiency signs remain slow blood clotting and hemorrhage, se-
vere anemia, and death in wounded fish. Hemorrhagic areas often appear
in fragile tissues such as the gills. Intake of vitamers K at 2000-3000 mg /kg
diet can be tolerated by trout (Poston, 1971), but higher levels may cause
liver toxicity and death.

2.3.4.4. Requirements

Tests for qualitative requirements of fish for vitamin K have been com-
pleted (Phillips et al., 1963). The deficiency signs occur at 10 to 14 weeks
of testing when good diets are used with positive control of the vitamin K
content. Quantitative requirement studies have been completed on some
fish and the vitamin Krequirements of rapidly growing young fish, especially
those held ata high population density under intensive fish husbandry tech-
niques, are listed in Table 2.3.

2.3.4.5. Sources and Protection

Vitamin K sources are green, leafy vegetables. Alfalfa leaves are one of
the best sources of vitamers K. Low levels are found in soybeans and animal
liver (Isler and Wiss, 1959). Synthetic menadione is a good supplement for
adequate vitamin K intake. The vitamin K content of ground alfalfa is fairly
stable but the synthetic material should be protected from exposure to ultra-
violetlight and to excessive oxidizing or reducing conditions. The use of dry,
rapidly cured alfalfa is essential to minimize formation of the physiological
antagonist dicumarol. The diet should be kept dry, prepared with minimum
exposure to air oxidation, and fed as soon as practicable after manufacture
to minimize vitamin Kloss through storage, interreaction, and oxidative de-
struction. Menadione sodium bisulfite and menadione dimethylpyrimidol
bisulfite are commonly used as K supplements in fish diets (Adams, 1978)
(see Hardy and Barrows, Chapter 9).

2.3.4.6. Antimetabolites and Inactivation

Dicumarol, 3,3'-methylenebis(4-hydroxycoumarin), and warfarin are
shown in Fig. 2.36. Dicumarol was isolated from spoiled sweet clover hay
and shown to prevent the normal function of vitamin K in maintenance of
normal blood-clotting times (Link, 1959). Early work was with cattle and
hogs but was soon extended to rats, other experimental animals, and hu-
mans. Dicumarol is an anticoagulant and has been used to prevent throm-
bosis in animals and humans. It is not an antimetabolite competing for
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Dicoumarol and warfin: note the similarity of the first half of the molecular structures.

vitamin K sites but plays another role in preventing normal blood clotting.
Vitamin K counteracts the dicumarol effect and the results are quantitative
with intake, allowing dicumarol to be administered to adjust the blood-
clotting time in special situations, according to the vitamin K status of the
animal, and then counteracting the dicumarol effect by the administration
of more vitamin K (Mushett and Seeler, 1947). Another anticoagulant, war-
farin, is a common rat poison which has 5 to 10 times the anticoagulant
activity of dicumarol (Shapiro and Ciferri, 1957). Warfarin’s effect can also
be reversed by the administration of vitamin K. Both compounds are general
antagonists to vitamin K.

2.3.4.7. Clinical Assessment

The vitamin K status of fish is determined by determining the blood-
clotting time (Casillas et al., 1975). Chemical methods for determination of
menadione to assess the content of active metabolite after storage can use
the 2,4-dinitrophenylhydrazone derivative and measure the content spec-
trophotometrically. The standard Dam and Sondergaard chick assay (1953)
will measure total biologically active vitamers K in dietary raw materials but
this type of technique has not been applied to vitamin K activity in the liver
or tissues of young growing fish.

2.4
Other Factors

2.4.1. More Animal Protein Factors

Each year more forms of animal protein factor (vitamins Bje, Bys, etc.)
have been either isolated or postulated as being present in meat, fish, yeast,
or other biological materials used as diet components for experimental
animals. Whether these factors are specific vitamins or a particular form
which increases the utilization or function of one of the other vitamins or one
of the other major nutrient components in the ration has not been defined.
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Whenever purified test rations are used to rear fish under controlled ex-
perimental conditions, these rations contain all the known demonstrated
nutrients, but these fish populations fail to grow as well as those fed moist
diets consisting of fish tissue, glandular tissue, animal tissue, dextrinized
starch, and fish oils. Generally, about a 10% difference in growth is ob-
served between the best purified diets and practical moist or dry rations.
These growth response differences are most common when protein is used
as the major dietary component and may be due to increased activation
of proteolytic enzymes, with concomitant orderly hydrolysis and absorption
of amino acids at or near the rate used for tissue protein synthesis in the
growing animals. The fish meal or animal protein components may contain
as yet unisolated and undefined new animal protein factors.

2.4.2. Citrovorum Factor

Szent-Gyorgy and Ruszynyak (1936) reported “vitamin P” in pepper, cit-
rus fruit, and paprika, which improved capillary fragility in guinea pigs on
a flavin-free diet containing adequate ascorbic acid (Zacho, 1939). Some
capillary hemorrhage and a characteristic wrist stiffness developed in guinea
pigs and was remedied by material present in the rinds of citrus fruits
(Bourne, 1943). Vitamin P activity is found in rutin isolated from buckwheat
and in esculin from chestnuts. Structural formulas for these are shown in
Fig. 2.37. Other citrovorum factors are concentrated in citrus fruit pulp and
rind, but requirements for fish have not been demonstrated.

2.4.3. Factors in Cell Permeability

Unknown factors exist which influence osmoregulation and cell mem-
brane permeability. These may be especially important in fish during tran-
sition from fresh water to a saltwater environment, where the water flow
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Vitamers P: rutin (leff) and esculin (right). In certain animals, these compounds may
have vitamin-like activity alone or in combination with other vitamin factors.
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through exposed tissues is reversed and the kidneys alternatively excrete
much dilute urine or become quiescent, depending on the external envi-
ronment of the fish. An interrelationship among vitamins E, C, K, and A in
respiration has been mentioned but the exactrole of these and other factors
such as selenium, zinc, copper, and sodium chloride has not been defined.
Both pituitary function and thyroid function are associated during smolti-
fication with rapid development of gill secretory cells, which maintain salt
and water balance in the new hypertonic environment. Much work needs
to be done in this area, and fish may be important experimental animals
in which to study cell permeability because of the unique environmental
demands on these animals for survival.

2.4.4. Coenzyme Activation Factors

Interrelationships among thiamin, zinc, cocarboxylase activity, trace
amounts of copper, several oxidation-reduction systems, iodine, iodinated
amino acids, and metabolic rate should be mentioned. These are examples
which show the interrelationship in the viable animal system of vitamins,
coenzymes, and mineral ions. The structural stereo configuration of several
proteins, for example, insulin, is determined in part by the zinc present.
Another example is the planar structure of vitamin Bjerelative to the cen-
tral cobalt atom. Most of the water-soluble vitamins act as coenzymes for
enzyme functions, which often require trace amounts of certain mineral
ions for activation. This is another area where fish could be used as study
animals and model systems to develop comparative biochemistry experi-
ments to define the general nature of certain basic biological processes in
cell physiology and intermediary metabolism.

2.5
Anemias and Hemapoiesis

Several types of nutritional anemias occur which may be due to several nu-
tritional deficiencies. Unfortunately, most anemias are multiple deficiencies
of essential nutrients and the fish clinician must carefully observe the charac-
teristics of the anemia involved to obtain clues as to the nutritional
cause.

2.5.1. Megaloblastic Anemias

Deficiencies in folic acid, ascorbic acid, and iron can cause megaloblastic
anemia, with characteristic macrocytic, senile erythrocytes in the circulating
blood. An adequate description of folic acid, macrocytic, and normochromic
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anemia has been reported by Smith (1968; Smith and Halver, 1969) and
forms a reference for the cytology of this type of hematology. Feeding folic
acid and xanthopterin, increasing the ascorbic acid content, and assuring
adequate ferrous ion intake will result in a rapid recovery, with anterior
kidney imprints and blood smears showing rapid regeneration of the pro
forms of the erythrocytes. Many immature forms will be seen within a few
days after administration of the missing nutrients.

2.5.2. Pernicious Anemias

The more common type of anemia encountered in fish is similar to the
pernicious anemias described in other experimental animals. This disease
can be caused by inadequate intake of vitamin Bje, which is necessary for
the conversion of 5-methyltetrahydrofolate back into the active folic acid
pool. The net result is the decreased synthesis of deoxyribonucleic acid,
which is necessary for the synthesis and development of new red blood cell
pro forms. A hog mucosal factor improves the absorption of vitamin By
severalfold, and adequate Bjo is necessary for proper folic acid function
in the synthesis and maturation of proerythrocyte forms. Little is known
about the role of the gastric mucosal factor in the absorption of vitamin
B1o in fish tissues, but it is important and may determine adequate absorp-
tion of dietary vitamin By in rats, in other experimental animals, and in
humans.

The clinical characteristic of pernicious anemias is the presence of dis-
torted blood cells and cellular debris in the plasma. Inadequate amounts
of vitamin E to maintain blood cell membrane integrity also result in a
pernicious type of anemia, with many abnormal blood cells present. This
is also commonly seen when diets rich in polyunsaturated fatty acids, but
with inadequate in vitro antioxidants and an inadequate vitamin E con-
tent, are fed to salmonids for 12-20 weeks. Locker-burned food generally
means oxidized, polymerized fatty acids, ceroid in the liver and spleen,
and few, if any, active tocopherols left in the ration (Wood and Yasutake,
1956). Pernicious-type anemia is one of the first symptoms observed in fish
fed these storage-oxidized products. This can be differentiated from ani-
mal protein factor anemia by the failure to respond to either vitamin Bio
or a water-soluble vitamin supplement. Other pernicious-type anemias can
occur from deficiencies of biotin, pantothenic acid, and niacin. The his-
tory of fish nutrition is replete with many vitamin combinations which were
reported to have factor H activity (McCay and Dilley, 1927). Anemias result-
ing from these are general breakdowns in nucleic acid synthesis, and subse-
quent protein synthesis, with resultant hematology and cytology indicative of
pernicious anemia.
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2.5.3. Hemapoiesis

The most convenient tool for the fish nutritionist to assess clinical sta-
tus is hematology. The first general sign of abnormal hematology is im-
paired hemapoiesis. The fish clinician must realize that many factors are
involved, including vitamins, minerals, amino acids, antagonist hormones,
and physiological stimulations. Folic acid, vitamin Bjg, and ascorbic acid
nutritional state are obvious determinants. Also, limiting trace minerals
such as iron, copper, and manganese and limiting amino acids in the diet
result in abnormal growth by interfering with the rate of protein struc-
ture. Fish erythrocytes are enucleated and need proper nucleic acid syn-
thesis for normal erythropoiesis. Erythropoiesis-inhibiting agents such as
dicumarol, warfarin, and phenothyazine should be considered. Finally, pi-
tuitary and adrenal hormones, which stimulate protein synthesis, and thy-
roid hormones, which regulate metabolic activity and protein synthesis, play
dominantroles in blood cell formation. Repeated extraction of quantities of
blood for clinical experiments through in-dwelling cannulas will stimulate
erythropoiesis, which will be reflected in the blood cytology and anterior
kidney imprints (Ashley and Smith, 1963). The tremendous physiological
change involved in the transition of anadromous fish from a hypo- to a hyper-
tonic environment appears to increase their sensitivity to hemorrhage and
probably also has effects on normal hemapoiesis (Zaugg and McLain, 1969;
Zaugg, 1970).
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3.1
Introduction

Proteins are the major organic material in fish tissue, making up about
65 to 75% of the total on a dry-weight basis. Fish consume protein to obtain
amino acids. The protein is digested or hydrolyzed and releases free amino
acids, which are absorbed from the intestinal tract and distributed by the
blood to the organs and tissues. These amino acids are used by the various
tissues to synthesize new protein. A regular intake of protein or amino acids
is required because amino acids are used continually by the fish, either
to build new proteins (as during growth and reproduction) or to replace
existing proteins (maintenance). Inadequate protein in the diet results in
areduction or cessation of growth and a loss of weight due to withdrawal of
protein from less vital tissues to maintain the functions of more vital tissues.
On the other hand, if too much protein is supplied in the diet, only part of
it will be used to make new proteins, and the remainder will be converted
to energy.

The first definitive studies on protein and amino acid nutrition of fish
were conducted by Halver and co-workers in the late 1950s and early 1960s
in chinook salmon (Oncorhynchus tshawytscha). The initial amino acid test
diets were formulated based on the amino acid content of chicken whole
egg protein, chinook salmon egg protein, and chinook yolk sac fry protein
(Halver, 1957). The amino acid test diet formulated based on the amino
acid content of chicken whole egg protein gave the best growth and feed
efficiency, and was therefore adopted as the amino acid test diet. This diet
was used to determine the qualitative amino acid requirements of the chi-
nook salmon (Halver et al., 1957). The gross protein requirement of chinook
salmon was determined by feeding test diets containing a mixture of casein,
gelatin, and crystalline amino acids to simulate the amino acid content of
whole egg protein (DeLong et al., 1958). Subsequent experiments utiliz-
ing test diets containing a mixture of casein, gelatin, and crystalline amino
acids to form an amino acid pattern of 40% whole egg protein were used
to determine the quantitative amino acid requirements of the 10 indispens-
able amino acids for the chinook salmon (Halver et al., 1958; DeLong et al.,
1962; Chance et al., 1964; Halver, 1965). These initial pioneering studies
by Halver and colleagues have served as the basic model for many sub-
sequent studies on the amino acid and protein nutriture of several fish
species.
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3.2
Protein Requirements

3.2.1. Gross Requirements

3.2.1.1. Finfish

Fish, like other animals, do not have a true protein requirement but
have a requirement for a well-balanced mixture of essential or indispens-
able and nonessential or dispensable amino acids. Numerous investigators
have utilized various semipurified and purified diets to estimate the pro-
tein requirements of fish. The estimated protein requirements of several
species of juvenile fish are summarized in Table 3.1. Most of these values
have been estimated from dose-response curves, yielding the minimum
amount of dietary protein which resulted in maximum growth. Some of
these requirement values appear to have been overestimated because of
inadequate consideration of one or more of the following dietary factors:
(a) the energy concentration of the diet, (b) the amino acid composition
of the dietary protein, and (c) the digestibility of the dietary protein.

The optimal dietary protein level for fish, as well as other animals, is in-
fluenced by the optimal dietary protein-to-energy balance, the amino acid
composition and digestibility of the test protein(s), and the amount of non-
protein energy sourcesin the test diet. Excess energy in the test diet may limit
consumption, as it has been suggested that fish, like other animals, eat to
meet their energy requirement (see Chapter 1, by Bureau e al.). Most inves-
tigators state that they have used isoenergetic diets to determine the protein
requirements, however, as the metabolizable energy of the various ingredi-
ents has not been determined for most fish, these workers have used various
estimated physiological fuel values in expressing the protein requirement
in relation to the dietary energy level. The influence of changes in dietary
energy on protein utilization, as well as the sparing effects of dietary lipid
and carbohydrate on dietary protein, has been discussed elsewhere (Wilson,
1989).

The data in Table 3.1 indicate that the protein requirements of fish are
much higher (two to four times) than those of other vertebrates. This ob-
servation has led certain investigators, including me, to suggest that the
efficiency of protein utilization is lower in fish than in other animals. Tacon
and Cowey (1985) first noted that the dietary protein requirements of fish
are not that dissimilar from those of other vertebrates when expressed rel-
ative to feed intake (grams of protein per kilogram of body weight per
day) and live weight gain (grams of protein per kilogram of live weight
gain). Bowen (1987) compared several parameters relating protein intake
to growth of fish and other vertebrates and found very little difference in
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Table 3.1

Estimated Protein Requirements of Juvenile Fish

Species

Protein source

Estimated
requirement (%)

Reference

Asian sea bass
(Lates calcarifer)

Atlantic halibut
(Hippoglossus
hippoglossus)

Atlantic salmon
(Salmo salar)

Blue tilapia
(Oreochromis awreus)
Brown trout (Salmo trutta)

Channel catfish
(Ictalurus punctatus)
Chinook salmon
(Oncorhynchus tshawytscha)

Coho salmon
(Oncorhynchus kisutch)

Common carp
Cyprinus carpio)

Estuary grouper
(Epinephelus salmoides)
European eel
(Anguilla anguilla)
European sea bass
(Dicentrarchus labrax)
Florida pompano
(Trachinotus carolinus)
Gilthead bream
(Sparus aurata)

Golden shiner
(Notemigonus crysoleucas)

Goldfish (Carassius
auratus)

Casein, gelatin

Fish meal

Fish meal

Casein, egg albumin
Casein, fish meal,
FPC“

Whole egg protein

Casein, gelatin, amino

acids
Casein

Casein

Tuna muscle meal
Fish meal

Fish meal

Fish meal, soy meal

Casein, FPC, amino
acids

Fish meal, casein

Fish meal, casein

45

51

55

34
53

40

38
31

40-50

40

50

45

40

29

29

Boonyaratpalin (1991)
Helland and
Grisdale-Helland (1998)

Grisdale-Helland
and Helland (1997)

Winfree and Stickney (1981)
Arzel et al. (1995)
Garling and Wilson (1976)

Delong et al. (1958)

Zeitoun et al. (1974)

Ogino and Saito (1970)
Takeuchi et al. (1979)

Teng et al. (1978)
de la Higuera et al. (1989)
Hidalgo and Alliot (1988)
Lazo et al. (1998)
Sabaut and Luquet (1973)
Lochmann and

Phillips (1994)

Lochmann and
Phillips (1994)

(continues)
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Table 3.1 (Continued)

Estimated Protein Requirements of Juvenile Fish

147

acids

Estimated
Species Protein source requirement (%) Reference

Grass carp

(Ctenopharygodon idella) Casein 41-43 Dabrowski (1977)
Hybrid striped bass

(Morone chrysops x

M. saxatilis) Fish meal, casein 35 Nematipour et al. (1992)
Japanese eel (Anguilla

Japonica) Casein, amino acids 44.5 Nose and Arai (1972)
Largemouth bass

(Micropterus

salmoides) Casein, FPC 40 Anderson et al. (1981)
Milkfish (Chanos

chanos) Casein 40 Lim et al. (1979)
Mozambique tilapia

(Oreochromis

mossambicus) White fish meal 40 Jauncey (1982)
Nile tilapia

(Oreochromis niloticus) Casein 30 Wang et al. (1985)
Plaice (Pleuronectes

platessa) Cod muscle 50 Cowey et al. (1972)
Puffer fish (Fugu

rubripes) Casein 50 Kanazawa et al. (1980)
Rainbow trout

(Oncorhynchus mykiss) Casein, gelatin 40 Zeitoun et al. (1973)
Red drum (Sciaenops

ocellatus) Fish meal, casein 35-45 Daniels and Robinson

(1986)

Red sea bream (Pagrus

major) Casein 55 Yone (1976)
Smallmouth bass

(Micropterus dolomieui) Casein, FPC 45 Anderson et al. (1981)
Snakehead (Canna

micropelles) Fish meal 52 Wee and Tacon (1982)
Sockeye salmon

(Oncorhynchus nerka) Casein, gelatin, amino acids 45 Halver et al. (1964)
Striped bass (Morone

saxatilis) Fish meal, SP? 47 Millikin (1983)
Yellow perch (Perca

Sflavescens) Casein, gelatin, amino 35 Brown et al. (1996)

(continues)
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Table 3.1 (Continued)

Estimated Protein Requirements of Juvenile Fish

Estimated
Species Protein source requirement (%) Reference
Yellowtail (Seriola
quinqueradiatla) Sand eel, fish meal 55 Takeda et al. (1975)
Zacco barbata Fish meal 32 Shyong et al. (1998)
Zillii’s tilapia
(Tilapia zillii) Casein 35 Mazid et al. (1978)

“ Fish protein concentrate.
b Soy proteinate.

protein utilization among the species compared (Table 3.2). The data used
to make this comparison included median values from 18 studies of fish and
8 studies of other vertebrates including calves, chickens, lamb, swine, and
white rats. The only parameters that differed significantly were the level of
protein in the diet required for maximum growth and the feed conversion
efficiency. When the protein requirement data were recalculated to correct
for differences in relative protein intake and growth rates, as suggested by
Tacon and Cowey (1985), the resulting data were very similar for fish and
other vertebrates. This indicates that the efficiency of protein utilization is
very similar among the species compared.

Table 3.2

Parameters Relating Protein Intake to Growth of Fish and Other Vertebrates®

Parameter Fish Other vertebrates
Specific growth rate 2.765 2.445
Protein in diet (%) 40.3 20.0
Protein intake at maximum growth
(mg protein ingested/g body wt/day) 16.5 12.0

Protein retention efficiency
[100 x (g protein retained/g

protein ingested) ] 31.0 29.0
Protein growth efficiency (g growth/

g protein ingested) 1.945 1.965
Feed conversion efficiency (g growth/

g diet ingested) 0.78 0.26

“ Data from Bowen (1987).
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Table 3.3

Optimum Dietary Protein Levels for Crustacean

Optimum
Species Protein source level (%) Reference
Homarus americanus Casein, gluten, shrimp meal 31 D’Abramo et al. (1981)
Homarus gammarus Fish and crustacean meals 35 Lucien-Brun et al. (1985)
Macrobrachium rosenbergii ~ Soybean, tuna, shrimp meal >35 Balazs and Ross (1976)
Metapenaeus monoceros Casein 55 Kanazawa et al. (1981)
Palaemon serratus Fish meal, shrimp meal 40 Forster and Beard (1973)
Penaeus durarum Soybean meal 28-30 Sick and Andrews (1973)
Penaeus indicus Prawn meal 43 Colvin (1976)
Penaeus japonicus Shrimp meal 40 Balazs et al. (1973)
Casein, egg albumin 54 Deshimaru and Kuroki
(1974)
Squid meal 60 Deshimaru and Shigeno
(1972)
Casein, egg albumin 52-57 Deshimaru and Yone
(1978)
Penaeus merguiensis Mytilus edulis meal 34-42 Sedgwick (1979)
Penaeus monodon Casein, fish meal 46 Lee (1971)
Penaeus setiferus Fish meal 28-32 Andrews et al. (1972)

3.2.1.2. Crustacea

Like finfish, most crustacea studied to date have rather high protein
requirements, ranging from 30 to 60% of the dry diet (Table 3.3). Here,
again, some of these values appear to be overestimated, for some of the
same reasons as suggested for comparable values estimated for finfish. In
addition, crustacean nutritional studies are complicated by the difficulty of
producing water-stable formulated diets which resistleaching due to delayed
consumption by the test organism. Some organisms also shred their food
particle prior to ingestion, which may enhance leaching and make food
consumption measurements very difficult. Guillaume (1997) has recently
summarized the protein and amino acid needs of crustacea and discussed
the various problems associated with determining protein and amino acid
requirements in these organisms.

3.2.2. Factors Affecting Requirements
3.2.2.1. Size and Age

Generally, the protein requirements of fish decrease with increasing size
and age. For example, the optimal dietary protein level for very young
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salmonids is 45 to 50% of the diet, while juveniles require 40% and yearlings
require about 35% dietary protein (Hilton and Slinger, 1981; Hardy, 1989).
Similarly, channel catfish fry require about 40% protein, whereas finger-
lings require 30 to 35% protein and larger fish (>110 g) require 25 to 35%
protein (Page and Andrews, 1973; Wilson, 1991). The protein requirement
for tilapia fry is about 50% of the diet, which decreases to about 35% as
fish increase to 30 g in weight. Larger fish require only 25 to 35% dietary
protein, depending on the rearing conditions (Lim, 1989).

3.2.2.2. Water Temperature

Changes in water temperature have been reported to alter the protein
requirement of some fish, whereas they do not appear to affect other fish.
For example, chinook salmon were found to require 40% protein at 8°C and
55% protein at 15°C (DeLong et al., 1958). Similarly, striped bass were found
to require 47% protein at 20°C and about 55% protein at 24°C (Millikin,
1982, 1983). However, when rainbow trout were fed practical diets con-
taining 35, 40, and 45% crude protein at temperatures ranging from 9 to
18°C, no differences in protein requirement could be ascertained [National
Research Council (NRC), 1981]. In general, the growth rate and feed in-
take increase as the water temperature increases, thus it is generally felt
that a change in water temperature affects feed intake much more than the
protein requirement.

3.2.3. Maintenance Requirements

The maintenance protein requirement of an animal is defined as the
protein intake required to maintain nitrogen equilibrium. An animal is
in nitrogen equilibrium when nitrogen intake is equal to nitrogen excre-
tion and no change in body weight occurs. Animal cells are characterized
by being in a dynamic steady state, in that their various components are
constantly undergoing degradation and resynthesis. Therefore, sufficient
amino acids must be supplied to maintain the body composition. Amino
acids are withdrawn from body pools for synthesis of proteins, nucleic acids,
and lesser components of cells and are removed by degradation through ox-
idative pathways. The replacement of this supply of amino acids therefore re-
presents the absolute minimum requirement for amino acids in the diet or
the maintenance protein requirement.

3.2.3.1. Methodology

Two type of methods can be used to estimate or determine the protein re-
quirement for maintenance. The first or direct method involves measuring
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the endogenous nitrogen excretion as the combined fecal, urinary, and
branchial losses. The fish are either maintained without food, fed a protein-
free diet, or fed a low-protein diet. The protein requirement for main-
tenance is then calculated based on the endogenous nitrogen excretion
data by taking into account the digestibility and biological value of the test
protein. The second or indirect method is much simpler and the most con-
venient method to use for fish. In this case, nitrogen retention can be mea-
sured by the difference between nitrogen consumed and nitrogen retained
by the fish at the end of the experimental period. These data can also be
combined with growth data obtained by feeding an increasing ration size
and obtaining the nitrogen or protein intake which results in zero growth
(Luquet and Kaushik, 1981).

3.2.3.2. Estimated Maintenance Requirements

Only alimited number of studies have been reported on the maintenance
requirements of protein in fish. Ogino and Chen (1973) obtained a main-
tenance requirement of 0.95 g protein/kg body weight/day for common
carp fed casein as the sole source of protein. Gatlin et al. (1986) reported
the maintenance requirement for channel catfish to be 1.3 g protein/kg
body weight/day based on growth rates of fish fed increasing rations from
0 to 5% of the body weight/day of diets containing either 25 or 35% crude
protein from a casein—gelatin mixture. The requirement value was about
1.0 g protein/kg body weight/day based on protein retention data for
the above growth studies. Somewhat higher values, 1.5 to 2.5 and 2.6 g
digestible protein/kg body weight/day, have been reported for red drum
(McGoogan and Gatlin, 1998) and rainbow trout (Kaushik and Gomes,
1988), respectively.

3.3
Qualitative Amino Acid Requirements

The first successful amino acid test diet for fish was developed by Halver
(1957). He developed his initial test diet based on previous amino acid test
diets used in determining the amino acid requirements of young albino
rats. Halver (1957) compared test diets containing 70% crystalline L-amino
acids formulated based on the amino acid patterns of whole chicken egg
protein, chinook salmon egg protein, and chinook yolk sac fry protein.
The test diet based on whole chicken egg protein gave the best growth and
feed efficiency for chinook salmon for a 12-week period. Therefore, this
test diet was used to determine the qualitative amino acid needs of chinook
salmon (Halver etal., 1957). These workers determined the essentiality of the
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18 common protein amino acids by comparing the relative growth rates of
chinook salmon fed the basal and the specific amino acid-deficient diets
over a 10-week period. The results indicated that the following 10 amino
acidswere indispensable for chinook salmon: arginine, histidine, isoleucine,
leucine, lysine, methionine, phenylalanine, threonine, tryptophan, and
valine. All other species that have been studied to date have been shown
to require the same 10 amino acids.

3.4
Quantitative Amino Acid Requirements

3.4.1. Methodology
3.4.1.1. Amino Acid Test Diets

Most investigators have used the method developed by Halver and
co-workers (Mertz, 1972) to determine the quantitative amino acid require-
ments of fish. This procedure involves feeding graded levels of one amino
acid at a time in a test diet containing either all crystalline amino acids or a
mixture of casein, gelatin, and amino acids formulated so that the amino
acid profile is identical to that of whole chicken egg protein except for the
amino acid being tested. This procedure has been used successfully with
several species, however, the amino acid test diets must be neutralized with
sodium hydroxide for utilization by carp (Nose et al.,, 1974) and channel
catfish (Wilson et al., 1977).

Other investigators have used semipurified and practical diets supple-
mented with crystalline amino acids to estimate the amino acid requirements
of certain fish. The semipurified diets have usually included an imbalanced
protein as the major source of the dietary amino acids, e.g., zein (Kaushik,
1979) or corn gluten (Halver ¢t al., 1958; Ketola, 1983), which are deficient
in certain amino acids. Practical-type diets utilize normal feed ingredients
to furnish the bulk of the amino acids. These may be formulated with a
fixed amount of intact protein, and the remaining protein equivalent is
made up of crystalline amino acids (Luquet and Sabaut, 1974; Jackson and
Capper, 1982; Walton et al., 1984a). The various problems inherent in using
these types of diets to assess the amino acid requirements of fish have been
discussed elsewhere (Wilson, 1985).

3.4.1.2. Growth Studies

Most of the amino acid requirement values have been estimated based on
the conventional growth response curve or Almquist plot. Replicate groups
of fish are fed diets containing graded levels of the test amino acid until
measurable differences appear in the weight gain of the test fish. A linear
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increase in weight gain is normally observed with increasing amino acid
intake up to a break point corresponding to the requirement of the specific
amino acid, at which the weight gain levels off or plateaus.

Various methods have been used to estimate or calculate the break point
corresponding to the requirement value based on the weight gain data. The
requirement values for chinook salmon (reviewed by Mertz, 1972), common
carp, and Japanese eel (Nose, 1979) were estimated using an Almquist plot
without the aid of any statistical analysis, whereas others have used regression
analysis to generate the Almquist plot (Harding et al., 1977; Akiyama e al.,
1985a). Wilson et al. (1980) used the continuous broken-line model devel-
oped by Robbins et al. (1979) to estimate the requirement values. Santiago
and Lovell (1988) used both the broken-line model and quadratic regres-
sion analysis to estimate the requirement values for Nile tilapia based on
weight gain data. Quadratic regression analysis resulted in the lowest error
term for estimating the requirement values, whereas the broken-line model
yielded the lowest error term for only three requirement values. Most of the
requirement values that have been reported within the last 10 years have
been estimated based on the broken-line model.

3.4.1.3. Serum or Tissue Amino Acid Studies

Some investigators have found a high correlation of either serum or
blood and muscle free amino acid levels with dietary amino acid intake in
fish. The hypothesis is that the serum or tissue content of the amino acid
should remain low until the requirement for the amino acid is met and then
increase to high levels when excessive amounts of the amino acid are fed.
This technique has proven useful in confirming the amino acid require-
ments in only a few cases. For example, of the 10 indispensable amino acid
requirement studies in the channel catfish, only the serum lysine (Wilson
et al., 1977), threonine (Wilson et al., 1978), histidine (Wilson et al., 1980),
and methionine (Harding et al., 1977) data were useful in confirming the
requirement values estimated based on weight gain data. Serum methionine
data on sea bass (Thebault et al., 1985) and serum lysine of hybrid striped
bass (Griffin et al., 1992) have been used to confirm the requirement values
for these species. Blood and muscle arginine concentrations were found to
increase gradually in rainbow troutfed increasing levels of arginine and were
not useful for assessing the arginine requirement of this species (Kaushik,
1979). Walton et al. (1984b) were unable to use blood tryptophan levels
to confirm the tryptophan requirement of rainbow trout. Of the 10 amino
acids required by Nile tilapia, Santiago and Lovell (1988) were able to use
only the muscle free lysine, threonine, and isoleucine concentrations to
confirm the requirement values for these amino acids based on growth
studies.
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3.4.1.4. Amino Acid Oxidation Studies

This technique is based on the general hypothesis that when an amino
acid is limiting or deficient in the diet, the major portion will be utilized
for protein synthesis, and little well be oxidized to carbon dioxide, whereas
when the quantity of an amino acid is supplied in excess, and is thus not a
limiting factor for protein synthesis, more of the amino acid will be oxidized.
The intake level which produces a marked increase in amino acid oxidation
should then be a direct indicator of the requirement value for that specific
amino acid.

This technique has been evaluated in rainbow trout with only limited
success. Walton et al. (1984a) were successful in using this technique to con-
firm the lysine requirement of rainbow trout based on weight gain data.
Following the growth study, three fish from each dietary treatment were
injected intraperitoneally with a tracer dose of [U-'*C]lysine and the
respired carbon dioxide was collected over a 20-hr period. The level of
['*C]carbon dioxide produced was used as a direct measurement of the rate
of oxidation of lysine in the fish. The level of oxidation observed was very low
in fish fed low dietary levels of lysine, somewhat higher in fish fed intermedi-
ate dietary levels, and much higher in fish fed higher levels of dietary lysine.
The breakpoint of the dose-response curve indicated a dietary require-
ment of 20 g lysine/kg diet, which was in close agreement with the value of
19 g lysine/kg diet obtained from growth data. Similarly, Anderson et al.
(1993) were able to use the lysine oxidation approach to confirm the re-
quirement based on growth data in Atlantic salmon. In a study involving
tryptophan, Walton et al. (1984b) found that the requirement value based
on oxidation data was lower, 2.0 versus 2.5 g/kg diet, than the value based
on weight gain data. These workers concluded that the oxidation technique
is not suitable for use in the absence of growth data because of its lack of
precision in determining requirement values from graphical plots.

Kim et al. (1992c) were unsuccessful in using phenylalanine oxidation
rates to evaluate the phenylalanine requirement of rainbow trout. In their
study, fish were fed diets containing varying levels of phenylalanine plus
L-[1-1*C]phenylalanine for 10 to 20 days. The expired *COy increased grad-
uallywith increasing levels of phenylalanine in the diet, without any apparent
break point. These workers concluded that this technique is probably not
appropriate for determining amino acid requirements in fish.

3.4.2. Arginine Requirements

The arginine requirement values for fish are summarized in Table 3.4.
Salmon have the highest requirement, about 6% of dietary protein, whereas
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Table 3.4

Arginine Requirements

Fish Requirement® Based on Reference
Atlantic salmon 4.1 Growth studies Lall et al. (1994)
5.0-5.1 Growth studies Berge et al. (1997)
4.6 Ideal protein Rollin (1999)
Catla 4.8 Growth studies Ravi and Devaraj (1991)
Channel catfish 4.3 Growth studies Robinson et al. (1981)
Chinook salmon 6.0 Growth studies Klein and Halver (1970)
Chum salmon 6.5 Growth studies Akiyama and Arai (1993)
Clarias hybrid 3.6 Ideal protein Unprasert (1994)
Coho salmon 5.8 Growth studies Klein and Halver (1970)
3.2 Growth studies Arai and Ogata (1993)
4.9-5.5 Growth studies Luzzana et al. (1998)
Common carp 4.3 Growth studies Nose (1979)
3.8 Protein accretion Ogino (1980)
European sea bass 4.6 A/E ratios® Kaushik (1998)
Gilthead bream 5.0 Growth studies Luquet and Sabaut (1974)
5.4 A/E ratios Kaushik (1998)
Hybrid striped bass 4.4 Growth studies Griffin et al. (1994a)
Japanese eel 4.5 Growth studies Arai (Nose, 1979)
Japanese flounder 3.4 A/E ratios Forster and Ogata (1998)
Milkfish 5.3 Growth studies Borlongan (1991)
Mozambique tilapia 4.0 Growth studies Jackson and Capper (1982)
Nile tilapia 4.2 Growth studies Santiago and Lovell (1988)
Rainbow trout 3.3 Growth studies Kaushik (1979)
3.5 Protein accretion Ogino (1980)
3.5 Growth studies Rodehutscord et al. (1995)
3.5-4.2 Growth studies Chiu et al. (1988)
3.8 Growth studies Forster (1993)
3.6-4.0 Growth studies Walton et al. (1986)
4.0 Growth studies Kim et al. (1992b)
4.1 Growth studies Pack et al. (1995)
4.7 Growth studies Cho et al. (1992)
5.4-5.9 Growth studies Ketola (1983)
Red drum 3.7 A/E ratios Moon and Gatlin (1991)
Red sea bream 3.5 A/E ratios Forster and Ogata (1998)
Rohu 2.9 Growth studies Khan and Jafri (1993)
Turbot 4.8 A/E ratios Kaushik (1998)
Wels 3.4 Growth studies Toth (1986)
White sturgeon 4.8 Protein accretion Ng and Hung (1995)
Yellow perch 4.3 Growth studies Twibell and Brown (1997)

“ Requirements are expressed as percentage of protein.
’ (Indispensable amino acid content/total indispensable amino acid content including cys-
teine and tyrosine) x 1000.
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the other species require about 4 to 5% of protein. The requirement value
of about 4% of protein for rainbow trout appears to be the most reasonable,
however, values ranging from 3.3 to 5.9% have been reported. The estimated
requirementvalues appear to be alittle lower than those obtained by growth
studies.

3.4.3. Histidine Requirements

The histidine requirements of fish are presented in Table 3.5. Excellent
agreement has been found among the species studied, with a range of 1.5 to
2.5% of protein for the requirement values. Wilson ¢t al. (1980) were able
to confirm the requirement value by the serum free histidine pattern in
channel catfish. There was a significant increase in the serum free histidine
concentration up to the dietary requirement as determined based on growth
data and then the serum histidine remained constant at a higher dietary
intake.

Table 3.5

Histidine Requirements

Fish Requirement® Based on Reference

Atlantic salmon 1.8 Ideal protein Rollin (1999)

Catla 2.5 Growth studies Ravi and Devaraj (1991)

Channel catfish 1.5 Growth studies Wilson et al. (1980)

Chinook salmon 1.8 Growth studies Klein and Halver (1970)

Chum salmon 1.6 Growth studies Akiyama et al. (1985a)
1.6 Growth studies Akiyama and Arai (1993)

Clarias hybrid 1.2 Ideal protein Unprasert (1994)

Coho salmon 1.8 Growth studies Klein and Halver (1970)

0.9 Growth studies
Common carp 2.1 Growth studies

Arai and Ogata (1993)
Nose (1979)

1.4

Protein accretion

Ogino (1980)

European sea bass 1.6 A/E ratios” Kaushik (1998)

Gilthead sea bream 1.7 A/E ratios Kaushik (1998)

Japanese eel 2.1 Growth studies Arai (Nose, 1979)

Japanese flounder 1.3 A/E ratios Forster and Ogata (1998)
Milkfish 2.0 Growth studies Borlongan and Coloso (1993)
Nile tilapia 1.7 Growth studies Santiago and Lovell (1988)
Rainbow trout 1.6 Protein accretion ~ Ogino (1980)

Red drum 1.7 A/E ratios Moon and Gatlin (1991)

Red sea bream 1.4 A/E ratios Forster and Ogata (1998)
Turbot 1.5 A/E ratios Kaushik (1998)

“ Requirements are expressed as percentage of protein.

b See Table 3.4, footnote b.
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3.4.4. Branched-Chain Amino Acid Requirements

3.4.4.1. Isoleucine Requirements

The isoleucine requirements of fish are presented in Table 3.6. The re-
quirement appears to be about 2.2 to 3% of protein for those species studied
except for the Japanese eel and milkfish, which have higher requirement
values.

Wilson et al. (1980) determined the effects of dietary isoleucine on serum
free isoleucine, leucine, and valine in channel catfish. Even though the
serum isoleucine increased somewhat with increasing isoleucine intake,
these data did not confirm the requirement as determined based on growth
data. The serum free leucine and valine concentrations appeared to parallel
the serum free isoleucine concentrations. A relative high mortality rate was
observed in fish fed the isoleucine-deficient diet.

Table 3.6

Isoleucine Requirements

Fish Requirement® Based on Reference

Atlantic salmon 3.2 Ideal protein Rollin (1999)
Catla 2.4 Growth studies Ravi and Devaraj (1991)
Channel catfish 2.6 Growth studies Wilson et al. (1980)
Chinook salmon 2.2 Growth studies Chance et al. (1964)
Chum salmon 2.4 Growth studies Akiyama and Arai (1993)
Clarias hybrid 2.0 Ideal protein Unprasert (1994)
Coho salmon 1.2 Growth studies Arai and Ogata (1993)
Common carp 2.5 Growth studies Nose (1979)

2.3 Protein accretion ~ Ogino (1980)
European sea bass 2.6 A/E ratios’ Kaushik (1998)
Gilthead sea bream 2.6 A/E ratios Kaushik (1998)
Japanese eel 4.0 Growth studies Arai (Nose, 1979)
Japanese flounder 2.0 A/E ratios Forster and Ogata (1998)
Lake trout 2.0-2.6° Growth studies Hughes et al. (1983)
Milkfish 4.0 Growth studies Borlongan and Coloso (1993)
Nile tilapia 3.1 Growth studies Santiago and Lovell (1988)
Rainbow trout 2.4 Protein accretion ~ Ogino (1980)
Red drum 2.9 A/E ratios Moon and Gatlin (1991)
Red sea bream 2.2 A/E ratios Forster and Ogata (1998)
Turbot 2.6 A/E ratios Kaushik (1998)
White sturgeon 3.0 A/E ratios Ng and Hung (1995)

“ Requirements are expressed as percentage of protein.
b See Table 3.4, footnote b.
¢ These values were recalculated based on the calculated nitrogen content of the test diets.
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3.4.4.2. Leucine Requirements

The leucine requirement values are presented in Table 3.7. The require-
ments values agree quite well, ranging from 3.3 to 3.9% of protein, except
for the higher values of a little more than 5% of protein reported for the
Japanese eel and milkfish. In general, the estimated values based on A/E
ratios [ (indispensable amino acid content/total indispensable amino acid
content including cysteine and tyrosine) x 1000] and protein accretion are
somewhat higher than those found based on growth studies.

Wilson et al. (1980) reported that the serum free leucine level in channel
catfish remained constant regardless of the dietary leucine intake. There
was, however, a marked effect of dietary leucine on the serum free isoleucine
and valine levels. There was about a sixfold increase in serum free isoleu-
cine and valine concentrations at the 0.7% dietary leucine level compared

Table 3.7

Leucine Requirements

Fish Requirement® Based on Reference

Atlantic salmon 5.2 Ideal protein Rollin (1999)
Catla 3.7 Growth studies Ravi and Devaraj (1991)
Channel catfish 3.5 Growth studies Wilson et al. (1980)
Chinook salmon 3.9 Growth studies Chance et al. (1964)
Chum salmon 3.8 Growth studies Akiyama and Arai (1993)
Clarias hybrid 35 Growth studies Unprasert (1994)
Coho salmon 3.4 Growth studies Arai and Ogata (1993)
Common carp 3.3 Growth studies Nose (1979)

4.1 Protein accretion ~ Ogino (1980)
European sea bass 4.3 A/E ratios” Kaushik (1998)
Gilthead sea bream 4.5 A/E ratios Kaushik (1998)
Japanese eel 5.3 Growth studies Arai (Nose, 1979)
Japanese flounder 3.9 A/E ratios Forster and Ogata (1998)
Lake trout 3.5-4.6°¢ Growth studies Hughes et al. (1983)
Milkfish 5.1 Growth studies Borlongan and Coloso (1993)
Nile tilapia 2.8-3.6 Growth studies Santiago and Lovell (1988)
Rainbow trout 4.4 Protein accretion ~ Ogino (1980)
Red drum 4.7 A/E ratios Moon and Gatlin (1991)
Red sea bream 4.2 A/E ratios Forster and Ogata (1998)
Turbot 4.6 A/E ratios Kaushik (1998)
White sturgeon 4.3 Protein accretion  Ng and Hung (1995)

“ Requirements are expressed as percentage of protein.

¥ See Table 3.4, footnote b.
¢ These values were recalculated based on the calculated nitrogen content of the test diets.
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to the 0.6% leucine level. These elevated levels of isoleucine and valine did
not return to the baseline levels until a dietary level of 1.2% or above was
fed. This observation was interpreted to indicate that leucine may facilitate
the tissue uptake of branched-chain amino acids and/or their intracellular
metabolism.

3.4.4.3. Valine Requirements

The valine requirement values of fish are presented in Table 3.8. Reason-
able agreement exists among the values reported for the species studied,
indicating that the requirement ranges from about 2.5 to 4% of protein.
Studies on the effect of valine intake on serum valine levels in channel cat-
fish showed that they responded in a manner similar to that described for

isoleucine (Wilson et al., 1980).

Table 3.8

Valine Requirements

Fish Requirement® Based on Reference

Atlantic salmon 3.9 Ideal protein Rollin (1999)
Catla 3.6 Growth studies Ravi and Devaraj (1991)
Channel catfish 3.0 Growth studies Wilson et al. (1980)
Chinook salmon 3.2 Growth studies Chance et al. (1964)
Chum salmon 3.0 Growth studies Akiyama and Arai (1993)
Clarias hybrid 2.4 Ideal protein Unprasert (1994)
Coho salmon 2.2 Growth studies Arai and Ogata (1993)
Common carp 3.6 Growth studies Nose (1979)

2.9 Protein accretion ~ Ogino (1980)
European sea bass 2.9 A/E ratios’ Kaushik (1998)
Gilthead sea bream 3.0 A/FE ratios Kaushik (1998)
Japanese eel 4.0 Growth studies Arai (Nose, 1979)
Japanese flounder 2.5 A/E ratios Forster and Ogata (1998)
Lake trout 2.6-3.3¢ Growth studies Hughes et al. (1983)
Milkfish 3.6 Growth studies Borlongan and Coloso (1993)
Nile tilapia 2.8 Growth studies Santiago and Lovell (1988)
Rainbow trout 3.1 Protein accretion ~ Ogino (1980)
Red drum 3.1 A/E ratios Moon and Gatlin (1991)
Red sea bream 2.5 A/E ratios Forster and Ogata (1998)
Turbot 2.9 A/E ratios Kaushik (1998)
White sturgeon 3.3 Protein accretion ~ Ng and Hung (1995)

“ Requirements are expressed as percentage of protein.

¥ See Table 3.4, footnote b.
¢ These values were recalculated based on the calculated nitrogen content of the test diets.
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3.4.4.4. Interactions

Some differences appear to exist in the apparent isoleucine-leucine—
valine interactions among different fish. Chance et al. (1964) found that
the isoleucine requirement in chinook salmon increased slightly with in-
creasing levels of dietary leucine. This effect was not observed in either the
common carp (Nose, 1979) or the channel catfish (Robinson et al., 1984).
Nose (1979) did, however, observe reduced growth rates in carp fed high
dietary isoleucine levels during a leucine requirement study. This reduced
growth rate was not observed when the leucine requirement study was re-
peated at a lower isoleucine level. Robinson et al. (1984) concluded that a
nutritional interrelationship does exist among the branched-chain amino
acids in the channel catfish but the interaction does not appear to be as
severe as has been observed in certain other animals.

3.4.5. Lysine Requirements

The lysine requirement values for fish are summarized in Table 3.9. In
general, lysine appears to be the first limiting amino acid in feedstuffs com-
monly used in formulating feeds for warmwater fish (Robinson et al., 1980b)
and perhaps other fish as well. Therefore, more requirement values have
been reported for this amino acid. The requirement appears to range from
4 to 5% of protein for most fish. The values of 5.7 for common carp and 6.2
for catla, an Indian major carp, may indicate that carps have a higher lysine
requirement than other fish. The value of 6.1 for rainbow trout appears to
be out of line, as two other investigators have reported much lower values.
The estimated values are very similar to those obtained by growth studies.

Serum free lysine levels were useful in confirming the lysine requirement
in channel catfish originally determined at 24% crude protein (Wilson et al.,
1977); however, serum free lysine levels provided little indication of the
lysine requirementwhen reevaluated ata 30% crude protein level (Robinson
et al., 1980b) Walton et al. (1984a) observed a good agreement between the
lysine requirement values determined by growth studies and those deter-
mined by amino acid oxidation studies in rainbow trout.

3.4.5.1. Arginine -Lysine Interactions

A dietary lysine—arginine antagonism has been well documented in cer-
tain animals. Based on growth studies, this antagonism has not been demon-
strated in channel catfish (Robinson et al., 1981), blue tilapia (Liou, 1989),
rainbow trout (Kim et al., 1992b), hybrid striped bass (Griffin ¢t al., 1994a),
oryellow perch (Twibell and Brown, 1997). Kaushik and Fauconneau (1984)
have presented some biochemical evidence indicating that some metabolic
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Lysine Requirements
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Fish Requirement® Based on Reference
African catfish 5.7 Growth studies Fagbenro et al. (1998b)
Atlantic salmon 4.0 Growth studies Anderson et al. (1993)

3.2-3.6 Growth studies Berge et al. (1998)

6.1 Growth studies Rollin (1999)
Blue tilapia 4.3 Growth studies Liou (1989)
Catla 6.2 Growth studies Ravi and Devaraj (1991)
Channel catfish 5.1 Growth studies Wilson et al. (1977)

5.0 Growth studies Robinson et al. (1980b)
Chinook salmon 5.0 Growth studies Halver et al. (1958)
Chum salmon 4.8 Growth studies Akiyama et al. (1985a)

5.0 Growth studies Akiyama and Arai (1993)
Clarias hybrid 4.8 Growth studies Unprasert (1994)
Coho salmon 3.8 Growth studies Arai and Ogata (1993)
Common carp 5.7 Growth studies Nose (1979)

5.3 Protein accretion ~ Ogino (1980)
European sea bass 4.8 Growth studies Tibaldi and Lanari (1991)
Gilthead sea bream 5.0 Growth studies Luquet and Sabaut (1974)
Hybrid striped bass 4.0 Growth studies Griffin et al. (1992)

4.0 Growth studies Keembiyehetty and Gatlin

(1992)

Japanese eel 5.3 Growth studies Arai (Nose, 1979)
Japanese flounder 4.6 Growth studies Forster and Ogata (1998)
Milkfish 4.0 Growth studies Borlongan and Benitez (1990)
Mozambique tilapia 4.1 Growth studies Jackson and Capper (1982)
Nile tilapia 5.1 Growth studies Santiago and Lovell (1988)
Rainbow trout 3.7 Growth studies Kim et al. (1992b)

4.2 Growth studies Walton et al. (1984a)

4.2 Growth studies Pfeffer et al. (1992)

5.3 Protein accretion ~ Ogino (1980)

6.1 Growth studies Ketola (1983)
Red drum 4.4 Growth studies Craig and Gatlin (1992)

5.7 Growth studies Brown et al. (1988)

5.7 A/E ratios” Moon and Gatlin (1991)
Red sea bream 4.4 Growth studies Forster and Ogata (1998)
Rohu 5.9 Growth studies Khan and Jafri (1993)

5.7 Growth studies Murthy and Varghese (1997)
Turbot 5.0 A/E ratios Kaushik (1998)
White sturgeon 5.4 Protein accretion ~ Ng and Hung (1995)
Yellowtail 4.1 Growth studies Ruchimat et al. (1997b)

“ Requirements are expressed as percentage of protein.

b See Table 3.4, footnote b.
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antagonism may exist between lysine and arginine in rainbow trout. These
workers found that an increasing dietary lysine intake affected plasma argi-
nine and urea levels and ammonia excretion. These changes were found to
be due to a decrease in the relative rate of arginine degradation as the level
of dietary lysine increased. Similarly, some evidence has been presented
which indicates that some metabolic interactions occur between arginine
and lysine when elevated levels of either are fed to Atlantic salmon (Berge
et al., 1997, 1998).

3.4.6. Sulfur Amino Acid Requirements

Methionine and cysteine are classified as sulfur-containing amino acids.
Adequate amounts of both methionine and cysteine are needed for proper
protein synthesis and other physiological functions of the fish. Cysteine
is considered dispensable because it can be synthesized by the fish from
the indispensable amino acid methionine. When methionine is fed without
cysteine, a portion of the methionine is used for protein synthesis, and a
portion is converted to cysteine for incorporation into protein. If cysteine is
included in the diet, it reduces the amount of dietary methionine needed.
Thus, to determine the total sulfur amino acid requirement (methionine
plus cysteine), the dietary requirement for methionine is determined either
in the absence of cysteine or with test diets containing very low levels of
cysteine.

3.4.6.1. Methionine Requirements

The methionine or total sulfur amino acid requirement values are pre-
sented in Table 3.10. It appears that most fish have a requirement value of
about 2 to 3% of protein, whereas catla, chinook salmon, and gilthead sea
bream appear to require higher levels of methionine.

Rainbow trout appear to be unique in that methionine deficiency results
in bilateral cataracts (Poston et al., 1977). These workers observed cataracts
in rainbow trout fed diets containing isolated soybean protein. The cataracts
were prevented by supplementing the diet with methionine. Cataracts have
also been observed in methionine-deficient rainbow trout by Walton et al.
(1982), Rumsey et al. (1983), and Cowey et al. (1992). This deficiency sign has
been reported in Arctic charr and actually used as the basis for establishing
the methionine requirement in this species (Simmons et al., 1999). Sulfur
amino acid-deficient hybrid striped bass did not develop cataracts, however,
when they were fed diets containing their requirement at a methionine-
to-cysteine ratio of 40:60, they developed bilateral cataracts within 3 weeks
and experienced mass mortality after 4 weeks (Keembiyehetty and Gatlin,
1993).
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Methionine or Total Sulfur Amino Acid Requirement

Fish Requirement” Based on Reference
African catfish 3.2 (0)° Growth studies Fagbenro et al. (1998a)
Arctic charr 1.8 (0) Growth studies Simmons et al. (1999)

2.7 (0) Lens pathology Simmons et al. (1999)
Asian sea bass 2.9 (0) Growth studies Coloso et al. (1999)
Atlantic salmon 3.1 Ideal protein Rollin (1999)
Blue tilapia 2.8 (0) Growth studies Liou (1989)
Catla 3.6 (0) Growth studies Ravi and Devaraj (1991)
Channel catfish 2.3 (0) Growth studies Harding et al. (1977)
Chinook salmon 4.0 (1) Growth studies Halver et al. (1959)
Chum salmon 3.0 (1.2) Growth studies Akiyama and Arai (1993)
Clarias hybrid 2.4 (0) Growth studies Unprasert (1994)
Coho salmon 2.7 (0) Growth studies Arai and Ogata (1993)
Common carp 3.1 (0) Growth studies Nose (1979)

2.1 (0) Growth studies Schwarz et al. (1998)

1.6 (0.8) Protein accretion  Ogino (1980)
European sea bass 2.0 (1) Growth studies Thebault et al. (1985)

2.3 A/E ratios® Kaushik (1998)
Gilthead sea bream 4.0 Growth studies Luquet and Sabaut (1974)

2.4 A/E ratios Kaushik (1998)
Hybrid striped bass 2.9 (0.13) Growth studies Keembiyehetty and Gatlin

(1993)

2.1 (0) Growth studies Griffin et al. (1994b)
Japanese eel 3.2 (0) Growth studies Arai (Nose, 1979)
Japanese flounder 1.9 A/E ratios Forster and Ogata (1998)
Milkfish 2.5 (0.8) Growth studies Borlongan and Coloso (1993)
Mozambique tilapia 3.2 (0.7) Growth studies Jackson and Capper (1982)
Nile tilapia 3.2 (0.5) Growth studies Santiago and Lovell (1988)
Rainbow trout 2.2 (0) Growth studies Walton et al. (1982)

2.3 (0) Growth studies Kim et al. (1992a)

1.9 (0.2) Growth studies Cowey et al. (1992)

2.4 (0.2) Lens pathology Cowey et al. (1992)

3.0 (0.3) Growth studies Rumsey et al. (1983)

1.8 (0.9) Protein accretion  Ogino (1980)
Red drum 3.0 (0.12) Growth studies Moon and Gatlin (1991)
Red sea bream 2.2 A/E ratios Forster and Ogata (1998)
Rohu 2.6 (1) Growth studies Khan and Jafri (1993)
Turbot 2.7 A/E ratios Kaushik (1998)
White sturgeon 2.2 Protein accretion ~ Ng and Hung (1995)
Yellowtail 2.6 (0.3) Growth studies Ruchimat et al. (1997a)

“ Requirements are expressed as percentage of protein.

b Cysteine content in parentheses.

¢ See Table 3.4, footnote b.
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Requirement values have been reported based on maximum weight gain
and the absence of lens pathology in Arctic charr and rainbow trout
(Table 3.10). In both cases, the higher amount needed to prevent the lens
pathology still fell within the requirement range of 2 to 3% of protein re-
ported for other species.

3.4.6.2. Cysteine Replacement Values

As indicated above, dietary cysteine can reduce the amount of dietary
methionine required for maximum growth. The cysteine replacement value
for methionine on a sulfur basis has been determined to be about 60% for
channel catfish (Harding et al., 1977), 44% for blue tilapia (Liou, 1989),
42% for rainbow trout (Kim et al., 1992a), and 40% for red drum (Moon
and Gatlin, 1991) and hybrid striped bass (Griffin et al., 1994b).

3.4.6.3. Utilization of Other Sulfur Sources

Robinson et al. (1978) evaluated the utilization of several sulfur com-
pounds for their potential replacement value for methionine in channel
catfish. Growth and feed efficiency data indicated that DL-methionine was
utilized as effectively as L-methionine. Methionine hydroxy analog was only
about 26% as effective in promoting growth as L-methionine. No signifi-
cant growth response was observed when taurine or inorganic sulfate was
added to the basal diet. Page ¢t al. (1978) were also unable to detect the uti-
lization of taurine and inorganic sulfate as sulfur sources in rainbow trout.
D-Methionine has been shown to replace L-methionine on an equal basis
in rainbow trout (Kim et al., 1992a). 1-Methionine, DL-methionine, and
N-acetyl-DL-methionine were equally utilized by hybrid striped bass, whereas
glutathione and DL-methionine hydroxy analog were only 75% as effective as
L-methionine and taurine was totally ineffective (Keembiyehetty and Gatlin,
1995).

3.4.7. Aromatic Amino Acid Requirements

3.4.7.1. Phenylalanine Requirements

A relationship similar to that presented for methionine and cysteine ex-
ists for phenylalanine and tyrosine, two important aromatic amino acids.
Tyrosine is considered dispensable because it can be synthesized by the fish
from the indispensable amino acid phenylalanine. If tyrosine is included in
the diet, it reduces the amount of phenylalanine needed in the diet. Thus,
fish have a total aromatic amino acid requirement.

The phenylalanine or total aromatic amino acid requirement values for
fish are presented in Table 3.11. Most requirement values fall within the
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Table 3.11
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Phenylalanine or Total Aromatic Amino Requirements

Fish Requirement” Based on Reference

Atlantic salmon 5.8 Ideal protein Rollin (1999)
Catla 6.2 Growth studies Ravi and Devaraj (1991)
Channel catfish 5.0 Growth studies Robinson et al. (1980a)
Chinook salmon 5.1 Growth studies Chance et al. (1964)
Chum salmon 6.3 Growth studies Akiyama and Arai (1993)
Clarias hybrid 4.0 Ideal protein Unprasert (1994)
Coho salmon 4.5 Growth studies Arai and Ogata (1993)
Common carp 6.5 Growth studies Nose (1979)

4.9 Protein accretion  Ogino (1980)
European sea bass 2.6 A/E ratios? Kaushik (1998)
Gilthead sea bream 2.9 A/E ratios Kaushik (1998)
Japanese eel 5.8 Growth studies Arai (Nose, 1979)
Japanese flounder 3.8 A/E ratios Forster and Ogata (1998)
Milkfish 5.2 Growth studies Borlongan (1992)
Nile tilapia 55 Growth studies Santiago and Lovell (1988)
Rainbow trout 4.3 Growth studies Kim (1993)

5.2 Protein accretion  Ogino (1980)
Red drum 4.5 A/E ratios Moon and Gatlin (1991)
Red sea bream 4.1 A/E ratios Forster and Ogata (1998)
Turbot 5.3 A/FE ratios Kaushik (1998)
White sturgeon 5.3 Protein accretion ~ Ng and Hung (1995)

“ Requirements are expressed as percentage of protein.

® See Table $.4, footnote b.

range of 5 to 6% of protein, except for the lower value for rainbow trout
and the higher value for common carp. The estimated requirement values
are also somewhat lower than those based on growth studies.

3.4.7.2. Tyrosine Replacement Values

Since the fish has a metabolic need for both phenylalanine and tyro-
sine, and only a certain portion of the phenylalanine can be converted to
tyrosine and still meet the animal’s need for phenylalanine, it is impor-
tant to determine how much of the total aromatic amino acid requirement
can be provided by dietary tyrosine. Growth studies indicate that tyrosine can
replace or spare about 60% of the phenylalanine requirement in common
carp (Nose, 1979), 50% in channel catfish (Robinson et al., 1980a), 48%
in rainbow trout (Kim, 1993), and 46% in milkfish (Borlongan and Coloso,
1993).
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3.4.8. Threonine Requirements

The threonine requirement values for fish are summarized in Table 3.12.
The reported values range from 2 to 5% of protein. Itis difficult to offer any
explanation for the lack of agreement in these requirement values. Addi-
tional research isneeded to determine if this wide range of values represents
a true difference in the threonine requirement or just a difference in the
techniques used to determine the requirement values.

DeLong et al. (1962) found the threonine requirement of chinook salmon
to be the same when determined at rearing temperatures of 8 and 15°C.
These findings were not expected, as these workers had previously reported

Table 3.12

Threonine Requirements

Fish Requirement” Based on Reference
Atlantic salmon 3.2 Ideal protein Rollin (1999)
Catla 5.0 Growth studies Ravi and Devaraj (1991)
Channel catfish 2.0 Growth studies Wilson et al. (1978)
Chinook salmon 2.2 Growth studies DeLong et al. (1962)
Chum salmon 3.0 Growth studies Akiyama et al. (1985a)
Clarias hybrid 2.8 Ideal protein Unprasert (1994)
Coho salmon 2.0 Growth studies Arai and Ogata (1993)
Common carp 3.9 Growth studies Nose (1979)
3.3 Protein accretion Ogino (1980)
European sea bass 2.6-3.0 Growth studies Tibaldi and Tulli (1999)
2.7 A/E ratios” Kaushik (1998)
Gilthead sea bream 2.8 A/E ratios Kaushik (1998)
Hybrid striped bass 2.6 Growth studies Keembiyehetty and Gatlin
(1997)
Japanese eel 4.0 Growth studies Arai (Nose, 1979)
Japanese flounder 2.3 A/E ratios Forster and Ogata (1998)
Milkfish 4.5 Growth studies Borlongan (1991)
Nile tilapia 3.8 Growth studies Santiago and Lovell (1988)
Rainbow trout 3.4 Protein accretion Ogino (1980)
3.2-3.7 Growth studies Rodehutscord et al. (1995)
Red drum 2.8 A/E ratios Moon and Gatlin (1991)
2.3 Growth studies Boren and Gatlin (1995)
Red sea bream 1.8 A/E ratios Forster and Ogata (1998)
Rohu 4.3 Growth studies Murthy and Varghese (1996)
Turbot 29 A/E ratios Kaushik (1998)
White sturgeon 3.3 Protein accretion Ng and Hung (1995)

“ Requirements are expressed as percentage of protein.
b See Table 3.4, footnote b.
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the protein requirement of chinook salmon to increase from 40% at 8°C to

55% at 15°C (DeLong et al., 1958).

3.4.9. Tryptophan Requirements

The tryptophan requirement values for fish are presented in Table 3.13.
The requirement appears to be about 0.5 to 1% of protein for the various
species studied. The high value of 1.4% of protein for rainbow trout may
have been overestimated because no dietary levels between 0.25 and 0.50%
of diet were fed (Poston and Rumsey, 1983).

Table 3.13

Tryptophan Requirements

Fish Requirement® Based on Reference
Catla 1.0 Growth studies Ravi and Devaraj (1991)
Channel catfish 0.5 Growth studies Wilson et al. (1978)
Chinook salmon 0.5 Growth studies Halver (1965)
Chum salmon 0.7 Growth studies Akiyama et al. (1985b)
Clarias hybrid 0.6 Ideal protein Unprasert (1994)
Coho salmon 0.5 Growth studies Halver (1965)
0.5 Growth studies Arai and Ogata (1993)
Common carp 0.8 Growth studies Nose (1979)
0.3 Growth studies Dabrowski (1981)
0.6 Protein accretion Ogino (1980)
European sea bass 0.6 A/E ratios’ Kaushik (1998)
Gilthead sea bream 0.6 Growth studies Luquet and Sabaut (1974)
0.6 A/E ratios Kaushik (1998)
Japanese eel 1.1 Growth studies Arai (Nose, 1979)
Japanese flounder 0.5 A/E ratios Forster and Ogata (1998)
Milkfish 0.6 Growth studies Coloso et al. (1992)
Nile tilapia 1.0 Growth studies Santiago and Lovell (1988)
Rainbow trout 0.5 Growth studies Walton et al. (1984b)
0.6 Growth studies Kim et al. (1987)
1.4 Growth studies Poston and Rumsey (1983)
0.5 Protein accretion Ogino (1980)
Red drum 0.8 A/E ratios Moon and Gatlin (1991)
Red sea bream 0.6 A/E ratios Forster and Ogata (1998)
Rohu 0.6 Growth studies Khan and Jafri (1993)
Sockeye salmon 0.5 Growth studies Halver (1965)
Turbot 0.6 A/E ratios Kaushik (1998)
White sturgeon 0.3 Protein accretion Ng and Hung (1995)

“ Requirements are expressed as percentage of protein.
b See Table 3.4, footnote b.
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Tryptophan deficiency results in several deficiency signs in salmonids that
have not been observed in other fish species. Halver and Shanks (1960) ob-
served scoliosis and lordosis in sockeye salmon but not in chinook salmon
fed tryptophan-deficient diets. Scoliosis and lordosis have also been ob-
served in tryptophan-deficient rainbow trout (Shanks et al., 1962; Kloppel
and Post, 1975; Poston and Rumsey, 1983; Walton et al., 1984b) and chum
salmon (Akiyama et al,, 1985b). These deformities were found to be re-
versible in rainbow trout when the fish were fed adequate dietary tryp-
tophan (Shanks et al., 1962; Kloppel and Post, 1975) and appear to be
related to a depletion of 5-hydroxytryptophan in the body or brain (Akiyama
et al., 1986). Other tryptophan deficiency signs in rainbow trout include
renal calcinosis (Kloppel and Post, 1975), caudal fin erosion, cataracts, and
short gill opercula (Poston and Rumsey, 1983), and increased liver and
kidney levels of calcium, magnesium, sodium, and potassium (Walton et al.,
1984b).

3.4.10. Comparison of Lysine Utilization in Fish and
Other Animals

A comparison of the estimated lysine utilization of fish and other animals
is presented in Table 3.14. These calculations were based on studies in our
laboratory with channel catfish and data summarized in National Research
Council (NRC) tables for poultry (NRC, 1977) and swine (NRC, 1988). It
seems quite interesting that when one estimates lysine utilization (grams of
growth per grams of lysine ingested) for these three species, with a wide
range of relative growth rates and dietary lysine intakes, the results are very
similar. These data add additional support to the findings of Bowen (1987),

Table 3.14

Estimated Lysine Utilization of Fish and Other Animals

Parameter Channel catfish  Broiler chicken®  Swine®
Size 10-40 g 360-725 g 1-5 kg
Growth rate (g/day) 0.5 26 200
Lysine requirement
(% of dietary protein) 5.0 5.7 5.8
Lysine utilization (g growth/g
lysine ingested) 60.6 48.3 57.1

% Calculated from NRC (1977) data.
Y Calculated from NRC (1988) data.
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indicating that protein utilization is very similar among fish and other
vertebrates.

3.4.11. Amino Acid Requirements of Penaeid Shrimp

Successful studies have recently been completed determining the amino
acid requirements of penaeid shrimp (Table 3.15). Previous attempts to
quantify the requirements had resulted in only limited success (Deshimaru
and Kuroki, 1974; Akiyama, 1986). This was due primarily to the lack of a
water-stable diet that would resist leaching while being slowly consumed by
the shrimp. Chen et al. (1992) were able to determine the arginine require-
ment by using a microencapsulated diet. Fox et al.(1995) covalently bound
increasing levels of supplemental lysine to wheat gluten to determine the ly-
sine requirement in Penaeus vannamei. Millamena et al. (1996a,b, 1997, 1998,
1999) were able to utilize amino acid test diets containing casein, gelatin,
and crystalline amino acids. The crystalline amino acid mixture was initially
coated with gelatinized carboxymethyl cellulose and then k-carrageenan
was gelatinized to form a homogeneous gel and added to the complete diet
mixture. Feeding of these diets resulted in the typical dose-response curve
for each of the indispensable amino acids, however, in most cases, feeding
levels above the estimated requirement level resulted in a marked reduction
in growth.

Table 3.15

Amino Acid Requirements of Penaeid Shrimp Based on Growth Studies

Amino acid Requirement® Species Reference
Arginine 5.3 Penaeus monodon ~ Millamena et al. (1998)
5.5 Penaeus monodon ~ Chen et al. (1992)
Histidine 2.2 Penaeus monodon ~ Millamena et al. (1999)
Isoleucine 2.7 Penaeus monodon ~ Millamena et al. (1999)
Leucine 4.3 Penaeus monodon ~ Millamena et al. (1999)
Lysine 5.2 Penaeus monodon ~ Millamena et al. (1998)
3.1 Penaeus vannamei  Akiyama (1986)
4.5-5.2 Penaeus vannamei  Fox et al. (1995)
Methionine 3.5 Penaeus monodon ~ Millamena et al. (1996a)
Phenylalanine plus
tyrosine 7.7 Penaeus monodon ~ Millamena et al. (1999)
Threonine 3.5 Penaeus monodon ~ Millamenaet al. (1997)
Tryptophan 0.5 Penaeus monodon ~ Millamena et al. (1999)
Valine 3.4 Penaeus monodon ~ Millamena et al. (1996b)

“ Requirements are expressed as percentage of protein.



170 Robert P. Wilson

3.5
Other Methods of Estimating Amino
Acid Needs

Various investigators have observed improved growth and feed efficiency
when experimental diets for salmonids were supplemented with indispens-
able amino acids to simulate levels found in isolated fish protein or the
respective eggs and whole-body tissue of the species being studied (Rumsey
and Ketola, 1975; Arai, 1981; Ketola, 1982; Ogata ¢t al., 1983). The indis-
pensable amino acid requirements of certain fish have also been shown to
correlate well with the indispensable amino acid pattern of the whole-body
tissue of that fish (Cowey and Tacon, 1983; Wilson and Poe, 1985). There-
fore, it seems reasonable to suggest that these types of information may be
useful in designing test diets for fish when their amino acid requirements
have not been established.

3.5.1. Amino Acid Composition of Whole-Body Fish
Tissue and Fish Eggs

The amino acid composition of whole-body tissue of certain fishes is pre-
sented in Table 3.16. The amino acid compositions of these five species of
fish are surprisingly similar. Similar conclusions have been found by others
(Mambrini and Kaushik, 1995), who used factorial correspondence analysis
to compare the indispensable amino acid composition data in the literature.
They also found that while proteins of different tissues may have different
indispensable amino acid patterns; the indispensable amino acid profile of
a given tissue seemed to be conserved among species and was unaffected by
factors such as temperature, feeding rate, and fish size. Kaushik (1998) has
alsoreported the whole-body amino acid composition of two size classes each
of European sea bass, gilthead sea bream, and turbot and found no signifi-
cant difference in the amino acid composition regardless of size or species.

The amino acid composition of eggs of various fish has been summarized
by Ketola (1982). In general, the amino acid composition appears to vary
more than the whole-body composition data presented in Table 3.16. Ketola
(1982) also points out that although the amino acid content of the fish eggs
appears to differ from the reported dietary requirements of the fish, the
composition of the eggs has provided useful data in formulating test diets
for Atlantic salmon and rainbow trout.

3.5.2. Relationships of Composition Data to Requirement Data

On the basis of observations in other animals, Cowey and Tacon (1983)
suggested that the indispensable amino acid requirements of a fish should
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Table 3.16

Amino Acid Composition of Whole-Body
Tissue of Certain Fish®

Amino Rainbow Atlantic Coho Cherry Channel
acid trout? salmon® salmon® salmon? catfish®
Ala 6.57 6.52 6.08 6.35 6.31
Arg 6.41 6.61 5.99 6.23 6.67
Asp 9.94 9.92 9.96 9.93 9.74
Cys 0.80 0.95 1.23 1.34 0.86
Glu 14.22 14.31 15.25 15.39 14.39
Gly 7.76 7.41 7.31 7.62 8.14
His 2.96 3.02 2.99 2.39 2.17
Ile 4.34 4.41 3.70 3.96 4.29
Leu 7.59 7.72 7.49 7.54 7.40
Lys 8.49 9.28 8.64 8.81 8.51
Met 2.88 1.83 3.53 3.14 2.92
Phe 4.38 4.36 4.14 4.63 4.14
Pro 4.89 4.64 4.76 4.33 6.02
Ser 4.66 4.61 4.67 4.48 4.89
Thr 4.76 4.95 5.11 4.63 4.41
Trp 0.93 0.93 1.40 0.83 0.78
Tyr 3.38 3.50 3.44 3.58 3.28
Val 5.09 5.09 4.32 4.85 5.15

“ Expressed as g/100 g amino acids.

’ Data from Wilson and Cowey (1985).
“ Data from Arai (1981).

4 Data from Ogata et al. (1983).

¢ Data from Wilson and Poe (1985).

be related to, or even governed by, the pattern of amino acids present in
muscle tissue. They showed a high correlation between the requirement
pattern found by feeding experiments for the 10 indispensable amino acids
as determined for carp by Nose (1979) using amino acid test diets and the
pattern of the same amino acids in the whole-body tissue of growing carp.
Wilson and Poe (1985) have tested this hypothesis in channel catfish.
These workers obtained a regression coefficient of 0.96 when the indispens-
able amino acid requirement pattern for the channel catfish was regressed
against the whole-body indispensable amino acid pattern found in a 30-g
channel catfish. A lower regression coefficient of 0.68 was found when the
requirement pattern was regressed against the channel catfish egg amino
acid pattern. Nose and Murai (1990) have also compared regression coef-
ficients of the indispensable amino acid patterns for requirement values
and whole-body and egg amino acid composition data for carp and coho
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salmon. These workers also found that the correlation coefficients for the
whole-body data were higher than those for the egg data. Coefficients for
carp were 0.75 for the egg data and 0.86 for the whole-body data; similarly,
values for coho salmon were 0.90 for the egg data and 0.95 for the whole-
body data. The agreement was much better for these species than indicated
above for channel catfish. Thus, Nose and Murai (1990) concluded that
the amino acid patterns of either whole body or eggs could be used in for-
mulating fish feeds until reliable requirement data were available for that
species.

3.5.3. Use of Composition Data to Estimate Requirements

3.5.3.1. Protein Accretion

Ogino (1980) estimated the indispensable amino acid requirements of
common carp and rainbow trout based on the amounts of each amino
acid retained in the carcass of the animal fed a high-quality protein diet.
This method has been used to estimate the amino acid requirements of
the Mozambique tilapia (Jauncey et al., 1983), Siberian sturgeon (Kaushik
et al., 1991), and white sturgeon (Ng and Hung, 1995). Even though it is
generally accepted that this technique provides an ideal pattern of indis-
pensable amino acids for protein accretion, it is questionable whether the
net amino acid retention values can actually be used to establish the amino
acid requirements for maximum growth. In general, the requirement values
estimate by this method are lower than those determined by growth studies.
This may be due to the fact that normally only about 30 to 40% of dietary
nitrogen is retained by growing fish.

3.5.3.2. A/E Ratios and the Ideal Protein Concept

Arai (1981) used A/E ratios [ (indispensable amino acid content/total
indispensable amino acid content including cysteine and tyrosine) x 1000]
of whole-body coho salmon fry to formulate test diets for this fish. Fish
fed casein diets supplemented with amino acids to simulate the A/E ratios
of whole-body tissue showed much improved growth and feed efficiency.
Ogata et al. (1983) used A/E ratios based on amino acid composition data
from cherry salmon to design test diets for cherry and amago salmon fry.
A casein diet supplemented with amino acids to simulate the A/E ratios of
cherry salmon resulted in better growth in both species than diets containing
casein alone, casein plus amino acids to simulate the A/E ratio of eyed cherry
salmon eggs, or white fish meal.

A/E ratios have been used as a means of estimating the requirements of
all indispensable amino acids when only one is known by relating the A/E
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ratio of each indispensable amino acid to that of the A/E ratio of the known
amino acid times the requirement value for the known amino acid (Moon
and Gatlin, 1991). This technique has also been used by Forster and Ogata
(1998) to estimate the amino acid requirements of the Japanese flounder
and red sea bream. The relationship between whole-body amino acid pat-
terns and amino acid requirement patterns discussed above is very similar
to the ideal protein concept that has been advocated for use in express-
ing the amino acid requirements of swine (Agricultural Research Council,
1981). The ideal protein concept is based on the idea that there should
be a direct correlation between the whole-body amino acid pattern of the
animal and the dietary amino acid requirements of that animal. In addi-
tion, since lysine is normally the first limiting amino acid in most feedstuffs,
the requirements for the other indispensable amino acids are expressed
relative to the lysine requirement. Thus, if one knows the dietary lysine re-
quirement and the whole-body amino acid composition of an animal, then
one should be able to estimate the dietary requirement for the remaining
indispensable amino acid requirements of the animal relative to the lysine
requirement. A comparison of the amino acid requirement values as de-
termined by conventional means in our laboratory and as estimated based
on the ideal protein concept for channel catfish is presented in Table 3.17.
These data show excellent agreement. This procedure is essentially the same
as the one discussed above for the use of A/E ratios.

Table 3.17

Amino Acid Requirement Values as Determined
by Conventional Means and as Estimated®

Requiremcntb
Amino acid Amino acid ratio Determined Estimated
Lysine 100 5.1 —
Arginine 78 4.3 4.0
Histidine 25 1.5 1.3
Isoleucine 50 2.6 2.6
Leucine 87 4.4 4.4
Met + Cys 44 2.3 2.2
Phe + Tyr 87 5.0 4.4
Threonine 52 2.0 2.7
Tryptophan 9 0.5 0.5
Valine 61 3.0 3.1

“ Based on the ideal protein concept for channel catfish.
b Requirements are expressed as percentage of protein.
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We have used the ideal protein concept as a means of estimating the
amino acid requirements of a Clarias hybrid from Thailand (Unprasert,
1994). Requirement values were determined for lysine, methionine, thre-
onine, tryptophan, and leucine by growth studies. Requirement values for
the remaining indispensable amino acids were then estimated relative to
those of each of the amino acids determined by growth studies. The values
estimated relative to lysine, methionine, and threonine were very similar to
the values obtained from the growth studies. Thus, it was concluded that
lysine, methionine, or threonine requirement values obtained from growth
studies could be used to estimate the other amino acid requirements based
on the ideal protein concept. However, less precise data were obtained when
requirement values for tryptophan and leucine were used to estimate the
other requirement values. We had difficulty obtaining competent amino
acid analysis for the whole-body fish samples, which is of extreme impor-
tance for this procedure to work.

To use this procedure, all one needs to do to formulate diets based on the
amino acid needs of a certain fish species is to determine the whole-body
amino acid composition and the lysine requirement of that specific species.
This new procedure should be much less time-consuming and less costly
than determining the amino acid requirements of the fish by conventional
means.

3.5.3.3. Species Comparisons

Akiyama et al. (1997) have conducted a rather extensive comparison
of A/E ratio data and amino acid requirement data for a wide variety of
fish species. They point out that even though there is very little variation
in the amino acid composition of the whole-body tissue of the fish stud-
ied, there is considerable variation in the requirement values for certain
amino acids determined in different laboratories both among and within
species. These workers calculated the dissimilarity or distance index for all
of the whole-body A/E ratio data and amino acid requirement data and
constructed dissimilarity diagrams for each of the fish species for which
such data are available. The diagram for the requirement data was about
twice as large as the diagram for the A/E ratio data, indicating the higher
variability in the requirement data. Species location within the diagram for
the A/E ratio data appeared to be random, irrespective of the classification
into families or phylogenetic categories. The diagram for the requirement
data did indicate some relationship to the family classification or phyloge-
netic categories. Carp was adjacent to catla, both of which belong to the
same family, Cyprinidae. Furthermore, chum salmon, chinook salmon, and
coho salmon, in the family Salmonidae, were located close to each other.
Thus, based on amino acid composition data one would suggest that the
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requirements for all species would be quite similar, however, there does seem
to be some evidence for differences in requirements among fish species or
families.
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4.1
Introduction

Students entering the field of fish nutrition might be forgiven for form-
ing two impressions. First is the impression that because publications on
lipids often dominate research journals and conference proceedings on
fish nutrition, lipids are the most important nutrients for fish. They are
not. Lipids are neither more important nor less important than any of the
other groups of nutrients—proteins, carbohydrates, vitamins, or inorganic
elements. Second is the impression that because we write more about lipids
than other nutrients, we know more about lipids than about other nutrients.
We do not. Rather, we probably know less about the nutritional require-
ments of fish, or any other animal for that matter, for lipids than for other
nutrients, which is precisely why there is so much fish lipid nutritional re-
search. Why should this be so? One reason is the relative complexity of lipid
chemistry, that is quickly encountered by first-time students in the arcane
nomenclatures and terminologies of fatty acids. Another, more fundamental
reason is that our understanding of the chemistry of the cell’s hydrophobic
phase, i.e., of the physicochemistry of the cell membrane bilayer and the
reactions that occur in it, lags well behind our understanding of the cell’s
aqueous phase chemistry. By the year 2000 we had a detailed biochemical
understanding of amino acids and carbohydrates, their biosynthetic and
catabolic pathways, their enzymology, and their molecular biology and ge-
netics and, also, a detailed knowledge of their nutrition. In contrast, we are
still defining the anabolic and catabolic pathways for particular fatty acids,
especially the polyunsaturated fatty acids (PUFA), and our understanding
of PUFA enzymology, much less PUFA molecular biology and genetics, is
still rudimentary. It is not surprising, therefore, that we still do not really
know what constitutes desirable, much less optimal, dietary requirements for
particular PUFA for Homo sapiens, much less for farmed animals including
fish.

We have noted elsewhere (Sargent et al., 1993a) that enzyme—substrate
interactions in carbohydrate, protein, and nucleic acid metabolism depend
chiefly on strong ionic and hydrogen bond interactions between substrate
and product molecules and enzymatic proteins, generally resulting in high
specificities in enzyme-catalyzed reactions. However, enzyme—substrate in-
teractions in lipid and fatty acid metabolism depend much more on weak
“hydrophobic” interactions based on van der Waals and dispersion forces,
which often result in lower specificities in enzyme-catalyzed reactions in-
volving lipids and fatty acids. Thus, the exact and invariant amino acid
compositions of proteins reflect the high specificity of coupling amino
acids with transfer RNAs in protein synthesis, whereas the relatively variable
fatty acid compositions of triacylglycerol fats and oils reflect the relatively
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low specificity of incorporation of fatty acids into these lipids. Walter de la
Mare wrote:

“It’s a very odd thing-
As odd as can be-
That whatever Miss T. eats
Turns into Miss T.”

De la Mare’s verse is true for Miss T’s tissue protein, for example, her mus-
cle actomyosin, which has the same amino acid composition irrespective of
what plant or animal protein she eats. However, it is not true for her body
fat, whether in adipose tissue or cell membranes, whose fatty acid compo-
sition is very significantly influenced by what she eats. As we shall see later,
defining the exact dietary requirements of essential fatty acids in animals
requires considering not only the relative as well as the absolute amounts
of individual fatty acids in the animals’ diets, but also the animals’ innate
abilities to metabolize these fatty acids, whether anabolically or catabolically.
This is because an excess of one essential fatty acid in the diet, say arachi-
donic acid 20:4n-6, alters the dietary requirement for another essential fatty
acid, say eicosapentaenoic acid 20:5n-3. Moreover, the final level of 20:57-3
in the animal is also influenced by an animal’s innate, i.e., genetically deter-
mined, ability to biosynthesize that fatty acid from its shorter-chain precur-
sor, 18:3 n-3, and also by its innate ability, again, genetically determined, to
catabolize both the precursor 18:37-3 and the end product 20:57-3. In short,
what determines the levels of essential fatty acids in Miss T’s tissues depends
on a complex interplay between Miss T’s genes and her environment, in
this case her diet. In contrast, the requirement for one essential amino acid,
say leucine, is not changed by an excess of another essential amino acid, say
lysine, such that given a sufficiency of leucine in Miss T’s diet, her genetic
constitution ensures that her many tissue proteins contain the required level
of leucine. Considerations such as these underlie why a full understanding
of lipid nutrition is so elusive and, also, why many researchers find this an
attractive and challenging field of research.

Since we wrote the chapter “The Lipids” in 1986 for the 1989 edition of
John Halver’s Fish Nutrition (Sargent et al., 1989), much research has been
conducted on fish lipid nutrition and a plethora of research publications
have appeared. This article is an effort to update and, above all, to overview
fish lipid nutrition so as to define, first, “wWhere we are now” particularly
in terms of general concepts of fish lipid nutrition; second, the current
problems in fish lipid nutrition; and, third, and more speculatively, what
the future may hold. We start directly in Sections 4.2 and 4.3 with basics,
without which this field cannot be fully understood, namely, the structural
and functional chemistry of lipids, emphasizing lipids in fish. Our account
rests heavily on various reviews on marine lipids and fish lipid nutrition
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published by us and our colleagues since the first edition of this chapter
(Henderson and Tocher, 1987; Sargent et al., 1990, 1993a, b, 1995a—d, 1997,
1999a, b; Sargent, 1995a, b, 1997; Sargent and Henderson, 1995; Henderson,
1996; Bell, 1998; Sargent and Tacon, 1999). We hope that the readers of this
review will understand that we cannot provide here complete coverage of the
now very extensive literature on fish lipid nutrition. Our laboratory database
of references is now several times longer than the length permitted for a
review chapter of this type.

4.2
Structures and Biosynthesis

4.2.1. Lipid Classes: Structures
4.2.1.1. Triacylglycerols

These consist of three molecules of fatty acids esterified to the sn-1, sn-2,
and sn-3 positions of L-glycerol (Fig. 4.1). A single fatty acid may be esterified
to all three positions of the glycerol, e.g., as in trioleoylglycerol (triolein),
where oleic acid is the only fatty acid esterified; or two fatty acids may be
esterified, as in dioleoylmonopalmitoylglycerol; or three fatty acids may be
esterified, as in oleoyllinoleoylpalmitoylglycerol. In general, saturated fatty
acids and monounsaturated fatty acids are preferentially located in the sn-1
and sn-3 positions of glycerol, whereas PUFA are preferentially located in the
sn-2 position of glycerol. However, many exceptions exist to this general rule,
e.g., tridocosahexaenoyl(tri-22:6n-3) glycerol can be a major component of
the triacylglycerols in the eye lipids of some fish (e.g., Nicol et al., 1972).

4.2.1.2. Wax Esters

These molecules consist of a single molecule of a fatty acid esterified to a
single molecule of a fatty alcohol (Fig. 4.2). Wax esters are very abundant in
marine zooplankton, particularly, in calanoid copepods and in euphausiids
(red feed and krill, respectively), which form major natural feeds for many

FiG. 4.1

A triacylglycerol: three fatty acids esterified to 1-glycerol.
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A wax ester consisting of a fatty acid (Zop) esterified to a fatty alcohol (bottom).

species of zooplankton-consuming marine fish. They can also be present
in considerable amounts in the body tissues and in the eggs of some fish
species. The fatty alcohols in marine wax esters are generally saturated or
monounsaturated and, in the case of high-latitude marine zooplankton,
can be very rich in 20:17-9 and 22:1n-11 moieties. The fatty acids of marine
wax esters can be saturated, monounsaturated, or polyunsaturated. When
consumed by zooplanktonivorous fish, wax esters are converted to triacyl-
glycerols. Thus, the large amounts of 20:1%-9 and 22:1xn-11 fatty acids in
the triacylglycerols of many “northern hemisphere fish oils,” i.e., oils from
species such as herring, sand eels, and capelin, are derived directly from the
oxidation of the corresponding fatty alcohols ingested from zooplankton
wax esters (Sargent and Henderson, 1995). These fatty acids are present at
only low percentages in “southern hemisphere fish oils,” which are corre-
spondingly richer in n-3 PUFA, especially 20:5%-3 (Sargent and Henderson,
1995).

4.2.1.3. Phosphoglycerides

The term “phospholipids” is usually taken to mean phosphoglycerides,
which have a common backbone of phosphatidic acid (Fig. 4.3), i.e.,
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Fic. 4.3

Phosphatidic acid, the backbone of the phosphoglycerides.
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Phosphatidylcholine (PtdCho), phosphatidylethanolamine (PtdEtn),
phosphatidylserine (PtdSer), and phosphatidylinositol (PtdIns). R, phosphatidyl
group (see Fig. 4.3).

di-fatty acyl esters of 1-glycerol 3-phosphate. Saturated and monounsatu-
rated fatty acids are preferentially esterified at position sn-1 of the 1-glycerol,
with polyunsaturated fatty acids preferentially esterified at position sn-2.
However, as with triacylglycerols, there are many exceptions to this generali-
zation, i.e., the didocosahexaenoylphosphoglycerides, which are abundant
in the eye epithelia of fish, specifically in rod outer membrane segments
(Bell and Tocher, 1989; Bell and Dick, 1991). Phosphatidic acid is esterified
to the “bases” choline, ethanolamine, serine, and inositol to form the major
phosphoglycerides of animal, including fish, tissues, namely, phosphatidyl-
choline (PtdCho), phosphatidylethanolamine (PtdEtn), phosphatidylser-
ine (PtdSer), and phosphatidylinositol (PtdIns) (Fig. 4.4).

4.2.1.4. Sphingolipids

Sphingomyelin is strictly a phospholipid but differs fundamentally from
phosphoglyceridesin thatitis not constituted from phosphatidic acid. It con-
sists of the amino alcohol “base” sphingosine whose primary alcohol group
is esterified to phosphocholine and whose amino group is amide-linked to a
long-chain fatty acid. Sphingomyelin (Fig. 4.5) is one of the sphingolipids, as
are the cerebrosides, in which the phosphocholine group of sphingomyelin
isreplaced by one or more sugars including glucose and galactose (Fig. 4.6).

4.2.1.5. Sterols

The major sterol by far in animal, including fish, tissues is cholesterol
(Fig. 4.7). It can exist esterified to a fatty acid, e.g., as the cholesteryl esters
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Sphingomyelin.

of blood plasma, but also exists in the nonesterified form, as in cell plasma
membranes.

4.2.2. Fatty Acid Structures

With the exception of cholesterol all of the aforementioned lipid classes
contain fatty acids, esterified to alcohol groups in the case of the glycerides
and to amino groups in the case of the sphingolipids. Fatty acids are desi-
gnated on the basis of their chain lengths, their degree of unsaturation
(number of double bonds), and the position of their double bonds. Thus,
14:0 and 16:0 designate fatty acids with 14 and 16 carbon atoms, respectively,
and with no double bonds. The terms 18:1n-9 and 18:1n-7 designate fatty
acids with 18 carbon atoms whose single double bonds are, respectively, 9
and 7 carbon atoms from the methyl end of the molecule. Fatty acids 18:1n-9
and 18:1n-7 are identical to 18:12% and 18:1411, respectively, A signifying the

CH,OH

OH

'e) OH

A cerebroside.
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position of the double bond from the carboxyl end of the molecule. In PUFA,
i.e., fatty acids with two or more double bonds, which are nearly always in
the cisrather than the frans configuration, the double bonds are interrupted
by a single methylene (CHy) group to generate “methylene-interrupted cis-
diene” structures. Thus, by specifying the position of the first double bond,
as in 18:3n-3, where the first double bond is three carbon atoms from the
methyl terminus, the entire structure is defined. Alternatively, PUFA can
be specified fully using the A nomenclature, as in 18:34%1%15 = 18:3p-3,
20:5208ILIL1T — 90:5-3, or 22:644710.13.16.19 — 99:6x,.3. Fatty acids with
trans double bonds occasionally occur, e.g., elaidic acid, the trans isomer
of 18:1n-9. Finally, fatty acids have a plethora of trivial English names such
as palmitic acid 16:0, oleic acid 18:1%-9, and linolenic acid 18:37n-3, often
reflecting their common origins as in palm, olive, and linseed oils, respec-
tively, or more formalized Greek-Latin names such as eicosapentaenoic acid
20:5n-3 and docosahexaenoic acid 22:6n-3, reflecting the numbers of car-
bon atoms (20 and 22) and double bonds (5 and 6) they contain.

4.2.2.1. Saturated Fatty Acids

These occur naturally in animal, including fish, lipids, with chain lengths
ranging from Cj4 to Co4. Phosphoglycerides seldom contain significant
amounts of saturated fatty acids other than 16:0, 18:0, and, to a lesser extent,
20:0, this restriction reflecting the relatively invariant geometry (width) of
the phosphoglyceride-rich bilayers that constitute animal cell membranes,
especially the plasma membrane and the endoplasmic reticulum and its
derivatives.
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4.2.2.2. Monounsaturated Fatty Acids

These, again, occur naturally, with chain lengths from Ci4 to Co4, with,
again, the phosphoglycerides seldom having chain lengths other than Cys,
Cis, and, to a lesser extent, Cgoy. However, sphingolipids are commonly rich
in nervonic acid, 24:17-9. Abundant fatty acids in many fish triacylglycerols
are 20:1n-9 (gadoleic acid) and 22:1%-11 (cetoleic acid), which are derived
from the corresponding 20:1n-9 and 22:1n-11 fatty alcohols in zooplank-
tonic wax esters.

4.2.2.3. Polyunsaturated Fatty Acids

Marine organisms, especially algae, can contain a plethora of PUFA of
chain length Cjs (with two to four double bonds), C;s (with two to five
double bonds), Cyy (with two to five double bonds), and Cyy (with two
to six double bonds) (Sargent et al., 1995c). These PUFA are generally of
the n-3 series, although representatives of the n-6 and, in the case of Cis
PUFA, the n-1 series also occur. However, in fish the main PUFA to be consi-
dered are 20:4n-6 (arachidonic acid; AA) and its metabolic precursor 18:2n-
6 (linoleic acid; LA), together with 20:5n-3 (eicosapentaenoic acid; EPA)
and 22:6n-3 (docosahexaenoic acid; DHA) and their metabolic precursor
18:3 n-3 (linolenic acid; LNA). Another term in common usage in the aqua-
culture field is HUFA, the abbreviation for highly unsaturated fatty acids.
This is often used without proper definition, but, in this laboratory at least,
we define it strictly as PUFA having carbon chain lengths >Cgy and with
three or more double bonds.

4.2.3. Fatty Acid Biosynthesis

The saturated fatty acids 16:0 and 18:0 can be biosynthesized de novo by
all known organisms, including fish, by the conventional pathway catalyzed
by the cytosolic fatty acid synthetase, which occurs and has been charac-
terized in fish (Sargent et al., 1989). Likewise, all organisms including fish
are capable of desaturating 16:0 and 18:0 by the microsomal fatty acid A?
desaturase to yield, respectively, 16:14% = 16:1n-7 (palmitoleic acid) and
18:14% = 18:1n-9 (oleic acid). Fatty acid A%-desaturase has been particularly
well characterized, and its gene cloned in carp, where the enzyme is in-
volved in enhancing monounsaturated fatty acid production in response to
a lowered environmental temperature so as to maintain membrane fluidity
(Tiku et al., 1996). Not well studied in fish is the extent to which 16:1n-7
and, especially, 18:1n-9 are chain elongated to higher homologs, includ-
ing 18:1n-7, 20:1n-9, 22:1n-9, and 24:17-9, by the conventional microsomal
elongation pathway that occurs in higher terrestrial mammals. It is known,



190 Sargent, Tocher, and Bell

however, that the 22:1n-11 moiety, which can be abundant in fish triacyl-
glycerols, is derived from the corresponding fatty alcohol in the wax esters
of zooplankton, and the same holds for the 20:17-9 fatty acid in fish triacyl-
glycerols. The 22:17n-11 alcohol in zooplankton is considered to be derived
from the corresponding fatty acid biosynthesized in zooplankton by a fatty
acid A%-desaturase acting on 20:0 to generate 20:14Y = 20:1n-11, which
is then chain elongated to 22:1n-11 (see Sargent and Henderson, 1995).
Irrespective of the special origin of 22:1n-11 and 20:1r-9 fatty acids in fish
oils, and of particular relevance to fish nutrition, is the extent to which
the pathways of saturated and monounsaturated fatty acid biosyntheses, in-
cluding pathways of further elongation of these fatty acids, occur in fish.
Many species of fish, including most marine species, are very well supplied
with fatty acids in their natural diets. Under these conditions, endogenous
de novo biosynthesis of fatty acids including their chain elongations is likely
to be repressed. Therefore, it is not unreasonable to consider the possibility
that species which have evolved with high-fat diets have a limited de novo
fatty acid biosynthetic ability or, in the extreme, have lost this ability. In the
absence of definitive information, therefore, it would be wise to ensure that
fish farmed on relatively high-fat diets have suitable quantities of a suitable
range of fatty acids. This may be particularly important in early develop-
mental stages of fish. There will normally be no problems for Cjs and Cig
saturated and monounsaturated fatty acids but it should not be assumed
that the same holds for longer chain fatty acids, including nervonic acid,
24:1n-9, which is a major fatty acid of the sphingolipids of neural tissues.
This is an area of uncertainty in fish nutrition, which is worthy of further
investigation. It is considered again in Section 4.6.

The pathway whereby Coy and Cgy are biosynthesized from their C;g pre-
cursors is particularly important in fish. The pathway is complex but is now
reasonably well understood and is the same, at least qualitatively, in fish
(Buzzi et al., 1996, 1997) as in rats (Voss et al., 1991) (Fig. 4.8). Several
features of the pathway are notable.

1. The reactions, with one exception, occur in the microsomal fraction of the
liver, and the same enzymes, whether fatty acid desaturases indicated
horizontally or fatty acid elongases indicated vertically in Fig.4.8, act on the
n-3, the n-6, and the n-9 fatty acid series. However, the affinity of the
enzymes, especially the desaturases, is higher for the n-3 than for the n-6
series, and both of these affinities are higher than for the n-9 series. Thus,
18:17-9 is converted through the pathway only in the absence of both 18:37-3
and 18:2n-6, i.e., in the absence of the “dietary essential fatty acids.”

2. Particular problems exist with the insertion of the last, A*, double bond in
22:6n-3, which does not occur through direct A* desaturation of its
immediate precursor 22:5n-3. Rather, 22:5n-3 is chain elongated to 24:5n-3,
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Pathways of biosynthesis of Cgyp and Cgo PUFA from n-3, n-6, and n-9 Cig precursors.
Vertical downward arrows represent fatty acid chain elongation reactions. Horizontal
arrows represent fatty acyl desaturations. The single vertical upward arrow represents
peroxisomal chain shortening. Note that fatty acid A® desaturation occurs at two steps
in the scheme; fatty acid A® desaturation occurs at only one step.

which is then converted by A® desaturation to 24:6n-3, which is then
converted, by a chain-shortening reaction in the peroxisomes, to 22:6n-3.

3. Whereas 22:67-3 is the main end product of further desaturation
and elongation of 18:3n-3, 20:47-6 is the main end product of desaturation
and elongation of 18:2n-6. However, 20:4n-6 can be further desaturated and
elongated to 22:5n-6 to some extent, with insertion of the last A* double
bond in 22:5n-6 being achieved in exactly the same manner as for 22:6%-3. As
far as is known, 20:37-9 is not further elongated and desaturated to higher,
further unsaturated n-9 homologs.

4. Fatty acid A% desaturation acts at only one-step in the pathway, involving
20:31-6 or 20:4n-3, whereas fatty acid A® desaturation occurs at two steps,
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the first involving 18:27n-6 or 18:3n-3 and the second involving 24:47n-6 or
24:5n-3. It is not known whether the same fatty acid A%-desaturase catalyzes
each of these steps or whether different A%-desaturases (isoenzymes) are
involved for the Cig and Coy PUFA.

5. The conversion of 18:3n-3 to 20:5n-3 and thence to 22:67n-3 is well established
for many freshwater species of fish (see Sargent et al., 1995a), with all the
steps in the pathway in Fig. 4.8 having been established in rainbow trout
(Onchorynchus mykiss) (Buzzi et al., 1996, 1997). However, the overall
conversion of 18:3n-3 to 22:6n-3 occurs poorly, if at all, in those species of
marine fish studied so far. This difference is fundamental to elucidating the
essential fatty acid requirements of fish (see Section 4.5).

Current knowledge of the extent to which marine fish can elongate and
further desaturate 18:3n-3 is now considered. Early nutritional evidence
suggested that 18:3n-3 and/or 18:2n-6 could satisfy the essential fatty acid
requirements of freshwater fish, whereas the n-3 highly unsaturated fatty
acids (HUFA), i.e., 20:57n-3 and 22:6n-3, were required to satisfy the essen-
tial fatty acid requirements of marine fish (Yone, 1978; Watanabe, 1982;
Kanazawa, 1985). Dietary conversion studies performed in turbot (Scoph-
thalmus maximus) using radioactive substrates in vivo strongly suggested that
this marine species was unable to produce 20:57-3 and 20:47-6 from 18:37n-3
and 18:2n-6, respectively (Owen ¢t al., 1975; Cowey ¢t al., 1976). However,
these in vivo experiments were unable to locate precisely where and how the
deficiency in the elongation pathway occurred, although they were consis-
tentwith turbot having limited fatty acid A’-desaturase activity. Cultured fish
cell lines have been intensively studied to illuminate the problem (Tocher
et al., 1989, 1998). In particular, early comparative studies with cultured cell
lines of turbot, Atlantic salmon (Salmo salar), and rainbow trout established
that the limited ability of turbot to convert Cig to Coy PUFA was due either
to limited activities of the Cjg to Coq fatty acid elongase, or the fatty acid
A’-desaturase converting either 20:3n-6 to 20:4n-6 or 20:4n-3 to 20:5n-3
(Tocher et al., 1989; Tocher and Sargent, 1990). More recently, the availabil-
ity of specific substrates such as [U-'*C]18:4n-3, (d5)18:4n-3, [U-1*C]20:4n-
3, and (db)20:47-3 has further illuminated the problem. Thus, there is now
compelling evidence that cultured cells from turbot have a very low Cys-
to-Cgp fatty acid elongating activity, whereas their fatty acid AS-desaturase
activity is higher than that of cultured cells from Atlantic salmon (Ghioni
et al., 1999). However, neither cell line produced significant amounts of
22:6n-3 from Cig or Gy substrates. In contrast, cultured cells from gilt-
head sea bream (Sparus auratus) have active Cig-to-Cog and Cgo-to-Coo fatty
acid elongase activities but have a very low fatty acid AS-desaturase activity
(Tocher and Ghioni, 1999), as had been indicated earlier in in vivo studies
(Mourente and Tocher, 1993a, 1994). These findings need to be confirmed
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in the species in question in vivo, as there is no certainty that enzymes in
the PUFA elongation—desaturation pathway continue to be expressed in
cultured cells exactly as they are in vivo. Irrespective, the results establish
that both of the marine species studied have at least some activity for both
the C;g—to-Cy fatty acid elongase and the A’-desaturase. This is consistent
with the genes determining both enzymes being present in both species.
Clearly, however, the expression of the genes differs in cultured cells from
the different species. Thus, the fatty acid A’-desaturase gene but not the
Ci3—Coy elongase gene is well expressed in turbot cells. In contrast, the
Ci3—Cgp and Cgy—Coe elongase gene(s) but not the A®-desaturase gene is
well expressed in sea bream cells. Such results have important implications
for future molecular genetic research in fish lipid nutrition. Thus, it can
be deduced that the apparent inability of marine fish to convert 18:3n-3
to 20:5n-3 and 22:67-3 is due not to the complete absence of the required
genes in a particular species, but to one or more of the required genes
not being sufficiently well expressed. The problem, therefore, is how to
switch on the recalcitrant genes rather than to introduce them by genetic
engineering.

4.2.4. Lipid Class Biosynthesis

The pathways of de novo glyceride biosynthesis are the same in fish as
in higher terrestrial mammals (Sargent et al., 1989). However, as will be
seen later (Section 4.6) there is now considerable evidence that at least
some species of fish larvae, both freshwater and marine, may have a limited
capacity to biosynthesize phosphoglycerides de novo. This reflects the fact
that many fish larvae receive a luxus of phosphoglycerides in their natural
diets, whether from yolk sac lipids prior to first feeding or from natural
prey at and after first feeding. The same situation may well hold for de novo
biosyntheses of cholesterol and, also, the sphingolipids, which have scarcely
been studied in fish.

Apart from de novo biosyntheses, fatty acid retailoring by acyl exchange
reactions is an important process determining the final fatty acid composi-
tions of tissue phosphoglycerides. Administered fatty acids are readily in-
corporated into the phosphoglycerides of fish tissues, e.g., when incubated
with hepatocytes (Buzzi et al., 1997), but the extent to which this reflects
de novo biosyntheses, i.e., net formation of phosphoglycerides, or fatty acyl
exchange reactions, i.e., turnover of existing phosphoglycerides, has not
been determined in fish. Fission of cell membranes, e.g., as occurs in the
Golgi apparatus when forming vesicles, and fusion of cell membranes, e.g.,
as occurs in vesicle exocytosis at synaptic junctions, are both now known
to depend on the formation of lysophosphoglycerides (Weigert et al., 1999;
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Schmidt et al., 1999). Particular roles for specific fatty acids, especially PUFA,
may exist in these processes which have not been studied in fish so far.

4.3
Functions

4.3.1. Energy Production

A major role of fatty acids in all organisms is to generate metabolic energy
in the form of ATP via mitochondrial 8-oxidation, a process which has been
well established in fish (see Sargent et al., 1989). Lipids, and specifically
fatty acids, are the favoured source of metabolic energy in fish, especially
marine fish, as evidenced by the very high oil levels (more than 20% of
the wet weight) that can be achieved by fish such as capelin and herring.
Fatty acids not only are the major source of metabolic energy in fish for
growth from the egg to the adult fish (Tocher et al., 1985a, b), but also are
the major source of metabolic energy for reproduction (Henderson et al.,
1984a, b; Sargent et al., 1989). Indeed, as pointed out elsewhere (Sargent
et al., 1995a), the very high oil levels in those industrial fish species from
which fish oil is extracted exist largely for reproduction. This has recently
been emphasized by the clear correlation that exists between oil levels and
fecundity and, therefore, recruitment in wild populations of cod (Marshall
et al., 1999).

Given that fish oil is the major lipid component by far of current fish
feeds, the fatty acids that are potential sources of metabolic energy in fish
feeds include 16:0 and 18:1%-9; 20:1%-9 and 22:17-11, which are particularly
abundant in the so-called northern fish oils; and n-3 HUFA 20:5%-3 and
22:6m-3. Itis certain that 16:0, 18:1%-9, 20:1%-9, and 22:1%-11 are heavily cata-
bolized to generate metabolic energy in fish because they are all consumed
in large amounts during the growth of farmed fish species, e.g., the salmo-
nids, and, specifically, during the formation of roe by female fish (Hender-
son et al., 1984a, b; Henderson and Almater, 1989). The evidence available
for fish (Sargent et al., 1989) is consistent with all of these saturated and mo-
nounsaturated fatty acids, including 22:1n-11, being readily catabolized by
mitochondrial S-oxidation in fish. As noted earlier, 22:1n-11 seldom, if ever,
exists in significant amounts in phosphoglycerides, so thatits only role in fish
is as a source of metabolic energy. Eicosapentaenoic acid, 20:57-3, is readily
B-oxidized by mitochondria in rats and, indeed, induces the formation of
mitochondria in rats (Madsen et al., 1999). However, 22:67n-3 is a poor subs-
trate for mitochondrial B-oxidation in rats, where its catabolism requires
peroxisomal B-oxidation (Madsen et al., 1999). This is because, as insertion
of the A* double bond in 22:61-3 requires a special mechanism (described
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above), so does it removal. Thus, the initial 2,3-(«,8)-dehydrogenation of
22:6n-3, which is the first step in the S-oxidation of all fatty acids, must be
followed in the case of 22:6n-3 by an NADPH-dependent 2,4-dienoyl-CoA
reductase and then by a 3-cis-2-transisomerase so as to enable completion
of oxidation of its  carbon. These processes, which are well evolved in per-
oxisomes, have yet to be studied in fish. However, peroxisomes are present
in fish tissues including liver (Sargent ¢t al., 1989) and there are no reasons
to believe that the mechanisms for oxidizing 22:6n-3 are different in fish
and rats.

The specificity of fatty acid oxidation in fish is important in determining
the fatty acid composition of triacylglycerols deposited in fish adipose tissue.
This composition, in turn, is important not only for the well-being of the
fish, particularly its successful reproduction, but also for the consumer, par-
ticularly in terms of the levels of the health-promoting 20:5%-3 and 22:67-3
in farmed fish. In the absence of definitive biochemical information, only
general observations can be made. Fish oils with levels of 20:5n-3 substan-
tially higher than those of 22:6n-3 are readily available. These include the
sardine, anchovy, and menhaden oils that form the basis of the “18:12”
(EPA:DHA) formulations marketed as human health supplements. How-
ever, with one known exception, there are no fish oils with markedly higher
levels of 22:6n-3 than 20:5n-3. That exception is the oil from the eye socket
of the tuna (Sawada et al., 1993). Indeed, tuna lipids, generally including
both triacylglycerols and phosphoglycerides, consistently have much higher
levels of 22:6n-3 than 20:5n-3 (Menzell and Olcott, 1964; Watanabe et al.,
1995; Murase and Saito, 1996). The underlying mechanisms determining
such high levels of 22:67-3 in tuna oils are unknown. Clearly, input of dietary
fatty acids and oxidation of ingested fatty acids must both be considered.
The former cannot readily account for the high levels of 22:67-3 in tuna oils
because the levels of 22:67-3 in the natural diets of tuna do not correlate
with the levels of 22:67n-3 accumulated by tuna and related fish (Saito and
Ishihara, 1996; Saito et al., 1997). Therefore, selective catabolism of 20:57-3
relative to 22:6n-3 by tuna is the more likely possibility. Tunas, like certain
scombroid fish, are warm-blooded and have active brain and eye heating
systems. Tullis e al. (1991) have shown that the heater tissue of scombroid
fish has an extremely high aerobic oxidative capacity which is likely to be fu-
eled by fatty acid oxidation. Selective catabolism of saturated and especially
monounsaturated fatty acids rather than PUFA, as has been established for
Antarctic fish in general (Sidell et al., 1995), could contribute very substan-
tially to the accumulation of 22:6n-3 by fish with heater tissue, especially if
20:57n-3, but not 22:6n-3, is readily oxidized by mitochondria in heat generat-
ing tissues. Moreover, the maximal swimming speed of salmon has been posi-
tively correlated with levels of C;g fatty acids including 18:1%-9 and 18:2n-6 in
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its musculature, indicating that these fatty acids rather than long-chain n-3
PUFA are the preferred substrates for fueling swimming muscles (McKenzie
et al., 1998). Thus, selective oxidation of saturated and monounsaturated
fatty acids, and also 20:57-3, by swimming muscles may also account for the
selective retention of 22:6n-3 in fish, including especially scombroids and
tunas. This is supported by a little known survey establishing a direct cor-
relation between the levels of 22:67-3 in fish and the fish’s natural mobility
for a wide range of species (Shulman and Yakovleva, 1983). Our own recent
studies (Bell et al., 1998) of the levels and fatty acid compositions of farmed
Scottish salmon suggest that the ratio of 22:6n-3 to 20:5n-3 is consistently
higher in the triacylglycerols deposited in the fish than in the fish oils cur-
rently used in salmon feeds. Likewise, Brodtkorb et al. (1997) have shown
that the ratio of 22:6n-3 to 20:5n-3 was increased in the muscle of Atlantic
salmon compared to that in the diet, consistent with selective oxidation of
20:5n-3, resulting in a selective retention of 22:6n-3 by the fish.

As well as having important roles in generating energy for heat produc-
tion in warm-blooded fish and for swimming in fish in general, fatty acids also
have a major role in providing energy for reproduction and particularly egg
production (Henderson et al., 1984a, b; Henderson and Almatar, 1989). Se-
lective oxidation of 20:1%-9 and 22:1%-11 in triacylglycerol depots certainly
occurs in capelin during the formation of roe as these fatty acids are abun-
dant in depot triacylglycerols of the parent fish but present in roe in only
very small amounts (Henderson et al., 1984a, b). In addition, the higher ratio
of 22:6n-3 to 20:5%-3 in the roe of capelin (Henderson et al.,, 1984a) and in
fish roe in general (Tocher and Sargent, 1984; Tocher et al., 1985a, b), com-
pared to that in body triacylglycerols, is consistent with selective catabolism
of 20:5n-3 relative to 22:6n-3 in fatty acid oxidative processes producing
energy for gonadogenesis. These considerations give insights into possible
strategies for generating fish body oils enriched in 22:67-3 relative to other
fatty acids. This is an important area for future research, not least in relation
to developing alternatives to fish oils in farmed fish feeds compatible with
retaining high levels of 22:67-3 in the flesh (see Section 4.8).

4.3.2. Membrane Structure and Functions

The phosphoglycerides that constitute cell membrane bilayers in fish
generally contain 16:0, 18:17-9, 20:5%-3, and 22:67-3 as their principal fatty
acids. The former two are located preferentially in the sn-1 position of the
glycerol backbone of the phosphoglycerides, the latter two preferentially in
the sn-2 position. Additionally, 22:67-3 is generally present at about twice the
level of 20:57-3 in fish phospholipids. However, that generalization must be
qualified with respect to phosphoglyceride classes and also with respect to
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particular tissues. The following accountrests mainly on extensive studies, es-
pecially of molecular species compositions of phosphoglycerides, in our own
laboratory (Bell and Tocher, 1989; Bell and Dick, 1990, 1991, 1993a, b; M. V.
Bell et al., 1997). First, with respect to phosphoglyceride classes, the highest
levels of 22:6n-3 are usually contained in phosphatidylethanolamine (which
includes the plasmalogens, i.e., alk-1-enyl/acyl as distinct from acyl/acyl
phosphoglycerides), with 16:0/22:6n-3, 18:0/22:67-3, and 18:11n-9/22:6n-3
molecular species all being present. Phosphatidylserine is also rich in 22:6
n-3, with 18:0/22:67n-3 being an abundant molecular species. Phosphatidyl-
choline commonly has the lowest levels of 22:6n-3, in fish tissues, being
rich instead in 16:0 and 18:1%-9, and appears to be more easily influenced
by dietary fatty acids than the other phosphoglycerides. A special situation
exists for phosphatidylinositol, which has the highest level of arachidonic
acid, 20:4n-6, of all the fish phosphoglycerides and is also rich in 18:0.
Indeed the sn-2 position of fish phosphoinositides has a distinct preference
for Cgo PUFA. Thus, high levels of 20:57-3 can also be found in phosphatidyli-
nositol, its fatty acid composition can be readily influenced by changes in
dietarylevels of both 20:47-6 and 20:57-3, and it can also accumulate 20:3n-6.
Second, with respect to variations in the fatty acid compositions of phospho-
glycerides in fish tissues, particularly high levels of 22:6n-3 exist in neural
tissues, whether brain or eyes, to the extent that di-22:6n-3 species of both
phosphatidylserine and phosphatidylethanolamine can account for up to
60 and 72%, respectively, of the total molecular species of these phospho-
glycerides. Fish sperm can also contain high levels of dipolyunsaturated
phosphoglycerides (M. V. Bell et al., 1997). As discussed in Section 4.5, the
abundance of 22:6n-3 in neural tissue has particular implications for fish
larval nutrition.

The precise reason(s) for the preponderance of long-chain n-3 PUFA,
specifically 20:57-3 and, especially, 22:67-3, in fish phosphoglycerides and,
above all, the remarkable preponderance of 22:67-3 in neural tissue, which
occurs in vertebrates generally, albeit not to the same extent as in fish,
remains elusive. Traditionally it was believed that the preponderance of
22:6n-3 in fish tissues was an adaptation to low temperatures to maintain
membrane fluidity (homeoviscous regulation). However, the abundance of
22:67-3 in both tropical species such as the warm-blooded tuna and polar
species such as the cod belies that notion. Indeed, it is now recognized that
the main determinant of fluidity in phosphoglycerides is the ratio of mo-
nounsaturated to saturated fatty acids, which is increased and decreased,
respectively, in response to lowered and elevated environmental tempera-
tures (Wodtke and Cossins, 1991). More sophisticated and credible expla-
nations for the abundance of 22:6n-3 in the phosphoglycerides of fish (and
indeed of marine organisms in general) start with the recognition that
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22:6n-3 is unique among fatty acids in having the maximum number of
cismethylene-interrupted double bonds possible in a Cgg fatty acid. As such
it has a unique conformation dictated by a helical twist, or an “angle iron”
shape, induced by its cismethylene interrupted dienes that results in the
molecule assuming a squat, compact form, with an overall length similar
to that of 16:0 (Applegate and Glomsett, 1986). Such a structure favors
the formation of the hexagonal (inverted micellar) phase rather than the
conventional bilayer phase in phosphoglycerides, above all in di-22:6%-3-
phosphoglycerides containing small head groups such as phosphatidylser-
ine and phosphatidyl ethanolamine. Therefore, bilayers containing 22:6
n-3 phosphoglycerides, and above all di-22:6n-3-phosphatidylserine and di-
22:6n-3-phosphatidylethanolamine, will be “energized” by the tendency of
these molecules to form hexagonal phases, and this will facilitate conforma-
tional changes, especially very fast conformational changes, in membrane
proteins that might otherwise be energetically unfavorable (Brown, 1994).
Such changes are particularly important in visual and neuromuscular pro-
cesses where di-22:6n-3-phosphoglycerides are particularly abundant. More-
over, the intrinsic structure of 22:67-3 is inherently resistant to temperature
and pressure changes, such that its effects continue to be exerted essentially
independently of these environmental variables (Rabinovich and Ripatti,
1991). The advantages of such properties in the aquatic and, especially,
the marine environment are self-evident and may well have been exploited
evolutionary by the single-cell, motile and phototactic organisms (the flag-
ellates) that produce 22:67-3 at the base of the marine food web and from
which the bulk, if not all, of the 22:6%-3 in the marine ecosystem is ulti-
mately derived (Sargent et al., 1995c). In this context, the sperm cell may
be considered as a chemotactic rather than a phototactic flagellate. Such
considerations, though speculative, are well consistent with more metaboli-
cally specific roles of 22:6n-3, e.g., its particular role in Ca?*-ATPase activity
in the sarcoplasmic reticulum of heart and skeletal muscle, which has long
been established in higher mammals and more recently established in fish
(Ushio et al., 1997).

As described in previous reviews (Henderson and Tocher, 1987; Sargent
et al., 1993b, 1995b; Sargent, 1995a; Tocher, 1995), a major role for the Cog
PUFA, especially 20:4n-6, is as precursors for the group of highly biologically
active compounds, the eicosanoids which are Gy derivatives of Coy PUFA.
These include cyclic compounds, comprised inter alia of prostaglandins,
prostacyclins, and thromboxanes and formed initially by the action of cy-
clooxygenase on Coy PUFA, and linear compounds, including the leukotri-
enes and lipoxins, formed initially by the action of lipoxygenases on Cgg
PUFA. These enzymes act on free Cog PUFA released from plasma membrane
phosphoglycerides by the action of phospholipase As. The eicosanoids are
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autocrines, i.e., hormone-like compounds produced by cells to act in their
immediate vicinity with a short half-ife. Virtually every tissue in the body
produces eicosanoids and they have a wide range of physiological actions,
e.g., in blood clotting, the immune response, the inflammatory response,
cardiovascular tone, renal function, neural function, and reproduction.
Eicosanoid production is associated very broadly with stressful situations
and is a normal physiological process, with excess eicosanoid production
often occurring in pathological conditions. In higher terrestrial mammals
20:4n-6 is the chief precursor of the eicosanoids, generating 2-series pros-
tanoids and 4-series leukotrienes. However, 20:5n-3 competitively interferes
with eicosanoid production from 20:4n-6 catalyzed by cyclooxygenase and
lipoxygenases, and is itself converted to 3-series prostanoids and 5-series
leukotrienes, which are generally much less biologically active than the cor-
responding 2-series prostanoids and 4-series leukotrienes produced from
20:4n-6 (Fig. 4.9). Thus, eicosanoid actions are determined by the ratio of
20:4n-6 to 20:57-3 in cellular membranes, this in turn being determined
by the dietary intake of 7n-6 and n-3 PUFA. There is now a large body of
evidence supporting the notion that high incidences of cardiovascular and
inflammatory conditions and cancers in developed societies are associated

20:4n-6 20:5n-3

Cyclo-oxygenase

or Lipoxygenase

2-series prostanoids 3-series prostanoids
4-series leukotrienes 5-series leukotrienes
HIGH biological activity LOW biological activity
Fic. 4.9

Arachidonic acid, 20:4n-6, and eicosapentaenoic acid, 20:5n-3, compete with the same
cyclooxygenase or the same lipoxygenases to produce 2-series prostanoids/4-series
leukotrienes and 3-series prostanoids/5-series leukotrienes, respectively. Therefore,
the ratio of 20:4n-6 to 20:5n-3 determines the ratio of high-activity to low-activity
eicosanoids.
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with an over high dietary intake of 18:2n-6 relative to 18:3n-3, which gen-
erates over high levels of 20:47-6 in cells and thence over high levels of
eicosanoids (Anonymous 1992, 1994a; Okoyuma et al., 1997). Dietary sup-
plementation with 20:57n-3, e.g., as fish oil or fish oil concentrates, can
be beneficial under these conditions by damping down excess eicosanoid
production from 20:47-6 (Anonymous, 1992, 1994a, 1999).

With the exception of the phosphoinositides, the cellular phosphogly-
cerides of most species of fish, especially marine fish, have a large excess
of 20:5n-3 relative to 20:4n-6. Despite this, 20:47n-6 is the chief source of
biologically active eicosanoids in fish, where it is concentrated in phospho-
inositides. It is tempting to conclude that the phosphoinositides are the
origin of the 20:47n-6 used to produce eicosanoids in fish but there is no
clear-cut experimental evidence for this conclusion. It has been established
in fish, as in mammals, that 20:57-3 and also 20:37-6 (dihomo-y-linolenic
acid) competitively depress the production of eicosanoids from 20:47-6 (Bell
et al., 1994a), as does 20:4n-3 (Ghioni, Tocher, and Sargent, unpublished
data), which can be produced by elongation of stearidonic acid, 18:4n-3,
which is a significant constituent of many fish oils. Therefore, in fish, as
in mammals, eicosanoid production is influenced by the cellular ratio of
20:4n-6 to 20:5n-3, although, clearly, the optimal ratio of 20:4n-6 to 20:5n-3
for eicosanoid production is much lower in fish than in mammals. It remains
the case, however, that an imbalanced ratio of 20:47-6 to 20:5%n-3 can be as
damaging in fish as in mammals, as discussed later for marine fish larvae
(Section 4.5).

The importance of 22:6n-3 in fish neural tissue, evidenced by the abun-
dance of di-22:6n-3 species of phosphatidylethanolamine and phos-
phatidylserine in brain and eye, has been noted above, and, as discussed
later, provision of an adequate dietary supply of 22:67n-3 is particularly im-
portant in marine fish larval nutrition for normal development of neural
and visual functions. The fatty acid 22:67-3 is no less important in this re-
spect in human neural tissue and, therefore, in prenatal and early postnatal
life when development of the neural and visual systems take place. There is
now clear cut evidence that suboptimal provision of 22:6n-3 during prena-
tal and early postnatal life can generate visual and mental subnormalities in
infants (Anonymous, 1994b). Indeed, there is accumulating evidence that
a range of psychiatric disorders including schizophrenia may involve ab-
normalities in the metabolism of brain phospholipids and their associated
PUFA, 22:67n-3, 20:5n-3 and 20:4n-6 (Horrobin et al., 1999; Horrocks and
Yeo, 1999; Okuyama et al., 1997; Puri et al., 1999; Peet et al., 1999). There
is also accumulating evidence that dietary supplementation with fish oils
and fish oil concentrates can be beneficial in various psychiatric disorders
(Horrocks and Yeo, 1999; Puri et al., 1999).
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These beneficial effects of long-chain »-3 PUFA in a range of important
human disorders stem basically from a dietary excess of n-6 PUFA, specifi-
cally 18:27n-6, which is a major component of the vegetable seed oils whose
production is rapidly increasing on a global scale, relative to 18:3%-3, whose
chief dietary source for man is green leaf vegetables. The problem can be
expressed alternatively as a relative deficiency of 18:3n-3, which can most
effectively be reversed by providing the biologically active end product n-3
PUFA, 20:5%-3 and 22:6n-3. Fish are far and away the greatest providers of
20:57-3 and 22:6%-3 in the human diet, so that fish have a critical role to
play in human nutrition. Fish nutrition is concerned with both optimizing
the health and welfare of the farmed animal and optimizing its nutritional
value for the consumer. Therefore, a major concern of fish nutrition is to
generate an end product with high levels of health-promoting 20:57-3 and
22:6n-3 for the consumer. These HUFA have unique, important, and paral-
lel roles to play in both fish and human nutrition and it is natural that they
feature prominently in fish lipid nutrition.

4.4
Fatty Acids and Dietary Energy

As described above, an importantrole of lipids is as a source of energy-rich
fatty acids. Dietary lipids are a major provider of energy in all fish, especially
carnivorous species, which includes most marine fish, where carbohydrate
plays little role as an energy source due to its low abundance in natural
diets. In contrast, herbivorous/omnivorous species such as carp (Cyprinus
carpio) consume plant material containing easily digestible sugars and also
complex indigestible polysaccharides such as cellulose, chitin, and lignin,
which the fish cannot digest easily without the assistance of specific gut flora
(Watanabe, 1982; Smith, 1989). However, the extent to which fish in general,
particularly marine species, can utilize dietary carbohydrate is debatable.
One possible result of adaptation to an almost totally carnivorous habit s that
marine fish in general may have a limited ability to digest and utilize dietary
carbohydrate (Smith, 1989), in which case the energy requirements of most
marine fish will be met primarily by dietary lipids and protein. Thus, the diets
formulated for the aquaculture industry contain predominantly protein and
lipid, with small amounts of vitamins and minerals. Easily digestible, water-
soluble mono- or disaccharides such as glucose and fructose are obviously
not an option in fish diets. However, for many species, polysaccharides such
as starch and dextrin can be included in formulated diets at levels of up
to approximately 10% (and higher in some species), although digestibility
normally has to be improved by processing or cooking the ingredients prior
to inclusion in the diet (Smith, 1989).
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As protein is generally the most expensive of the basal components, the
major issue regarding the dietary formulations for fish has been to supply
the minimum protein requirements for optimal or maximal growth with an
appropriate balance of other nutrients to supply the required energy. This
balance is termed the ratio of digestible protein:digestible energy (DP:DE).
Some protein is inevitably utilized for energy through direct oxidation of
amino acids via the tricarboxylic cycle, or after conversion of amino acids
to glucose via gluconeogenesis, but these processes can be minimized by in-
cluding an abundance of energy-providing nutrients in the diet. Lipid as the
primary energy-providing nutrient in fish diets has a major protein-sparing
effect in many fish species (Wilson, 1989; Sargent et al., 1989). Because
of the metabolic interactions among protein, lipid, and carbohydrate de-
scribed above, definition of the exact dietary lipid requirements for fish is
not particularly meaningful. However, it has long been known that, in gen-
eral, lipid in the range of 10-20% of the dry weight of the diet is sufficient
to allow protein to be effectively utilized for fish growth without depositing
excessive lipid in the fish tissues (Cowey and Sargent, 1979; Watanabe, 1982;
Sargent et al., 1989). Nonetheless, the precise amount of lipid required de-
pends on the dietary protein level and, in some cases such as carp, also
on the dietary carbohydrate level (Watanabe, 1982; Sargent et al., 1989).
More detailed accounts of the nutritional energetics of fish and the role of
protein as an energy source and its interaction with other dietary compo-
nents, including lipids, are provided elsewhere in this book. Therefore, this
section focuses primarily on the use of so-called “high-energy” diets, which
have become increasingly widespread in aquaculture. These diets are, in
reality, “high-oil/fat” diets. They can have consequences for the farmed fish
by altering its lipid and fatty acid metabolism, with implications for its health
and welfare and, also, for the consumer in terms of the quality and taste of
the end product (Bellestrazzi and Mion, 1993) and its health-promoting
properties (Sargent and Tacon, 1999).

4.4.1. High-Energy (Fat) Diets

High-energy (fat) diets are formulated to increase the growth perfor-
mance of the fish for a given amount of feed by maximally exploiting
the protein-sparing effect of high-energy lipid and allowing as much of
the dietary protein as possible to be converted into muscle protein. Al-
though protein sparing by dietary lipid is well documented, the limits to its
effectiveness have not been accurately defined for any fish species so that
recent dietary formulations have tended to continue the upward trend in
dietary lipid. In many cases this has successfully increased weight gains. How-
ever, the use of increasingly high-lipid diets is not without controversy, and
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it is debatable whether the protein-sparing effect alone accounts for all of
the weight gains observed.

A problem in considering the effects of high-energy diets in aquaculture
is that what precisely constitutes a high-energy or high-fat dietis all too often
undefined. Few data are available in the literature, and because commercial
pressure to increase growth rates and reduce production times is the main
rationale behind high-energy diets, most information concerns studies on
the four main species farmed in Europe: Atlantic salmon, rainbow trout,
gilthead sea bream, and sea bass (Dicentrarchus labrax). In rainbow trout,
dietary lipid at 21% increased growth over that of fish consuming diets
with 8 and 11% dietary lipid (Luzzana et al., 1994). In brown trout (Salmo
trutta) a diet containing 29% lipid increased the growth rate compared to
a diet containing 21% lipid (Arzel et al., 1993). In Atlantic salmon, even
higher lipid levels have been investigated and diets containing 47 and 38%
lipid both increased growth in comparison to a diet containing 31% lipid
(Hemre and Sandnes, 1999). In a recent study with sea bass, a diet of 19%
lipid showed increased growth compared with diets containing 11 and 15%
dietary lipid (Lanari et al., 1999). A limit to the growth-promoting effect of
high dietary lipid was indicated in the study on sea bass by Peres and Oliva-
Teles (1999) with sea bass, where the growth rate was higher in fish on a diet
containing 24% lipid compared to fish on diets with lower (12 and 18%) and
higher (30%) lipid levels. An indication that the growth-promoting effects
of dietary lipid may vary with the stage of development s the observation that
increasing the dietary lipid from 12 to 20% did not alter the growth of sea
bass larvae (Salhi et al., 1994). However in sea bass fingerlings, growth and
protein sparing were both improved by increasing the dietary lipid from 9 to
15% (Vergara et al., 1996). The importance of optimising ration size when
feeding high-energy diets to avoid unwanted adiposity was also investigated
in sea bream (Company et al., 1999).

4.4.2. Dietary Lipid Levels and Tissue Lipid Levels

It has long been known that there is a strong relationship between the
dietary lipid levels and the levels of lipid in the carcass of fish (Cowey, 1993).
Deposition of excess lipid in the carcass will clearly be a more serious prob-
lem in those species that tend to store lipid in the flesh, although it ap-
pears that flesh lipid levels are increased in most species when fed high-fat
diets. Many recent studies have shown that a potential and, perhaps, detri-
mental effect of high-fat diets is the deposition of excess lipid in the flesh.
Thus, feeding diets with high lipid levels has been shown to increase flesh
lipid levels in freshwater fish, including catfish (Stowell and Gatlin, 1992;
Anwar and Jafri, 1995) and silver perch (Leiopotherapon bidyanus) (Anderson
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and Arthington, 1989), in marine fish such as turbot (Stephan et al., 1996),
Atlantic mackerel (Scomber scombrus) (Hemre et al., 1997), seabass (Catacutan
and Coloso, 1995), and red drum (Sciaenops ocellatus) (Williams and Robin-
son, 1988), and in salmonids including brown trout (Arzel et al., 1993),
rainbow trout (Luzzana et al., 1994; Weatherup et al., 1997; Dias et al., 1999),
chinook salmon (Oncorhychus tshawytscha) (Silver et al., 1993), and Atlantic
salmon (Bell et al., 1998; Hemre and Sandnes, 1999).

High-energy feeds have recently been used widely in the salmon indus-
try, where the upper level for dietary lipid in the 1970s was about 20%,
whereas in the late 1990s this level had almost doubled, with Einan and
Roem (1997) suggesting a diet with a lipid level of 35% to be optimal for
growth of Atlantic salmon. However, the Atlantic salmon industry, particu-
larly the processing and retailing sectors, now recognizes the problem of
deposition of excessive dietary lipid in the flesh as a major issue relating to
carcass and product quality (Hillestad et al., 1998). Increased flesh lipid in
salmon can lead to problems of so-called “free oil,” reduced visualization of
carotenoid pigment, and subsequent consumer and processor resistance to
the oily texture, poor smoking performance, and potential rancidity prob-
lems (Bell et al., 1998; Refsgaard et al., 1998; Hillestad et al., 1998). It is
particularly interesting that, in salmon consuming a diet of a given oil con-
tent, the level of lipid in the flesh can vary considerably between populations
and between individuals in the same population (Bell ez al., 1998; Refsgaard
et al., 1998). For example, it was observed that the lipid levels in individual
salmon receiving a diet containing 28% lipid could vary from less than 5%
to more than 18% of the wet weight of the flesh (Bell et al., 1998). It is not
clear to what extent environmental and/or genetic factors contribute to the
observed biological variation (Olsen and Skjervold, 1995; Bell et al., 1998).

4.4.3. Dietary Lipid Levels and Essential Fatty Acids

Aswell as providing energy, dietary lipid is also important as the source of
essential fatty acids (EFA). The precise nature of the EFA and their absolute
dietary requirements vary with species and are described in Section 4.5.
However, it is also apparent that the quantitative requirement for EFA
may vary with the total dietary lipid level, and this may also vary with the
stage of development (Izquierdo, 1996). For instance, the requirement for
n-3 HUFA appeared to increase as the level of lipid in the diet increased
in both red sea bream (Pagrus major) fingerlings (Takeuchi et al., 1992a)
and yellowtail (Seriola quinqueradiata) fingerlings (Takeuchi et al., 1992b).
However, in contrast, there was no apparent variation in the n-3 HUFA re-
quirement of larval gilthead sea bream as the dietary lipid level increased
from 12 to 20% (Salhi et al., 1994).
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4.4.4. Dietary Lipid Levels and Antioxidant Requirements

Feeding very high levels of unsaturated lipid can increase the prooxidant
stress on fish consuming the diets. Thus, as the lipid content of the diet in-
creases, the dietary n-3 HUFA levels also increase and the resulting increased
unsaturation index of the diet must be balanced by an increasing dietary
antioxidant content, especially vitamin E (tocopherol). It was shown in At-
lantic salmon that, as the dietary lipid increased, vitamin E levels in the flesh
decreased (Hemre and Sandnes, 1999). It has also been shown in tilapia that
the vitamin E requirement increased as the level of dietary lipid increased
(Satoh et al., 1987). For instance, in blue tilapia (Oreochromis aureus) the
vitamin E requirement at 3% dietary lipid was 10 mg/kg diet, whereas at
6% dietary lipid the vitamin E requirement was 25 mg/kg, when both diets
contained 120 mg/kg butylated hydroxyanisole (BHA) (Roem et al., 1990).
The flesh vitamin E level has been shown to influence the development of
rancid taste after slaughter in both Atlantic salmon (Waagbo et al., 1993) and
cultured mackerel (Hemre et al., 1997). Muscle homogenates from rainbow
trout and sea bass fed high-fat diets were more susceptible to lipid peroxida-
tion than fish fed low-fat diets (Dias et al., 1999). The relationship between
dietary lipid and fatty acid contents and dietary antioxidant requirements
is discussed more fully in Section 4.7.

4.4.5. Dietary Lipid Levels, Lipogenesis, and Fatty Livers

The level of dietary lipid has other effects on lipid metabolism in fish
including modulation of lipogenesis. It has long been established that in-
creased dietary lipid levels depress de novo fatty acid synthesis through inhi-
bition of several enzymes involved in hepatic lipogenesis, including acetyl
coenzyme A carboxylase, fatty acid synthetase, and NADPH-generating en-
zymes such as glucose-6-phosphate dehydrogenase and 6-phosphogluconate
dehydrogenase (Sargent et al., 1989). The perceived view was that, in com-
parison to mammals, where dietary lipid as low as 2.5% can cause inhibition
of lipogenesis, inhibition of lipogenesis in fish was obvious only with diets
containing in excess of 10% lipid (Sargent et al., 1989). With almost all
species a diet would not be considered “high energy” with a lipid level lower
than 10%, so it can safely be assumed that high-energy diets inhibit lipogen-
esis in fish. For instance, in hepatopancreas from carp fed a diet containing
18% lipid, there were decreased levels of lipogenic, gluconeogenic, and
amino acid-degrading enzyme activities in comparison with fish fed diets
containing 9% lipid (Shimeno et al., 1995). The activities of various hepatic
enzymes including fatty acid synthetase, glucose-6-phosphate dehydroge-
nase, and malic enzyme were reduced by decreasing the ratio of digestible
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protein to digestible energy (DP/DE) through an increase in dietary lipid in
rainbow trout and sea bass (Dias et al., 1999). These enzyme activities were
also decreased in yellowtail liver (Shimeno et al., 1996) and carp hepatopan-
creas (Kheyyali et al., 1989). Lipogenesis was also decreased in rainbow trout
liver in response to increased dietary ratios of lipid to carbohydrate (Corraze
et al., 1993a; Brauge et al., 1995). At an enzyme kinetic level, a high-fat diet
in rainbow trout was shown to cause a significant decrease in the specific
activity, catalytic efficiency, and V.« of hepatic glucose-6-phosphate dehy-
drogenase, whereas the K, was unaffected (Sanchez-Muros et al., 1996).

High-fat diets have also been shown to affect liver histology in ways con-
sistent with the development of fatty liver pathology. Thus, increased fatty
infiltration of liver has been reported in sunshine bass (Morone chrysops x
M. saxatilis) fed a diet containing 16% lipid in comparison with a diet con-
taining 13% lipid (Gallagher, 1996). Compared to fish fed diets containing
15 and 22% lipid, sea bream fed diets containing 27% lipid showed foci
of swollen hepatocytes characterized by displaced nuclei and large lipid
droplets in the cytoplasm (Caballero et al., 1999).

4.5
Optimal Levels and Ratios of Dietary n-3 and
n-6 Polyunsaturated Fatty Acids

As well as being a major energy source, dietary lipids are also a source of
fatty acids required for the synthesis of new cellular lipid for growth and re-
production and for turnover of existing lipid. Therefore, lipid requirements
can be broken down into three main categories, gross lipid requirement in
terms of energy provision as discussed in Section 4.4, and qualitative and
quantitative essential fatty acid requirements, which are the subject of this
section.

All vertebrate species have absolute dietary requirements for certain
PUFA. If a dietary deficiency occurs, the animal stops growing and re-
producing, develops various pathologies, and eventually dies. The various
deficiency symptoms and pathologies were summarized in the previous
edition of this book (Sargent et al., 1989). The PUFA in question are termed
“essential fatty acids” (EFA) and they include members of both the 7n-6
and the n-3 series typified by linoleic acid, 18:2n-6, and «-linolenic acid,
18:3n-3. All vertebrate species probably require both n-6 and n-3 PUFA,
i.e., both n-6 and n-3 PUFA are EFA for vertebrates, and the biologically
active forms of EFA are generally the Cgy and Cge metabolites of 18:2n-6
and 18:3n-3, viz., 20:4n-6 + 22:5n-6 and 20:5n-3 + 22:6n-3, which are often
termed HUFA (highly unsaturated fatty acids). Some, but not all, vertebrate
species can convert Cig PUFA to the higher Cgy and Coos HUFA through a
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series of alternating desaturation and chain elongation reactions mediated
by microsomal systems containing elongases and A® and A® fatty acid de-
saturases (Cook, 1996), as described in detail in Section 4.3. In species that
cannot perform these conversions, the Cop and Coo HUFA themselves are
dietary EFA and their Cijg homologs do not satisfy EFA requirements. In
species that can perform the conversions, C;g, Cop, and Coo HUFA can all be
termed EFA, with the Cgp and Coo HUFA being more effective nutritionally
than their C;3 counterparts. Although the foregoing statements apply to all
vertebrate species including fish, the extent to which they apply quantita-
tively to a given species varies widely. Therefore, a vital area in lipid nutrition
in fish is the provision of sufficient amounts of the correct EFA to satisfy the
requirements for normal growth and development, requirements that can
vary quantitatively during the life of the fish. As noted in Section 4.3, com-
petitive interactions exist between the n-6 and the n-3 PUFA, in terms of
both the elongation and desaturation reactions converting Cig to Cgy and
Coo PUFA, and the direct action of PUFA as occurs in eicosanoid production.
Therefore, accurate definition of EFA requirements for a given fish species
involves determining not only the absolute requirements of each series of
PUFA, but also the optimal balance between the two series. Reflecting its
importance, this area has been the subject of several reviews in recent years
(Sargent et al., 1995a, 1997, 1999a, b; Izquierdo, 1996).

4.5.1. Marine Fish

Current estimates of the EFA requirements of marine fish species in-
vestigated so far indicate that the n-3 EFA requirements can be met only
by 20:5n-3 together with 22:6n-3, often collectively called the n-3 HUFA
(Tables 4.1 and 4.2). This situation is the logical result of adaptations to
a combination of the predominant PUFA in the marine food web and the
carnivorous lifestyle of virtually all the marine species investigated so far, in-
cluding those listed in Tables 4.1 and 4.2. Thus, the PUFA in the marine food
web are dominated by n-3 HUFA originating from the primary producers
in the marine food web, viz., the marine algae that constitute the phyto-
plankton and have 20:57-3 and 22:6n-3 in abundance, with 18:37-3 and
18:2n-6 being less prominent (Sargent et al., 1995b—d). Moreover, the great
majority of marine fish, including all species currently farmed or under de-
velopment for farming, are carnivores, consuming a predominantly piscine
natural diet for most of their life history. Carnivorous marine fish consume
smaller fish that, a priori, are rich in 20:57-3 and 22:67-3 derived from phyto-
plankton via zooplankton and, consequently, have no need to convert their
very limited dietary intake of 18:3n-3 to 20:57-3 and 22:67-3. It appears that
the capacity for this conversion has effectively been lost during evolution.
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Table 4.1

Essential Fatty Acid (EFA) Requirements of Larval and Early Juvenile Stages of Some Marine
and Freshwater Fish®

Species EFA % of dry diet Ref.b
Freshwater

Carp (Cyprinus carpio) n-6 PUFA 1(0.25% 18:2n-6) 1
n-3 PUFA ~0.05

Rainbow trout (Oncorhynchus mykiss) DHA essential ? 2

Striped bass (Morone saxalilis) 18:3n-3 ?
n-3 HUFA >0.5 3

Marine

Cod (Gadus morhua) EPA ? 4
DHA ~1 5

Gilthead sea bream (Sparus aurata) n-3 HUFA 5.5 (DHA:EPA = 0.3) 6
n-3 HUFA 1.5 (DHA:EPA = 2) 7
n-3 HUFA 1.5 (in phospholipid) 8
DHA:EPA ~2 9

Red sea bream (Pagrus major) n-3 HUFA 2.1 (with 1.0% DHA) 10
DHA 1.0-1.6 10
EPA 2.3 10

Striped jack (Pseudocaranx dentex) DHA 1.6-2.2 11
EPA <3.1 11

Yellowtail (Seriola quinqueradiata) n-3 HUFA 3.9 (DHA:EPA = 0.5) 12
DHA 1.4-2.6 12
EPA 3.7 12

Mahimahi (Coryphaena hippurus) n-3 HUFA 0.6-1.0 13

Turbot (Scophthalmus maximus) DHA required ? 14

% DHA, docosahexaenoic acid (22:6n-3); EPA, eicosapentaenoic acid (20:5n-3); HUFA,
highly unsaturated fatty acids.

bKey to references: (1) Radunzneto et al. (1996); (2) Wirth et al. (1997); (3) Webster and
Lovell (1990); (4) Zheng et al. (1996); (5) Takeuchi et al. (1994); (6) Rodriguez et al.
(1994a); (7) Rodriguez et al. (1998); (8) Salhi et al. (1999); (9) Rodriguez et al. (1994b);
(10) Furuita et al. (1996a); (11) Takeuchi et al. (1996); (12) Furuita et al. (1996b); (13)
Ostrowski and Kim (1993); (14) Reitan et al. (1994).

A similar situation exists in extreme terrestrial carnivores such as the cat
(Rivers et al., 1975). It is likely that no marine fish species can convert any
substantial amount of 18:37-3 to 20:5n-3 and 22:6n-3. Therefore, the n-3
and n-6 EFA in marine fish species, including all the major cultured species
such as sea bream, sea bass, turbot, and halibut (Hippoglossus hippoglossus),
are the HUFA 20:47n-6, 20:57-3, and 22:67-3.

Juveniles of the golden gray mullet, Liza aurata, are well established as
predominantly herbivorous in the wild. Mourente and Tocher (1993b) es-
tablished that juvenile Liza aurata have a very limited ability to convert Cig



Table 4.2

Essential Fatty Acid (EFA) Requirements of Older Juvenile and Preadult Marine and

Freshwater Fish®

Species EFA % of dry diet Ref.’
Freshwater
Rainbow trout (Oncorhyncus mykiss) 18:3n-3 0.7-1.0 1
n-3 HUFA 0.4-0.5 2
Chum salmon (Oncorhyncus keta) 18:2n-6 & 18:3n-3 1.0 of each 3
Coho salmon (Oncorhyncus kisutch) 18:2n-6 & 18:3n-3 1.0 of each 4
Cherry salmon (Oncorhyncus masou) 18:3n-3 or n-3 HUFA 1.0 5
Arctic charr (Salvelinus alpinus) 18:3n-3 1.0-2.0 6
Carp (Cyprinus carpio) 18:2n-6 1.0 7
18:3n-3 0.5-1.0 7
Grass carp (Ctenopharyngodon idella) 18:2n-6 & 18:3n-3 1.0& 0.5 8
Tilapia
Oreochromis zilli 18:2n-6 1.0 9
0. nilotica 18:2n-6 0.5 10
Eel (Anguilla japonica) 18:21-6 & 18:3n-3 0.5 of each 11
Ayu (Plecoglossus altivelis) 18:3n-3 or 20:5n-3 1.0 12
Milkfish (Chanos chanos) 18:2n-6 and 18:3n-3 0.5 of each 13
Channel catfish (Ictalurus punctatus) 18:3n-3 1.0-2.0 14
n-3 HUFA 0.5-0.75 14
Whitefish (Coregonus laveratus) n-3 HUFA 0.5-1.0 15
18:3n-3 >1.0 16
Sheatfish (Silurus glanis) 18:3n-3 1.0 17
Striped bass (hybrid) n-3 PUFA 1.0 18
Marine
Turbot (Scophthalmus maximus) n-3 HUFA 0.8 19
AA ~0.3 20
Red sea bream (Pagrus major) 20:5n-3 or n-3 HUFA 0.5 21
20:5n-3 1.0 22
22:6n-3 0.5 22
Gilthead sea bream (Sparus aurata) n-3 HUFA 0.9 (DHA:EPA =1) 23
n-3 HUFA 1.9 (DHA:EPA = 0.5) 24
DHA:EPA 0.5 25
Striped jack (Pseudocaranx dentex) 22:6n-3 1.7 26
Sea bass (Dicentrarchus labrax) n-3 HUFA 1.0 27
Yellowtail flounder (Pleuronectes ferrugineus) n-3 HUFA 2.5 28
Silver bream (Rhabdosargus sarba) n-3 HUFA 1.3 29
Korean rockfish (Sebastes schiegeli) n-3 HUFA 0.9 30
EPA or DHA 1.0 31
Red drum (Sciaenops ocellatus) n-3 HUFA 0.5-1.0 32

(0.3-0.6 EPA + DHA)

“ DHA, docosahexaenoic acid (22:6n-3); EPA, eicosapentaenoic acid (20:57-3); HUFA, highly unsaturated
fatty acids.

b Key to references: (1) Castell et al. (1972); (2) Takeuchi and Watanabe (1976); (3) Takeuchi et al. (1979);
(4) Yu and Sinnhuber (1979); (5) Thongrod et al. (1990); (6) Yang et al. (1994); (7) Takeuchi and Watanabe
(1977); (8) Takeuchi et al. (1991); (9) Kanazawa et al. (1980); (10) Takeuchi et al. (1983); (11) Takeuchi
et al. (1980); (12) Kanazawa et al. (1982); (13) Bautista and de la Cruz (1988); (14) Satoh et al. (1989);
(15) Thongrod et al. (1989); (16) Watanabe et al., (1989); (17) Borgut et al. (1998); (18) Gatlin et al.
(1994); (19) Gatesoupe et al. (1977); (20) Castell et al. (1994); (21) Yone (1978); (22) Takeuchi et al. (1990);
(23) Kalegeropulos et al. (1992); (24) Ibeas et al. (1994b); (25) Ibeas et al. 1997; (26) Takeuchi et al. (1992¢);
(27) Coutteau et al. (1996); (28) Whalen et al. (1999); (29) Leu et al. (1994); (30) Lee et al. (1993); (31) Lee
et al. (1994); (32) Lochmann and Gatlin (1993).
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PUFA to Cgp and Coo HUFA in vivo, being entirely similar to the carnivorous
turbot in this respect. The abundance of 20:5n-3 and 22:67-3 in marine
algae (see Sargent et al., 1995b—d) ensures that even a herbivorous marine
fish can receive a sufficiency of these HUFA in its natural diet and has little
or no need to convert C;g PUFA to Coy and Co9 HUFA, so that these HUFA
are its EFA.

4.5.1.1. Embryos and Yolk Sac Larvae

The lipid and fatty acid compositions of fish eggs and lipid metabolism
during embryonic and early yolk sac larval stages were described in the
previous edition of this book (Sargent et al., 1989). Therefore, this section
only briefly summarizes these areas, focusing on new data related mainly
to similar studies on additional species which have furthered our under-
standing of the role of lipids and fatty acids in the earliest life stages of
marine fish.

Although the lipid content and lipid class composition of fish eggs vary
considerably with species, in many marine fish the eggs have relatively low
levels of lipid (usually <5% of the wet weight) which is predominantly
polar lipids (60-90% of the total lipid on average) (Sargent e al., 1989).
This situation is found in eggs from herring (Clupea harengus), haddock
(Melanogrammus aeglefinus), whiting (Merlagus merlangus), saithe (Pollachius
virens) (Tocher and Sargent, 1984), cod ( Gadus morhua) (Fraser et al., 1988),
and halibut (Falk-Petersen et al., 1989). Gilthead sea bream (Mourente and
Odriozola, 1990; Ronnestad et al., 1994), Senegal sole (Solea senagalensis)
(Vazquez et al., 1994), common dentex (Dentex dentex) (Mourente et al.,
1999), sea bass (Ronnestad et al., 1998), and turbot (Silversand et al., 1996)
have higher levels (>50%) of neutral lipids, with the eggs from all these
species having oil globules similar to those found in the relatively lipid-rich
eggs of sand eel (Ammodytes lancea) and capelin (Mallotus villosus) (Tocher
and Sargent, 1984). The polar lipids of marine fish eggs are dominated
by phospholipids, particularly phosphatidylcholine (PtdCho), followed by
phosphatidylethanolamine (PtdEtn), phosphatidylserine (PtdSer), and
phosphatidylinositol (PtdIns). The neutral lipids are mainly triacylglycerols
and smaller amounts of cholesterol, although some lipid-rich eggs have
globules that are predominantly steryl and/or wax esters (Sargent et al.,
1989).

The total lipid of eggs from most marine fish studied is rich in n-3 HUFA,
usually present at higher percentages than in the total lipid of other tis-
sues, probably reflecting in part the preponderance of phospholipids in
eggs, which, like phospholipids in other tissues, are generally higher in
HUPFA than neutral lipids (Sargent et al., 1989; Rainuzzo, 1993). Therefore,
the eggs of herring, haddock, cod, whiting, saithe, plaice, halibut, turbot,
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Senegal sole, and common dentex all contain high levels of 20:5n-3 and
22:6n-3 (Tocher and Sargent, 1984; Falk-Petersen et al., 1989; Rainuzzo,
1993; Parrish et al., 1993; Vazquez et al., 1994; Evans et al., 1996; Silversand
et al., 1996; Mourente et al., 1999). The fatty acid compositions of egg total
lipid vary with species, again reflecting partly differences in lipid class com-
positions, but are relatively more resistant to dietary changes than the fatty
compositions of other tissues (Sargent et al., 1989). For instance, the levels of
22:67-3 and total n-3 HUFA were almost identical between wild and captive
turbot eggs, whereas the levels of 18:2n-6 and, to alesser extent, 20:17-9 were
much higher in eggs from captive fish (Silversand et al., 1996). These data
support the previously appreciated resistance of egg composition to dietary
changes but, at the same time, show that egg fatty acid composition can be
affected by diet as evinced by elevated 18:2n-6 (Silversand et al., 1996). The
effects of broodstock diet on the fatty acid composition of marine fish eggs
and its relationship to egg quality criteria are described in Section 4.5.1.4.
In addition, the fatty acid composition of halibut eggs has been shown to
vary throughout the spawning season and between first-time spawners and
repeat spawners (Evans et al., 1996; Parrish et al., 1993).

Previously, lipid metabolism during embryogenesis and early larval deve-
lopment had been studied in relatively few species (see Sargent et al., 1989).
However, in recentyears the number of species studied has expanded greatly,
to include dolphin fish (Coryphaena hippurus) (Ostrowski and Divakaran,
1991), plaice (Pleuronectes platessa) turbot (Rainuzzo et al., 1992), gilthead
sea bream (Ronnestad et al., 1994), Senegal sole (Vazquez et al., 1994;
Mourente and Vazquez, 1996), cod (Fraser et al., 1988; Finn et al. 1995), hal-
ibut (Ronnestad et al., 1995), sea bass (Ronnestad et al., 1998), and common
dentex (Mourente et al., 1999). These studies establish that the utilization of
lipids and fatty acids during embryonic and early larval development varies
considerably between species. It had been reported previously that lipids
were utilized as an energy source mainly after hatching in red sea bream
and flounder (Pseudopleuronectes americanus) (Sargent et al., 1989), whereas,
in Atlantic herring and cod, phospholipid was utilized during both embryo-
genesis and to a greater extent during early larval development (Tocher et al.,
1985a; Fraser et al., 1988). In dolphin fish, lipids were catabolized through-
out the development period but to a greater extent during embryogenesis
than larval development (Ostrowski and Divakaran, 1991). Furthermore,
in both red sea bream and red drum, neutral lipids were the main lipids
utilized, whereas polar lipids and specifically PtdCho were catabolized pri-
marily in herring and cod, although neutral lipid utilization increased after
hatching (Sargent et al., 1989). It was postulated that catabolism of phos-
pholipids for energy may be a common characteristic of fish eggs that were
rich in phospholipids (Sargent et al., 1989). This postulate continues to hold
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since PtdCho was also catabolized primarily in the phospholipid-rich eggs
of halibut and plaice, but not in turbot eggs where neutral lipids account for
more than 50% of total lipid (Rainuzzo et al., 1992; Finn et al., 1995; Ronnes-
tad et al., 1995). In contrast, in marine pelagic eggs that contain higher lipid
levels, reflecting high levels of neutral lipid in oil globules or otherwise, such
as from sea bream, sea bass, Senegal sole, and dentex, lipids are utilized
primarily after hatching and mainly as neutral lipid, whether from the oil
globule or otherwise (Ronnestad et al., 1994, 1998; Mourente and Vazquez,
1996; Mourente et al., 1999). Therefore, in marine fish eggs it appears that,
in general, lipid utilization occurs to a greater extent after hatching, par-
ticularly in neutral lipid-rich eggs, possibly reflecting the greater energy
demands of the mobile, free-swimming yolk sac larvae compared to the em-
bryonic egg phase. In relation to specific lipid classes, two main patterns
of utilization are apparent in marine fish, obviously directly related to egg
lipid compositions. Phospholipid-rich eggs tend to utilize phospholipids,
particularly PtdCho, whereas neutral lipid-rich eggs utilize primarily triacyl-
glycerols and also steryl and wax esters where present. Another relatively
common feature observed during development is the conservation and/or
synthesis of PtdEtn, as reported in both the phospholipid-rich eggs of cod
(Fraser et al., 1988), plaice, and halibut (Rainuzzo et al., 1992; Ronnestad
et al., 1995) and the neutral lipid-rich eggs of turbot (Rainuzzo et al., 1992),
Senegal sole (Mourente and Vazquez, 1996), and dentex (Mourente ¢t al.,
1999). This results in a decrease in and normalization of the PtdCho:PtdEtn
ratio as development proceeds, from the high values seen in most marine
fish eggs to the values normally observed in fish tissues. This is particularly
the case in phospholipid-rich eggs, dominated by PtdCho, where PtdCho is
catabolized during embryogenesis.

Catabolism of lipids, whichever class, results in the release of free fatty
acids, which can either be utilized for energy or reacylated back into lipid
pools for other uses, which, during embryogenesis and early larval develop-
ment, can be for the formation of rapidly developing larval tissues. In n-3
HUFA-rich marine eggs, it is perhaps obvious that PUFA and HUFA will be
catabolized for energy, particularly in phospholipid-rich eggs. Catabolism
of HUFA, both 22:67n-3 and 20:57n-3, for energy, has been reported in cod
(Finn et al., 1995), halibut (Ronnestad et al., 1995), Senegal sole (Vazquez
et al., 1994; Mourente and Vazquez, 1996), and dentex (Mourente et al.,
1999). In dentex, PUFA in both PtdCho and triacylglycerol were utilized,
along with other fatty acids, generally in line with their order of abundance
(Mourente et al., 1999). Similarly, in cod the fatty acids in PtdCho were
catabolized nonselectively (Finn et al., 1995). However, in an early study in At-
lantic herring, many of the PUFA liberated by the catabolism of PtdCho were
selectively retained in the neutral lipid pool (Tocher et al., 1985b). Although
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also utilized for energy, PUFA were relatively conserved in comparison with
saturated and monounsaturated fatty acids during development of Senegal
sole (Mourente and Vazquez, 1996). In cod, monounsaturated fatty acids in
triacylglycerol were selectively catabolized in comparison with PUFA (Finn
et al., 1995). In halibut, 22:6n-3 was a quantitatively important fuel, with
almost 40% of the 22:6n-3 from PtdCho hydrolysis being catabolized, but
with over 60% of the 22:6n-3 being selectively retained at the same time
in PtdEtm (38%) and neutral lipids (23%) (Ronnestad et al., 1995). Fraser
et al.(1988) had reported earlier that about 33% of the 22:6n-3 released dur-
ing PtdCho catabolism in cod eggs was incorporated into TAG and steryl
esters. Similar retention of 22:6n-3 in PtdEtn was observed in Senegal sole
and dentex (Mourente and Vazquez, 1996; Mourente et al., 1999). Some
selective retention of 20:5n-3 was also reported in halibut (Ronnestad et al.,
1995) and 20:4n-6 was selectively retained during development of Senegal
sole (Mourente and Vazquez 1996). Based on studies mainly with plaice,
Rainuzzo (1993) suggested that utilization of HUFA, including 22:67-3, oc-
curred mainly in earlier stages of development when yolk was still present,
whereas, later, in nonfeeding larvae, 22:67-3 and 20:4n-6 were selectively re-
tained in PtdEtn, at the expense of other fatty acids, including 20:57-3, which
were mainly catabolized. Thus, HUFA, as well as having well-established roles
in membrane structure and function, can also serve as important energy
sources during embryonic and early larval development of marine fish.

4.5.1.2. Larvae and Early Postlarvae

Marine fish larvae pose the aquaculturist great problems, due primarily to
their small size and their often poorly developed digestive system, which has
hampered the development of appropriate fabricated first feeds. Ten years
ago, the technical problems associated with presenting defined micro diets
to marine fish larvae had prevented the accurate determination of lipid and
EFA requirements in these crucial early life stages. Even now, recent stud-
ies on the development of fabricated, defined microdiets for firstfeeding
marine fish larvae are relatively few (Salhi et al., 1994, 1999; Bessonart et al.,
1999; Halfyard et al., 1999). Poor acceptance of fabricated first feeding diets
may be related to the particles presented having an unsuitable size spec-
trum or to their aggregation or settling properties prior to consumption.
It is also likely that the larvae prefer to capture and ingest moving prey or
require specific gustatory stimuli to ingest captured prey. As a result, live
feeds are currently still the option of choice in most situations until the lar-
vae are large enough to be maintained on a fabricated diet. However, the
use of live feeds has presented significant problems in accurately defining
lipid and EFA requirements in marine fish larvae, although this is an area
that has received considerable attention in recent years (Brown et al., 1989,
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1997; Brown and Jeffrey, 1992; Izquierdo, 1996; Rainuzzo et al., 1997; Reitan
et al., 1997; Shansudin ¢t al., 1997; Sargent et al., 1997, 1999a, b; McEvoy and
Sargent, 1998; Dhert et al., 1998).

Several types of live feeds of variable sizes have been used, with their spe-
cific utilization depending on the size of the larvae at emergence and dur-
ing the subsequent growth period. The principal live feeds used have been
rotifers (Brachionus sp.) and brine shrimp (Artemia sp.) nauplii. Rotifers, be-
ing smaller, are fed to small larvae including very early larval stages. Artemia
nauplii, being larger, are fed to larger larvae including later developmen-
tal stages. The major factor in the choice of these organisms has been their
ready availability and ease of culture, with Artemiabeing particularly useful in
that they can be packaged, stored, and transported easily in an arrested form
of development as dry cysts. However, Artemia is a nutritionally poor diet for
marine fish larvae in that it generally lacks the n-3 HUFA essential for ma-
rine larvae, being rich instead in 18:37-3. Because many different strains of
Artemia exist, one option has been to seek strains that are nutritionally more
suitable. Strains with significant levels of 20:57-3 have been reported, but
none so far with significant levels of 22:6n-3 (Navarro et al., 1991, 1992a, b,
1993a). This limitation is related, at least partly, to the propensity of Artemia
to retroconvert 22:6n-3 to 20:51-3 (Evjemo et al., 1997; Navarro et al., 1999).

Therefore before use, Artemia must be “enriched” with n-3 HUFA prior
to feeding to marine fish larvae and several different strategies can be
employed (Dhert et al., 1998; McEvoy and Sargent, 1998). Phytoplankton
are the natural food of rotifers and Artemia, and provide one method of
enriching the animals. Judicious choice of algal species, including a marine
Chlorella or diatoms such as Tetraselmis, which are rich in 20:5%-3, or prymne-
siophytes such as Nannochloropsis sp. or Isochrysis galbana, which are rich in
22:6n-3, can readily increase the levels of both 20:5%-3 and 22:67-3 in rotifers
fed algae (Brown et al., 1989, 1992, 1997; Reitan et al., 1993, 1997; Tamura
etal., 1993). Such procedures, however, are much less effective in increasing
the 22:6n-3 levels of Artemianauplii. Nonetheless, the use of “green water” in
larval production systems, i.e., marine fish larvae cultured in the presence of
one or more specific algal species together with rotifers initially and Artemia
nauplii later, remains common practice (Navarro and Amat, 1992; Brown
and Jeftrey, 1992; Reitan et al., 1993; Mourente et al., 1993; Kashiwakura et al.,
1994; Olsen et al., 1997). The procedure can be effective and may involve
nutritional and environmental benefits other than EFA nutrition. However,
it remains to some extent empirical in that it is difficult to control the levels
of n-3 HUFA in both the algae and the live feed organisms, which can vary
both with time and developmental stage, during culture of the larvae.

Early work supplemented rotifers and Artemianauplii with n-3 HUFA used
baker’s yeast, which had been cultured in media containing fish oil, so-called
w-yeast (Sargent et al., 1989). In recent years, methods for directly enriching
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Artemia nauplii and rotifers using n-3 HUFA-rich oils have been extensively
developed (Dhont et al., 1991; Olsen et al., 1993; Coutteau and Sorgeloos,
1997; Coutteau and Mourente, 1997; Sargent et al., 1997; Dhert et al., 1998;
McEvoy and Sargent, 1998; Gara et al., 1998). The general enrichment pro-
cess involves incubating the Artemia nauplii or rotifers with a water-miscible
preparation of an n-3 HUFA-rich oil for a relatively short period of time, so
that the enriching preparation is ingested into the gut of the live animals,
which are then immediately fed to the larvae. The procedure is, in effect,
a “bioencapsulation” of the enriching oil (Coutteau and Sorgeloos, 1997)
(see also Section 4.6). With rotifers it is also possible to use a long-term
enrichment period which is combined with growth of the rotifer (Planas
and Cunha, 1999). The most commonly used enriching preparations are
micellar emulsions of marine fish oils and, as such, are basically triacylglyc-
erol micelles (Izquierdo et al., 1992; Perez et al., 1994; Sargent et al., 1997;
Ando et al., 1997). Increased understanding of the lipid and EFA require-
ments of larval marine fish in recent years has resulted in a trend toward
the use of a speciality oil, tuna orbital oil, which has, respectively, high and
low levels of 22:6n-3 and 20:5n-3 (Bell et al.,, 1996a; McEvoy et al., 1997,
Ando et al., 1997; Gara et al., 1998), and ethyl and methyl ester concen-
trates of 20:5n-3 and 22:6n-3 (Takeuchi et al., 1992; Rainuzzo et al., 1994).
Phospholipid rich preparations have also been used, including triacylglyc-
erol oils emulsified with marine and soya oil lecithins (Rainuzzo et al., 1994;
McEvoy et al., 1996, 1997; Tocher et al., 1997; Salhi et al., 1999). Commercial
products designed to enrich live feeds for larval culture have included oil
emulsions (e.g., Selco, SuperSelco INVE Aquaculture, Lochnsri, Belgium),
microcapsules (e.g., Frippak Booster), and dried marine fungi (AlgaMac
2000 and 3000 Aquafauna Biomarine, Hawthorne, CA). The use of live feed
enrichment procedures is now widespread both in research on nutritional
requirements and in commercial marine larval fish production systems
(Ostrowski and Kim, 1993; Mourente et al., 1993; Naess et al., 1995; Nery
et al., 1995; Fernandez-Reirez et al., 1995; McEvoy et al., 1996; Blair et al.,
1998a, b; Gara et al., 1998).

Using a combination of fabricated microdiets and, predominantly, en-
riched live feeds, the EFA requirements of the larval and very early juvenile
stages of a number of marine fish species have been determined (Table 4.1).
The exact levels of EFA reported can vary between studies, dependent upon
the precise parameter measured, such as survival, growth, and vitality (Furita
et al., 1996), as well as the overall dietary lipid level (Salhi et al., 1994). Even
so, one overall impression of the data to date is that larval requirements for
n-3 HUFA are generally greater than those of juveniles and preadult fish
(cf. Table 4.2), with the caveat that there are relatively few species where the
requirements at larval and later juvenile stages can be compared directly
(Takeuchi et al., 1990, 1992c, 1996; Ibeas et al., 1994a, b; Rodriguez et al.,
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1994, 1998a; Furuita et al.,, 1996a; Salhi et al., 1999). A second impression
is that the requirement of marine fish larvae for 22:6n-3 is usually higher
than that for 20:5n-3, which means that the EFA requirements are usually
satisfied by a lower level of 22:67-3 than can be achieved with 20:57-3 alone
(Watanabe, 1993). This may also be the case with later juveniles, but again,
direct comparative data are few, although with gilthead sea bream it ap-
pears that the optimal dietary ratio of 22:6n-3 to 20:57-3 in the larval stage is
about 2 (Rodriguez et al., 1994,1997,1998a), whereas itisless than 1 in older
juveniles (Ibeas et al., 1997). Red drum larvae fed a diet with a ratio of 22:6n-3
to 20:5n-3 of almost 4 exhibited significantly superior performance in a salin-
ity challenge test (Brinkmeyer and Holt, 1998). Moreover, stress resistance
was correlated with levels of 22:6n-3 but not with levels of 20:57-3 or total
n-3 HUFA in mahimahi larvae (dolphin fish, Coryphaena hippuus) (Kraul
et al., 1993). One reason for the higher dietary requirement for 22:6n-3 is
for rapidly developing visual and neural tissues, which account for a rela-
tively greater proportion of total body mass in larval stages. The importance
of 22:6n-3 for the proper development of these tissues has been demon-
strated in larval herring (Navarro et al., 1993b, c; Bell et al., 1995a) and in
sea bass (Navarro et al., 1997; Bell et al., 1996a). Thus, deficiency of dietary
22:6n-3 resulted in larval herring having an impaired ability to capture prey
atnatural light intensities, presumably due to impaired rod function in their
eyes (Bell et al., 1995). The avidity of neural tissues for 22:6n-3 was shown
by the dramatic increase in this fatty acid in the brains of both turbot and
sea bream when larvae of both species were weaned from a diet deficient in
22:6n-3 to one rich in 22:6n-3 (Mourente et al., 1991; Mourente and Tocher,
1992, 1993c). Therefore, the delivery of sufficient 22:6n-3 to developing
marine fish larvae is of major importance and is not without problems. Spe-
cific issues such as the peroxidation of 22:6n-3 in highly aerated live feed
cultures (McEvoy et al., 1995) and its retroconversion to 20:5n-3 in Artemia
(Evjemo et al., 1997; Navarro et al., 1999), both of which limit the ultimate
level of 22:6n-3 that can be delivered to larvae by these techniques, remain
to be solved.

In turbot, the early supply of 22:67-3 was found to be essential for correct
pigmentation (Reitan et al., 1994) and in Japanese flounder (Paralichthys
olivaceus) pigmentation success was related to dietary 20:4%-6 and also to
HUFA levels, including 20:47-6, in neural tissues (Estevez and Kanazawa,
1996; Estevez et al., 1997). Subsequent work on turbot confirmed the essen-
tiality of 22:67-3 for normal pigmentation but also showed that 20:4n-6 levels
in neural tissue lipids were negatively correlated with pigmentation and
that the optimum dietary 20:57-3 level was more dependent on the dietary
20:47-6 than the dietary 22:67n-3 levels, indicating the importance of feeding
the correct dietary ratio of 22:67-3:20:5n-3:20:4n-6 (Estevez et al., 1999).
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Arachidonic acid, 20:47-6, had previously been shown to influence growth
in larval gilthead sea bream (Rodriguez et al., 1994) and excess 20:4n-6
(4% of the dry weight of Artemianauplii) was shown to inhibit growth and in-
crease mortality in larval yellowtail (Ishizaki et al., 1998). In contrast, Zheng
et al. (1996) found that dietary 20:47-6 had no effect on the growth or
vitality of larval cod. However, at a fixed dietary n-3 HUFA level and fixed
ratio of 22:6n-3 to 20:5n-3, a level of 20:4n-6 of up to 1.5 and 1% of the dry
weight of the diet was found to improve growth, respectively, in larval sea
bream (Bessonart et al., 1999) and larval Japanese flounder (Estevez et al.,
1997). Therefore, there is increasing qualitative evidence pointing to the
importance and probable essentiality of dietary 20:4%-6 for optimal growth
and development of marine fish larvae (Rodriguez et al., 1994; Ishizaki et al.,
1998; Estevez et al., 1999; Bessonart et al., 1999). However, there are as yet no
hard data for the optimal quantitative requirements of 20:47-6 for marine
larval fish.

A possible alternative to enrichment of nutritionally deficient live prey
such as rotifers and Artemia nauplii is to use zooplankton species that nat-
urally have more favorable PUFA and HUFA compositions (Virtue et al.,
1995; Shansudin et al., 1997; Evjemo and Olsen, 1997). In recent years this
has become an increasingly important area of endeavor. Zooplankton can
either be harvested directly from the sea by filtration or be extensively cul-
tured in ponds or tanks, or fish larvae can be introduced into seawater
mesocosms enriched with nutrients to stimulate phytoplankton growth and
thereby contain natural zooplankton in abundance. In all cases, there are
problems associated with the use of essentially wild zooplankton in that their
naupliar and early copepodite stages (which are the size required for ma-
rine fish larvae culture) generally contain relatively low levels of total lipid
(and therefore have a low energy content) whose fatty acid composition
can vary seasonally, due largely to changes in the dominant phytoplankton
prey species present. In addition, the use of wild zooplankton can intro-
duce potentially pathological organisms. The problem of energy supply can
be overcome by cofeeding with energy-rich Artemia nauplii and by feeding
zooplankton at specific critical periods of development (Naess et al., 1995;
McEvoy et al., 1998) . Cultured marine copepods have been successfully used
to raise larval mahimahi (Kraul et al., 1993) and also in rearing turbot and
halibutlarvae, where they have been shown to improve pigmentation success
significantly (Naess et al., 1995; McEvoy et al., 1998). The increased pigmen-
tation was associated with higher levels of #n-3 HUFA in the zooplankton-fed
larvae, suggesting that pigmentation in flatfish appears to be influenced by
dietary fatty acids as well as overall nutritional status (Gara et al., 1998; Olsen
et al., 1999). Recent pilot-scale intensive culture of the harpacticoid cope-
pod, Tisbe sp., was shown to be more successful than conventional rotifer
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feeding for growth and development of larvae of the American plaice (Hippo-
glossoides platessoides) (Nanton and Castell, 1998). However, Tisbe was less
successful as a first feeding organism for larvae of haddock than rotifers
(Nanton and Castell, 1998). This may have been due to the benthic Tisbe
being unavailable to the pelagic haddock larvae.

4.5.1.3. Juveniles and Adults

Once weaned, an adequate supply of n-3 HUFA and, particularly, 22:67-3
is no longer a major problem so that determining the quantitative dietary
EFA requirements becomes easier. A summary of the data currently avail-
able for the requirements of juvenile and preadult marine fish are listed in
Table 4.2. For several species including turbot, red sea bream, sea bass, red
drum, and rockfish (Sebastes schlegeli), the EFA requirements can be met by
levels of n-3 HUFA of less than or up to 1% of the dry weight of the diet (Gate-
soupe et al., 1977; Yone, 1978; Takeuchi et al., 1990; Lochman and Gatlin,
1993; Lee et al., 1994; Coutteau et al., 1996). Other species appear to require
higher levels, such as 1.3, 1.7, and 2.5% for silver bream (Rhabdosargus sarba),
striped jack (Pseudocaranx dentex), and yellowtail flounder (Pleuronectes fer-
rugineus) , respectively (Takeuchi et al., 1992c; Leu et al., 1994; Whalen et al.,
1999). Several other marine species that are becoming important in mari-
culture including halibut, cod, and various soles have yet to have their EFA
requirements determined quantitatively.

As mentioned previously with larval fish, the quantitative EFA require-
ments of juvenile marine fish vary with dietary lipid levels (Takeuchi et al.,
1992a, b). However, various studies with gilthead sea bream have established
that the precise PUFA composition of the diet can also affect quantitative
EFA requirements. Thus, the requirements can vary with differing dietary
22:6n-3:20:5n-3 ratios (Kalogeropulos et al., 1992; Ibeas et al., 1994b, 1996).
This is perhaps obvious considering that these acids do not usually have
the same EFA value for fish, with 22:67-3 generally having a higher EFA
value (Watanabe, 1993). Therefore, at a dietary ratio of 22:6n-3 to 20:5n-3
of 0.5 (11% lipid in the diet) the requirement for total n-3 HUFA was re-
ported to be circa 1.9% of the diet (Ibeas et al., 1994b), whereas at a dietary
22:61-3:20:5n-3 ratio of 1 (12% lipid in the diet) the requirement was only
0.9% (Kalogeropoulos et al., 1992). However, the requirement may also
vary with the size of the fish, in that the fish studied by Ibeas et al. (1994)
had an initial weight of 42 g, whereas in a later study using diets with the
same lipid level and 22:67n-3:20:5n-3 ratio but with fish of only 11-g initial
weight, the requirement was reported as “at least 1%” (Ibeas et al., 1996).
Although a 22:67-3:20:57-3 ratio of 2 appears optimal for sea bream larvae
and aratio of 1 gave the lower n-3 HUFA requirement in juveniles, a ratio of
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22:6n-3:20:5n-3 of 0.5 gave best growth in sea bream juveniles fed diets
containing the same dietary levels of lipid and total n-3 HUFA (Ibeas et al.,
1997).

As with larvae, the requirement of juvenile marine fish for n-6 HUFA,
specifically 20:4n-6, has not been determined quantitatively. Early studies
suggested that 20:4n-6 was possibly required for optimal growth, develop-
ment, and health of turbotjuveniles (Bell ez al., 1985a) . Subsequently, dietary
trials with newly weaned fish produced results consistent with the hypothesis
that 20:4n-6 was essential for turbot and a value of about 0.3% of the dry
weight of the diet (between 0.25 and 0.5%) could be estimated under the
conditions of the experiment (Castell et al., 1994; Bell et al., 1995b). There
have been no more recent studies to further our knowledge of the dietary
requirements of juvenile and subadult marine fish for 20:47-6.

4.5.1.4. Broodstock

Broodstock nutrition is vital to producing high-quality eggs and larvae
with fatty acid contents optimized to give the developing embryos and lar-
vae the best chance of success (Tandler et al., 1995). The fatty acid and,
especially, the lipid class compositions of fish eggs are generally more con-
served and relatively less influenced by diet than other tissue lipid and fatty
acid compositions, reflecting the importance of specific compositions in
the gametes. However, it has become clear in recent years that, despite this
tendency toward conservation, it is possible to alter the fatty acid compo-
sition of marine fish eggs in relatively small but potentially very important
ways.

One possible way of developing ideal broodstock diets is to determine
the compositions of eggs from wild broodstock and to try to reproduce
these compositions in eggs from captive fish (Silversand et al., 1996; Pickova
et al., 1997). In this respect, lipid content, class composition, and fatty acid
composition can all be potential determinants of egg quality (Devauchelle
and Coves, 1988; Rainuzzo, 1993). An early study with Atlantic halibut had
shown no significant differences in lipid and fatty acid compositions be-
tween “viable” and “nonviable” eggs (Bruce et al., 1993). However, there
have been many studies showing that egg fatty acid compositions can be
affected by broodstock diets in various species, including sea bass (Thrush
et al., 1993; Bell et al., 1997b) sea bream (Mourente and Odriozola, 1990a;
Fernandez-Palacios et al., 1995; Almanso et al., 1999), striped jack (Vassallo-
Agius et al., 1998), cod (Silversand et al., 1995), and yellowtail (Verakunpiriya
et al., 1996). Several studies have also shown that various egg quality criteria,
including hatching and fertilization rates and early survival, were positively
correlated with increased levels of n-3 HUFA, and interestingly, levels of
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20:4n-6 in sea bream (Harel et al., 1992; Fernandez-Palacios et al., 1995;
Rodriguez et al,, 1998b), sea bass (Bruce et al., 1999), and cod (Pickova
et al., 1997). Increasingly, work has focused not simply on the overall levels
of n-3 HUFA and 20:4n-6, but also on the 22:6n-3 : 20:5n-3 ratio in eggs,
which has been shown to be positively correlated with egg quality criteria
(Pickova et al., 1997). What is required is to establish the optimum ratio of
22:6m-3 : 20:5n-3 : 20:4n-6 in eggs (J. G. Bell et al., 1997; Bruce et al., 1999).

The dynamic mechanisms underlying the ultimate effects of broodstock
diet in swim-up larvae are beginning to be investigated. Thus, the relation-
ships between broodstock diet composition and broodstock tissue compo-
sitions and subsequent egg compositions and egg quality have been stud-
ied in sea bream (Harel et al., 1992), as have the effects of diet on lipid
metabolism during embryonic (Mourente and Odriozola, 1990a) and sub-
sequent larval development (Mourente and Odriozola, 1990b). Similarly,
the relationships among diet, vitellogenin composition, and final egg com-
positions were studied in cod (Silversand et al., 1995). The timing of dietary
intervention in relation to season has also been studied in sea bass (Navas
et al., 1997; Carnevali et al., 1998).

Much less work has been done on male broodstock, despite the fact that
all animal sperm are normally rich in 22:67-3, indicating a possible role for
this fatty acid in sperm function (Tinoco, 1982). Work with females suggests
that male broodstock diet could influence the level of 22:67-3 in sperm and,
therefore, have potential effects on sperm quality possibly leading to effects
on fertilization success. In humans, 22:6n-3 levels were significantly lower
in sperm from infertile patients compared with normal individuals (Zalata
et al., 1998). In a study on fish, sperm from wild sea bass was compared with
sperm from captive sea bass fed either a commercial pellet diet or trash fish
(Bell et al., 1996b). Whereas the sperm from wild males and captive males
fed the trash fish diet were similar, the sperm from fish fed the pelleted
diet had an elevated ratio of 20:5n-3 to 20:4n-6, which was argued may have
consequences for reproductive performance (Bell et al., 1996b).

4.5.2. Freshwater Fish

Current estimates of EFA requirements for those freshwater fish species
studied so far indicate that the n-3 EFA requirements can generally be met
by 18:3n-3 (Tables 4.1 and 4.2). Since 20:57-3 and 22:6%-3 are the biologi-
cally active forms of n-3 EFA in vertebrates, we can deduce that 18:3n-3 is
converted to 20:57-3 and 22:6n-3 in most freshwater fish cited in Tables 4.1
and 4.2. However, the situation is less straightforward for freshwater than
marine fish (reviewed by Sargent et al., 1989). The differences between ma-
rine and freshwater fish in Tables 4.1 and 4.2 can generally be accounted
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for by considering the natural diets of the species and also whether the
species is herbivorous, omnivorous, or carnivorous. Freshwater microalgae
unlike marine microalgae generally have 18:3n-3 rather than 20:57-3 and
22:6m-3 as their principal PUFA (Ahlgren et al., 1992). In addition, 18:2n-6
is not prominent in marine microalgae but it can be abundant in freshwater
microalgae (Ahlgren et al., 1992). The major PUFA in the green leaves of
terrestrial and freshwater plants is 18:3n-3 and 18:27-6 is abundant in the
seed oils of plants. Freshwater insects can have substantial amounts of both
20:57-3 and 20:47-6 in their lipids, but 22:67-3 is usually very low or absent
and 18:2n-6 and 18:3n-3 are frequently the major PUFA in this invertebrate
group (Stanley-Samuelson et al., 1988; Ogg et al., 1993). Bell et al. (1994b)
showed that other freshwater invertebrates contained mainly 18:3%-3, 18:2
n-6, and 20:5n-3 as their principal PUFA and Henderson et al. (1996) showed
thatinsectlarvae (bloodworms) used commercially as fish feed have 18:27n-6
as their major PUFA, with 18:3n-3, 20:47-6, and 20:57-3 being present only
in low amounts. Therefore, although lipids in freshwater organisms are gen-
erally less well defined than their marine counterparts, it is clear that Cig
PUFA are at least as well represented as Cop PUFA at the base of the freshwa-
ter food webs and that both 18:37-3 and 18:27n-6 are present. This correlates
with the widespread ability of freshwater fish to convert Cig PUFA to the
biologically active Cgp and Cgo HUFA and with freshwater fish having sub-
stantial dietary requirements for both n-6 and n-3 PUFA. Therefore, most
freshwater fish, including many anadromous species such as salmon, possess
both the fatty acid A®- and AS-desaturases required for the production of
20:51-3 and 22:6n-3 from 18:3n-3, and, of 20:4n-6 from 18:2n-6 (Sargent
et al., 1993b, 1995a).

Within the above generalization, it should be noted thatatleast one fresh-
water species is now known to be incapable of converting 18:37-3 to 20:5%-3
and 22:6n-3. Henderson et al. (1995) have shown that mature pike, Esox
lucius, an extreme carnivore consuming largely smaller fish does not con-
verteither 18:27-6 or 18:37n-3 to their corresponding HUFA to any significant
extent. Moreover, studies with caracchoid fish have established that juvenile
stages of the herbivorous silver dollar pirhana, Mylassoma aureum, reared
on oat flakes readily convert 18:27-6 to 20:4n-6 and 18:3n-3 to 20:5%-3 and
22:6n-3 (Henderson et al., 1996). Juvenile stages of the carnivorous red
pirhana, Serassalmus natteri, reared on mosquito larvae also readily convert
18:2n-6 to 20:4n-6 and 18:3n-3 to 20:5n-3 and probably also 22:6n-3. The
mosquito larvae have 18:2n-6 as their major PUFA and are relatively deficient
in Cgp and Cgo HUFA. Therefore, a strict carnivore such as the mature pike
that consumes fish has little or no ability to convert C;g PUFA to the Cy and
Co9 HUFA, but a strict carnivore such as the juvenile pirhana that consumes
insects (as well as presumably other larval and juvenile fish) has this ability.
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The above studies and similar studies with marine species (see Section
4.5.1) emphasize the importance of considering the PUFA content of the
natural diets of different species in assessing their EFA requirements. How-
ever, the natural diet of a given species can change substantially during
development, so that the extent to which a given species can convert Cig
PUFA to HUFA may also change with development. In particular, it is pos-
sible that early developing stages that consume relatively small food items
such as insects and zooplankton may readily convert Cig PUFA to HUFA,
whereas more mature stages that become piscivorous may have lost this
ability. Little knowledge is available in this area. However, Atlantic salmon
postsmolts readily convert 18:2n-6 and 18:3n-3 to their higher homologs,
even though the fish in question have been farmed on diets rich in Cgy and
Cyo PUFA for many generations (J. G. Bell ¢t al., 1993, 1997).

4.5.2.1. Embryos and YolkSac Larvae

As with marine fish eggs, the lipid content and lipid class composition of
freshwater fish eggs varies between species, but in general freshwater fish
eggs have lipid contents in the range 2.5-10% of the wet weight (Henderson
and Tocher, 1987). Lower lipid levels (<5%) were found in eggs from roach
(Leucisus rutilis), perch (Percia fluviatilis), northern pike, and tilapia, whereas
the eggs of salmon, rainbow trout, striped bass (Morone saxatilis), and white-
fish (Coregonus albula) had lipid contents of >5% (Henderson and Tocher,
1987). As with marine fish eggs, the eggs with higher lipid contents have
higher levels of neutral lipids, stored almost invariably in the form of oil
globules or droplets, in addition to the phospholipid-rich yolk lipid
(Henderson and Tocher, 1987; Wiegand, 1996a). The phospholipids of
freshwater fish eggs are generally dominated by PtdCho (Henderson and
Tocher, 1987) as in marine fish eggs, but there are exceptions including
striped bass eggs, whose phospholipids are reported to contain predomi-
nantly PtdIns (Gallagher et al., 1998) and sturgeon (Acipenseridae sp.) eggs,
which have relatively high PtdEtn (Gershanovich, 1991). Neutral lipids are
often triacylglycerols with smaller amounts of cholesterol, asin the eggs from
trout, salmon, and ayu (Plecoglossus altivelis) (Katoh et al., 1989). However,
some lipid-rich eggs can have globules that are predominantly wax esters, as
in gourami (7Trichogaster cosby), or wax and/or steryl esters as in some fresh-
water Perciformes and striped bass (Henderson and Tocher, 1987; Anderson
et al., 1990; Wiegand, 1996a).

The total lipid of eggs from a range of freshwater fish, including trout,
perch, roach, whitefish striped bass, walleye (Stizostedion vitreum), pike,
and Australian freshwater species, contained high levels of total PUFA
(Henderson and Tocher, 1987; Anderson et al., 1990; Gunesekera et al.,
1999). Theywere generallyrich in n-3 HUFA (Henderson and Tocher, 1987),
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although not to such high levels as found in some marine fish (Wiegand,
1996a). In contrast, the eggs of most freshwater fish contained higher
levels of n-6 PUFA, particularly 20:4n-6 and 18:27n-6, than found in ma-
rine fish eggs (Anderson et al., 1990; Wiegand, 1996a). As with marine fish
eggs, the specific fatty acid compositions of freshwater fish eggs varies with
species and are affected to some extent by diet (Henderson and Tocher,
1987; Katoh et al., 1989). The eggs of wild striped bass and chinook salmon
both contained higher levels of n-3 HUFA and higher n-3:n-6, ratios than
eggs from equivalent cultured populations (Ashton et al., 1993; Harrell and
Woods, 1995). Eggs from cultured Atlantic salmon had an increased level of
20:5n-3 and a decreased level of 20:4n-6, which greatly increased the ratio of
20:5n-3:20:47-6 in the cultured eggs compared to wild eggs (Pickova et al.,
1999). Decreased 20:47-6 in eggs from cultured fish in comparison with wild
fish was also observed in striped bass (Gallagher et al., 1998). In contrast, the
above study with Atlantic salmon recorded similar levels of 22:6%-3 in the
eggs of wild and cultured fish (Pickova et al., 1999) and levels of 22:6%-3 in
walleye (Stizostedion vitrewm) eggs from different geographical populations,
including a domesticated population, were more conserved than levels of
other HUFA (Czesny and Dabrowski, 1998). There appears to be selection
pressure to maintain levels of 22:6%-3 in eggs within a species-specific range
(Wiegand, 1996a).

There is less information available on lipid and fatty acid utilization dur-
ing embryonic and early larval development in freshwater fish. However,
based on the available data it appears that the patterns of utilization are
similar to those in marine fish (see Henderson and Tocher, 1987). There-
fore, in general, lipid utilization in freshwater fish eggs can occur dur-
ing the whole developmental period including embryogenesis, as in pike
(Desvilettes et al., 1996) and striped bass (Chu and Ozkizilcik, 1995), al-
though it occurs to a greater extent after hatching in goldfish (Carassius
auratus) (Wiegand, 1996b) and sturgeon (Gershanovich, 1991). The spe-
cific classes utilized again depend largely on the type of eggs with neu-
tral lipid-rich eggs primarily utilizing neutral lipids as in striped bass (Chu
and Ozkizilcik, 1995) and triacylglycerol in sturgeon (Gershanovich, 1991),
whereas phospholipid-rich eggs such as those from African catfish (Clarias
gariepinus) utilized primarily PtdCho (Verreth et al., 1994a). Phospholipid
was also the predominant lipid catabolized in goldfish (Wiegand, 1996b)
but in pike, PtdCho, triacylglycerol, and steryl esters were all catabolized,
whereas PtdEtn appeared to be selectively retained or biosynthesised, as was
also observed in some marine fish and African catfish (Verreth et al., 1994a;
Desvilettes et al., 1997). In rainbow trout, phospholipid was slowly and con-
tinuously metabolized, but triacylglycerol was not utilized until after hatch-
ing, whereas in Atlantic salmon, triacylglycerol was catabolized throughout
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development, with PtdCho also continuously catabolized so that, by swim-up
fry stage, the PtdCho:PtdEtn ratio, initially very high, approached that of
muscle (Henderson and Tocher, 1987).

As with marine fish and irrespective of lipid class utilized, all types of
fatty acids, saturated, monounsaturated, and PUFA, can be metabolized for
provision of energy during development of freshwater fish eggs. However,
selective retention of HUFA has been quite consistently observed in the rela-
tively few studies of lipid metabolism during development of freshwater fish
eggs. In goldfish eggs catabolizing PtdCho, there was a selective incorpora-
tion and retention of the released 22:6n-3, 20:57n-3, and 20:47-6 in neutral
lipids, similar to that previously observed with herring (Wiegand, 1996b).
During yolk sac absorption in pike, PUFA released by the hydrolysis of
PtdCho were incorporated into the larval body (Desvilettes et al., 1997).
In the neutral lipid-rich eggs from both trout cod, Maccullochella macquar-
tensis, and Murray cod, Maccullochella peelii peelii, n-3 HUFA and, especially,
20:4n-6 tended to be conserved during development (Gunasekera et al.,
1999), whereas saturated and monounsaturated fatty acids were utilized
primarily during catabolism of triacylglycerols in sturgeon (Gershanovich,
1991). Therefore, although data are few, utilization of HUFA for energy
provision during embryonic and early larval development may not be as
important in freshwater fish eggs as it appears to be in marine fish eggs.

4.5.2.2. Larvae and Fry

In many cultured freshwater species, including trout and salmon, the
newly hatched larvae or fry are large enough to accept finely ground fabri-
cated pelleted diets whose composition can be strictly defined and con-
trolled to ensure maximal growth and survival of the developing larvae.
Therefore, the problem of defining precise EFA requirements for freshwa-
ter larvae and fry would appear not to be as great a problem as it is with
marine fish. However, because practical aspects of feeding newly hatched
freshwater fish are not major problems and, consequently, the salmon, trout,
carp, and catfish aquaculture industries have been very successful in rearing
high-quality fry, relatively few detailed studies have been conducted. So, as
with marine fish larvae, there are few data on the precise EFA requirements
of firstfeeding freshwater fish larvae and fry (see Table 4.1). Larvae of the
anadromous striped bass display significantly higher growth when raised on
20:5n-3-rich Artemiastrains, in comparison with 18:3%-3-rich strains (Webster
and Lovell, 1990). Salmonids including trout and anadromous salmon also
show a higher growth performance when fed the end product HUFA directly
than when fed 18:3n-3 (Sargent et al., 1989). Indeed, rainbow trout larvae
fed Artemia nauplii enriched with 18:3n-3 and 18:4n-3 had poorer growth
compared to larvae fed a commercial feed containing 7-3 HUFA and showed
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no sign of conversion of 18:3n-3 or 18:4n-3 to 22:6n-3, suggesting that
22:61-3 may be essential for larval rainbow trout (Wirth et al., 1997). These
data suggest that in striped bass and salmonids, the activity of the fatty acid
desaturation/elongation pathway in some freshwater fish can be limiting
to growth. In contrast, there was no difference in growth of African catfish
larvae fed Artemia with low or high n-3 HUFA levels (Verreth et al., 1994b).
Similarly, tilapia (7. zilli) larvae fed the freshwater rotifer, B. calyciflorus, in
conjunction with different microalgae that contained 18:2n-6 and 18:3n-3
as their only PUFA, displayed only low levels of the Ci3 PUFA but relatively
high levels of 22:6n-3, indicating that these tilapia larvae readily converted
Cig PUFA to HUFA (Isik ef al., 1999).

4.5.2.3. Juveniles and Adults

A summary of the data currently available for the requirements of juvenile
and preadult freshwater fish is given in Table 4.2. As alluded to earlier, fresh-
water species can be one of three main types, those that require mainly n-3
PUFA such as salmonids and whitefish, species that require mainly n-6 PUFA
such as tilapia, and species that require significant amounts of both such as
channel catfish (Ictalurus punctatus) and carps (common and grass). Silver
perch (Leiopotherapon bidyanus) also require both n-6 and n-3 PUFA, but
their quantitative requirements are not known and so are not included in
Table 4.2 (Anderson and Arthington, 1989). Again, as described earlier, the
Cig PUFA, 18:3n-3 and 18:2n-6, are usually effective in satisfying the EFA
requirements of freshwater fish based on various criteria, but with some
species, including salmonids and whitefish, n-3 HUFA can satisfy the EFA
requirements at lower levels than 18:37-3 and can increase growth over
that obtained on 18:37-3 alone (Sargent et al., 1989; Thongrod et al., 1989;
Watanabe et al., 1989). Similarly, growth in channel catfish is significantly
improved by the inclusion of dietary n-3 HUFA (Satoh et al., 1989b; Santha
and Gatlin, 1991). Requirements of freshwater fish for n-6 HUFA, specifi-
cally 20:47-6, are unknown, as there are no studies directed at 20:47-6 in
comparison with 18:27n-6.

It is surprising that the absolute requirement for EFA of Atlantic salmon
has not been precisely defined, although comparison with other salmon
and salmonid data would suggest a requirement of about 1.0% of 18:3
n-3 or perhaps 0-5-1.0% of n-3 HUFA (Table 4.2). The requirements of
salmon parr may be different because, at the parr stage, Atlantic salmon
naturally consume a diet consisting largely of freshwater invertebrates rich
in Cig PUFA, both 18:37-3 and 18:2n-6, and containing some 20:5%-3 but
little 22:6n-3 (Bell et al., 1994b). Atlantic salmon parr fed a diet containing a
blend of vegetable oils to provide a fatty acid composition resembling their
natural diet showed improved smolting performance in terms of increased
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osmoregulatory ability, in comparison with fish fed the fish oil-containing
diets normally fed to parr (J. G. Bell et al., 1997). In addition, the hepatic
fatty acid desaturation and elongation activities increased during parr—smolt
transformation and this increase was significantly reduced by feeding fish
oils rich in n-3 HUFA (J. G. Bell ¢t al., 1997). Therefore, Atlantic salmon
parr may perform better on diets containing both 18:37-3 and 18:27-6 than
on diets with high levels of n-3 HUFA. Other work with chinook salmon
showed that a balance of n-6 and n-3 PUFA was required for optimal smolt
survival (Higgs et al,, 1992). Another salmonid studied recently is Arctic
charr (Salvelinus alpinus), where n-3 PUFA are reported as the primary EFA
(Olsen et al., 1991), with a requirement of about 1-2% of 18:37-3, but this
species also appears to require n-6 PUFA, although the requirement is not
strictly defined but estimated at about 0.7% of 18:2n-6 (Yang and Dick 1993;
Yang et al., 1994; Ringoe and Olsen, 1994).

A potentially interesting area in freshwater fish lipid nutrition is the pro-
duction of hybrids. Tilapia species are one of the few fish reported as hav-
ing a strict requirement for only 18:2n-6 (Kanazawa et al., 1980; Takeuchi
et al., 1983). Indeed, it has been shown that dietary 18:37r-3 can actually in-
hibit growth in blue tilapia (Stickney and Wurts, 1986). In contrast, hybrid
tilapia, female Nile (O. niloticus) crossed with male blue (O. aureus), required
both 18:2n-6 and some n-3 HUFA for maximal growth (Chou and Shiau,
1999). Hybrid sea bass, female striped (M. saxatilis) crossed with male white
(M. chrysops), or vice versa, commonly known as “sunshine bass,” are also
interesting as they apparently reflect a mix of a freshwater and a marine
species (Greenberg and Harrell, 1992). An earlier study investigating diets
with varying ratios of 22:67-3 to 20:57-3, in comparison to an n-6 PUFA diet,
had suggested than juvenile sunshine bass did not require n-3 HUFA for op-
timal growth since the fish consuming the HUFA-containing diets grew no
better than control fish (Greenberg and Harrell, 1992). However, more re-
cent studies have suggested that n-3 HUFA are essential for maximal growth,
feed efficiency, and survival of sunshine bass and that elongation and desat-
uration of dietary 18:2n-6 and 18:37-3 were not observed (Nematipour and
Gatlin, 1993). The precise EFA requirements for striped bass, white bass, and
sunshine bass, are not known, but various studies suggest that n-3 HUFA at
about 1% of the dry weight of the diet improves growth performance in
hybrids (Randall Robinette et al., 1997; Gatlin et al., 1994). Together, the
above data suggest that hybrid striped bass may have a requirement pattern
more like a marine fish.

4.5.2.4. Broodstock

Considering the importance of broodstock nutrition for reproductive
performance and egg and larval quality, it is perhaps surprising that there
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are relatively few studies in this area on freshwater fish. This is perhaps a
reflection of the relative success of the major freshwater fin fish aquaculture
industries, including salmon, trout, carp, and catfish, where production of
large numbers of high quality eggs has not been a major problem, in con-
trast to the situation with marine fish. The little research that has been done
has tended to indicate a similar scenario to that observed with marine fish,
except that the relative importance of different fatty acids may be different.
Thus, the fatty acid composition of diets for freshwater fish broodstock can
affect the reproductive performance of the females (Santiago and Reyes,
1993; Corraze et al., 1993b) and alter the fatty acid composition of the re-
sultant eggs (Hardy et al., 1990; Yuneva et al., 1990), with consequences for
egg quality (Pickova et al., 1999; Czesny and Dabrowski, 1998). The findings
are as follows.

Eggs from rainbow trout broodstock fed a corn oil diet contained in-
creased 18:2n-6 and lower n-3 HUFA than eggs from fish fed a cod liver oil
diet, but there was no difference in fecundity or egg viability (Corraze et al.,
1993b). In contrast, in Nile tilapia broodstock fed various oils the best re-
productive performance was obtained with fish fed a soybean oil diet giving
eggs with a high n-6:n-3 PUFA ratio, whereas fish fed cod liver oil had the
best weight gain but the poorest reproductive performance and the low-
est n-6:n-3 PUFA ratio in the eggs (Santiago and Reyes, 1993). Eggs from
wild Atlantic salmon had an increased level of 20:47-6, a decreased level
of 20:5n-3 and a low 20:5n-3:20:4n-6 ratio compared to eggs from cultured
fish, this being associated with increased hatching rate (Pickova et al., 1999).
Wild walleye eggs also contained higher levels of 20:47-6 than eggs from a
domesticated population and the wild eggs also had increased survival rates
(Czesny and Dabrowski, 1998). These data suggest an important role for
egg n-6 PUFA and, in particular, 20:4n-6 in relation to egg quality in at
least some freshwater fish. However, there are also data to indicate that n-3
HUFA are important in broodstock diets of freshwater fish, as in another
study with perch (Perca fluviatilis) broodstock fed diets with different levels
of n-3 HUFA (Abi-ayad et al., 1997). The eggs with the highest level of n-3
HUFA showed significantly higher fertilization rates, larval weights at hatch,
and larval resistance to osmotic shock stress, in comparison with eggs from
fish fed the lowest level of n-3 HUFA.

4.6
Dietary Phosphoglycerides: Inositol
and Choline
The previous section considered the EFA requirements of fish largely

independently of the chemical form in which they are presented to the
fish, i.e., the lipid classes into which the fatty acids are esterified. However,
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it is now clear that not all lipid classes are equally effective in delivering
EFA to fish, especially to fish larvae. This is linked to issues of whether or
not fish have a specific requirement for particular lipid classes, especially
phosphoglycerides, and this is linked in turn to the fishes’ requirements for
phosphoglyceride bases such as inositol, choline, and sphingosine. We have
recently reviewed these issues (Sargent et al., 1999b) and base the following
mainly on that account.

As described in Section 4.5, brine shrimp nauplii are enriched with 7-3
HUFA by exposing the animals in seawater to micelles of triacylglycerols
stabilized with emulsifiers such as lecithin (phosphatidylcholine), these mi-
celles being filtered by the nauplii from the seawater and retained largely
as triacylglycerols. The ingested micelles are metabolized by the nauplii as
evidenced by the marked retroconversion of 22:6n-3 to 20:5n-3, which takes
place immediately after supplementation (Navarro et al., 1999). Moreover,
when methyl and ethyl esters of n-3 HUFA (22:6n-3 concentrates) are used
to supplement the nauplii, these are rapidly converted to triacylglycerols
(Takeuchi et al., 1992d; McEvoy et al., 1996). Thus, supplementing oils in-
gested by the nauplii are at least partially assimilated by their intestinal mu-
cosal cells and metabolized, rather than remaining entirely unassimilated
and unchanged in their gut cavities. To our knowledge there has been no
formal study of the rates or extents of these processes or how they are de-
termined. Rather, it is normal practice to expose the nauplii to emulsions
for fixed periods of between 1 and 24 hr so as to maximize the levels of
oil ingested by the nauplii. In our experience (McEvoy et al., 1996) non-
supplemented, enrichment-grade brine shrimp nauplii contain circa 12%
of their dry weight as total lipid, which is 23% phospholipid and 58% triacyl-
glycerols. Enriching these nauplii for 24 hr with micelles composed of 90%
triacylglycerols emulsified with 10% lecithin increases naupliar total lipid
to 23% of the dry weight, with 16.5% of the total lipid now being present
as phospholipids and 63.6% as triacylglycerols. Such findings are similar to
those reported originally by Takeuchi et al. (1992d). Thus, supplementation
simultaneously alters not only the fatty acid composition of the nauplii, de-
pending on which triacylglycerol oil is used, but also their total lipid contents
and composition.

Is there an optimal total lipid content in live larval feeds? and What are
its optimal levels of phospholipids and triacylglycerols? The growth of fish
larvae and post larvae, including ayu, striped jack, red drum, sea bass, and
turbot, is known to be stimulated by including intact phospholipids in the
diet (Kanazawa et al., 1981; Kanazawa, 1993; Takeuchi et al., 1992c; Geurden
et al., 1997a; Craig and Gatlin, 1997). Such growth stimulating effects are not
due to the phospholipids providing EFA since soya lecithin, which lacks n-3
HUFA but is rich in 18:2n-6, is as effective as lecithin from fish eggs, which
is rich in both 22:6%-3 and 20:57-3. Moreover, Geurden et al. (1995, 1998)
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established that the growth stimulating effects of phospholipids on carp lar-
vae could not be mimicked by adding emulsifiers to the diet, or choline
or inositol. Carp larvae fed diets deficient in phospholipids accumulate oil
droplets, presumably triacylglycerols, in their intestinal mucosae (Fontagne
et al., 1998). Based on these studies it was proposed (Geurden et al., 1995,
1997b; Fontagne et al., 1998; Coutteau et al., 1997) that the stimulating ef-
fects of phospholipids in larval fish growth were due not to the provision of
EFA, choline, or inositol, or to emulsifying effects of phospholipids in the
intestine, but to the fish larvae having a limited ability to biosynthesise phos-
pholipids de novo. Therefore, the larvae have a partial dietary requirement
for intact phospholipids, not least for transporting triacylglycerols from the
intestinal mucosal cells into the lymph and thence into the serum as chy-
lomicra and very low-density lipoproteins.

It can be deduced from the foregoing that fish larvae readily reacylate di-
etary glycerides. This is because the phosphoglycerides of nonsupplemented
brine shrimp nauplii are deficient in 22:6n-3, whereas the phosphoglyc-
erides of fish larvae fed nauplii supplemented with triacylglycerols rich in
22:6n-3 are enriched in 22:6n-3, i.e., the n-3 HUFA composition of larval
body phospholipids reflects its dietary triacylglycerols. Thus, the limitation
in phospholipid biosynthesis in the larvae is in forming the glycerophos-
pho-base backbone (i.e., glycerophosphocholine, -ethanolamine, -serine, or
-inositol) of the phosphoglyceride molecule (Figs. 4.3 and 4.4). Although
not studied so far, the same may well apply to the sphingolipids in terms of
linking sphingosine with phosphocholine or sugars (Figs. 4.5 and 4.6). Such
apparent limitations in the ability of marine fish larvae to synthesize phos-
pholipids de novo may not be surprising since, in their natural environment,
larvae ingest live feed whose lipid is predominantly phospholipid. Thus, the
larvae will seldom, if ever, be required to biosynthesise phospholipids ex-
tensively de novo. The same argument, of course, applies to cholesterol and,
indeed, to fatty acids in general, including, especially, 20:5n-3 and 22:6n-3
and, perhaps also, special long-chain moieties such as nervonic acid, 24:1n-9.
Itis possible that early developing fish larvae have limited lipid biosynthetic
capabilities in general, whether for fatty acids or lipid classes, but are instead
specialized toward modifying the fatty acid composition of dietary lipids by
fatty acyl exchange reactions and by fatty acyl chain shortening reactions
inherent in the B-oxidation of fatty acids, which is a major source of en-
ergy in larvae. This is an important area for future research in fish lipid
nutrition.

We have noted in the past (e.g., Sargent et al., 1989, 1993b) and recently
emphasized (Sargent e al., 1999b) that the ideal diet for fish larvae is, of
course, the yolk of eggs or yolk sac larvae. This is because the lipid content
and composition of marine fish eggs are essentially the same as those of the
resulting larvae and also of the larvae’s natural copepod diet (Table 4.3).
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Table 4.3

Fatty acid compositions of Total Lipid from Fish Eggs, Larvae, and Live Larval Feeds®

Fatty acid composition (wt%)

Source 22:6n-3 20:5n-3 20:4n-6 18:3n-3 18:2n-6 18:1n-9 16:0 Ref.’
Cod eggs 29.3 14.8 1.7 0.3 1.1 115 185 1
Cod larvae 30.2 15.0 1.8 0.6 1.7 76 174 2
Calanoid copepods 32.2 12.1 1.0 1.7 2.0 70 181 3
Artemia nauplii 0.0 3.9 1.1 22.1 5.9 174 116 4
Artemia nauplii + TOO®  19.4 10.8 3.0 14.2 5.7 244 167 4

“ From Sargent et al. (199b).

b Data from (1) Tocher and Sargent (1984); (2) Klungsoyr et al. (1989); (3) McEvoy et al.
(1998) for mixed zooplankton, predominantly Eurytemora affinis, Acartia teclae and Centropages
hamatus; (4) McEvoy et al. (1996).

¢ Eighty-eight percent tuna orbital oil + 12% herring roe phospholipid.

Moreover, when a diet containing 10% marine egg phospholipid, which is
essentially the phospholipid content of many marine fish eggs, is analyzed
in terms of the published lipid nutrient requirements for fish, all require-
ments are comfortably fulfilled (Table 4.4). This is despite the published
requirements being derived from various species and at various stages of

Table 4.4

Amounts of Essential Fatty Acids, Inositol, and Choline in a Diet Containing 10% Dry Weight
as Marine Fish Phospholipid®

100 g dry wt of diet contains 10.0 g total phospholipid

10.0 g total phospholipid contains 0.42 g phosphatidylinositol

0.42 ¢ phosphatidylinositol contains 72 mg (0.40 mmol) inositol®

10.0 g total phospholipid contains 6.34 g phosphatidylcholine

6.34 g phosphatidylcholine contains 624 mg choline®

10.0 g total phospholipid contains 1740 mg 22:67-3 and 949 mg 20:51-3, i.e., 2699 mg n-3 HUFA?
and 118 mg (0.39 mmol) 20:47n-6

Ratio of 22:6n-3 to 20:57-3 to 20:4n-6 in diet is 183:100:12°

Ratio of n-3 HUFA to n-6 HUFA is 24:1

“ From Sargent et al. (1999b). The marine phospholipid is total phospholipid from cod roe
(Tocher and Sargent, 1984).

® The published requirement for inositol for salmon is 3040 mg per 100 g diet (Halver, 1989).

¢ The published requirement for choline for salmon is 60-80 mg per 100 g diet (Halver, 1989).

4 The published requirement for n-3 HUFA for turbot is 800-1300 mg per 100 g diet (Gatesoupe
et al., 1977; Le Milnaire ef al., 1983).

¢ 20:4n-6 can be increased twofold in turbot larvae, without deleterious effects (Estevez et al.,
1999).
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development. Particularly notable in Table 4.4 is the equivalence of the
molar dietary requirements for inositol and 20:47-6, which is precisely pre-
dicted by the marked concentration of 20:4%-6 in fish phosphatidylinositol
and by 18:0/20:4n-6 being the dominant molecular species of fish phos-
phatidylinositol (see Section 4.3.2). Clearly, phosphatidylinositol can be as-
similated from yolk sac lipids, whether in the developing egg or in yolk sac
larvae, directly into embryonic or larval tissue lipids without modification,
i.e., without a requirement for de novo biosynthesis. Equally, however, devel-
oping fish eggs and larvae have a propensity for fatty acyl exchange reactions
because the di-22:67-3 molecular species of phosphatidylethanolamine and
phosphatidylserine that are abundant in larval eyes are absent from the
nonfertilized eggs (Bell, 1989; J. G. Bell et al., 1995), i.e., they must be
elaborated by acyl exchange reactions of phosphatidylethanolamine and
-serine during embryogenesis and early larval development. Also notable
in Table 4.4 is that the levels of 22:6n-3 and 20:57-3 provided in the 10%
phospholipid diet by phosphatidylcholine, phosphatidylethanolamine, and
phosphatidylserine amply meet the published n-3 HUFA requirements for
marine fish larvae and also generate the required ratio (Reitan et al., 1994)
of 22:6 n-3 to 20:5n-3 of 2:1. As important, the ratio of 20:5n-3 to 20:4n-6,
albeit apparently high in Table 4.4, has been shown by Estevez et al. (1999) to
be entirely satisfactory for turbot larvae culture. These authors also showed
that the levels of 20:47-6 in the diet could be doubled without deleterious
effects on the fish.

The foregoing strongly suggests that the EFA requirements of early deve-
loping larvae in nature are very largely met by the phospholipid content
of their natural diets. This, of course, immediately offers at least a partial
explanation of the superiority of live diets, especially copepods, to most fab-
ricated diets so far studied in larval culture, since the former have the bulk
of their EFA in phospholipids, in contrast to triacylglycerols in fabricated di-
ets. It also sets a premium on developing fabricated diets with phospholipids
as the major dietary lipid supplying EFA, together with triacylglycerols, as
the major dietary lipid generating energy (see Section 4.8). One limitation
in achieving this objective is the very limited knowledge of lipid digestion
and absorption in fish larvae. In general, lipid digestion, absorption, and
transport in fish are broadly very similar to those in mammals (see Sargent
et al., 1989) and are an area that has received only limited attention in recent
years (Sheridan, 1988; Iijima et al., 1990; Koven et al., 1994, 1997; Olsen and
Ringoe, 1998; Olsen et al., 1998, 1999a, b). However, the very small size of
early fish larvae, in which the digestive system is often incomplete, presents
formidable practical difficulties for experimental study. Precisely how the
optimal levels of phospholipids and triacylglycerols in larval diets vary with
development stage and with species is 2 major and challenging area for
future research in fish nutrition.
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4.7
Fatty Acid Peroxidation

Although the absolute levels of PUFA may vary widely between species,
fish are generally regarded as PUFA-rich organisms providing a virtually
unique source of the n-3 HUFA, 22:67-3 and 20:5n-3 (Henderson and
Tocher, 1987; Sargent and Tacon, 1999). These HUFA, which are vital con-
stituents for cell membrane structure and function, are very susceptible to
attack by oxygen and other organic radicals. Resultant damage to PUFA in
membrane phospholipids can have damaging consequences for cell mem-
brane structure and fluidity, with potential pathological effects on cells and
tissues (Sies, 1991).

4.7.1. Mechanisms of Peroxidation

The mechanisms by which PUFA in fish tissues undergo oxidative deteri-
oration have been described in detail by Hsieh and Kinsella (1989). Before
oxygen can damage the structural integrity of a PUFA, it has to be activated
to a high-energy state. Molecular oxygen can be activated to a number of
high-energy states including singlet oxygen (' Oy), superoxide radical (O ),
hydroxyl radical ("OH), and hydrogen peroxide (HoO9). The last three “ac-
tive oxygen species” can be generated by normal cellular metabolic processes
such as the mitochondrial electron transport chain, and all four can be gen-
erated in biological systems by a variety of nonenzymatic and enzymatic
mechanisms (Fridovich, 1976; Buettner, 1993). Singlet oxygen can be gen-
erated nonenzymatically following photosensitization in the presence of O9
and visible light or by enzymes such as microsomal oxidases, lipoxygenase,
and prostaglandin synthetase (Korycka-Dhal and Richardson, 1978). The
hydroxyl radical is a particularly powerful species formed by the addition of
a third electron to HyOy. This occurs in biological systems following reduc-
tive cleavage of HoO» by a metal ion in the reduced state, such as Fe(II) or
Cu(I), by the Fenton—Haber—Weiss reaction (Buettner, 1993):

Fe®* + 0, —> Fe?™ 4 Oy
Fe’™ + HoOs —> Fe** + "'OH + OH™

Hydroxyl radical may also be generated by microsomal electron transfer
processes, activated polymorphonuclear leukocytes, and lipoxygenase and
cyclooxygenase enzymes. The superoxide radical is produced by all aero-
bic cells and is abundant in neutrophils, monocytes, macrophages, and
eosinophils, as well as being produced by many enzymatic oxidations in-
cluding xanthine oxidase, cytochrome P450 oxidases, and aldehyde oxidase
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(Hseih and Kinsella, 1989). Although not active enough to initiate autoxi-
dation itself, superoxide radical can be converted to the hydroxyl radical as
described above.

The oxidation of unsaturated fatty acids begins when a powerful species,
such as the hydroxyl radical, abstracts a hydrogen atom from a methylene
group of a PUFA to leave a carbon radical (R"). The carbon radical rear-
ranges to form a conjugated diene, which easily reacts with oxygen to form
aperoxyradical (ROO"), which in turn can abstracta further hydrogen from
another PUFA to produce a hydroperoxide (ROOH) and another lipid radi-
cal. Hence, a propagation reaction occurs. Such reactions will then proceed
rapidly unless termination occurs by reaction of two radicals to form a non-
radical product or by intervention of antioxidant species which “trap” the
damaging radicals in an unreactive form after donating a hydrogen atom to
the peroxy radical (see Section 4.7.3). Lipid hydroperoxides can decompose
to alkoxy and hydroxyl radicals, and the alkoxy radical can be converted to
secondary products including aldehydes, ketones and alcohols which may
themselves be cytotoxic. The mechanisms of cellular autoxidative processes
are shown in Fig. 4.10.

The rate-limiting step in the autoxidation process is the propagation step
whereby a peroxy radical abstracts a hydrogen atom from an unsaturated
fatty acid. Thus, the ease of peroxidation is proportional to the number of
double bonds present. The rates of autoxidation of 18:1n-9, 18:2n-6, and
18:37n-3, based on their rate of oxygen uptake, were found to be in the order
1:50:100, respectively (Gunstone and Hilditch, 1945). More recently, the
rate of oxygen uptake for 20:47-6 was found to be 2.9 times faster than that
for 18:2n-6 (Porter et al., 1981), whereas oxygen uptake by esters of 20:5n-3
and 22:6n-3 was about 7 and 10 times faster, respectively, than that for
18:3n-3 (Cho et al., 1987). A diagram of the oxidation of PUFA is shown in
Fig. 4.11.

4.7.2. Consequences of Peroxidation

Oxidation of PUFA in biomembranes can resultin functional aberrations
and pathological changes which have been reviewed extensively (Freeman
and Crapo, 1982; Cross, 1987; Halliwell and Gutteridge, 1989). Animal cells
have evolved a highly efficient, multilevel, antioxidant protection mecha-
nism that is a safeguard against the adverse effects of life in an oxygen-rich
environment (Fig. 4.10). In fish, which contain particularly high levels of
n-3 HUFA that are highly susceptible to oxidative damage (Fig. 4.11), a
highly efficient antioxidant protection system is essential for the physiologi-
cal well-being of the animals. However, when parts of the antioxidant protec-
tive mechanism are placed under stress, perhaps due to dietary deficiencies
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Dietary PUFA Oxygen
i Mitochondrial/microsomal electron transport
Membrane PUFA Cellular oxidases
l Superoxide dismutase
Free radical 0, » H,0,
chain reaction * OH, HOZ" catalase
X «—— Chain breaking antioxidants H,O0 + O,

'

Fatty acid hydroperoxides (e.g. tocopherols, ascorbate, carotenoids etc)

(ROOH)

2GSH Glutathione peroxidase ~ GSSG

Generation of secondary
products, including aldehydes,
ketones and alcohols (possible ROH
cytotoxic agents).

FiG. 4.10

Schematic representation of generation of reactive oxygen species, interaction with
cellular PUFA, and antioxidant protective mechanisms.

of essential antioxidant nutrients or intake of oxidized (rancid) foodstuffs,
then pathological consequences can result.

Reduced growth, loss of appetite, decreased feed efficiency, and increased
mortality have all been reported in many species of fish fed oxidized lipid, in-
cluding carp (Hata and Kaneda, 1980), channel catfish) (Murai and
Andrews, 1974), yellowtail (Park, 1978), rainbow trout (Cowey ¢t al., 1984),
Atlantic salmon (Ketola et al., 1989), coho salmon (Oncoryhchus kisutch)
(Ketola et al., 1989), and African catfish (Baker and Davies, 1997). Addi-
tional gross pathologies include exudative diathesis (increased permeability
of capillaries) in channel catfish (Murai and Andrews, 1974) and reduced
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Polyunsaturated fatty acid
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Peroxyl radical Aldehydes
Termination Ketones
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Fatty acid hydroperoxides
Hydrocarbons Aldehydes Fatty acid hydroxides

Isoprostanes

Fic. 4.11

Oxidation reactions affecting polyunsaturated fatty acids.

hematocrit, increased erythrocyte fragility, and reduced hemoglobin con-
tent in European sea bass (Messager et al.,, 1992), rainbow trout (Moccia
et al., 1984), and striped jack (Longgirostris delicatissimus) (Wada et al., 1991).
A number of histological lesions due to lipid peroxidation have been iden-
tified, including myopathy of skeletal muscle in channel catfish (Murai
and Andrews, 1974), European sea bass (Messager et al., 1992), yellowtail
(Sakaguchi and Hamaguchi, 1969), rainbow trout (Cowey et al., 1984), and
striped jack (Wada et al., 1991) and, also, lipoid liver degeneration and ac-
cumulation of ceroid pigments (lipofuschin).
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Clearly, the presence of oxidized lipid can have toxic consequences for
fish, whether they arise from direct dietary input or via deficiencies in es-
sential antioxidant nutrients. However, evidence suggests that pathological
symptoms can be eliminated, or at least controlled, by supplying sufficient
dietary antioxidants, particularly vitamin E, to prevent the production of
excessive levels of free radical-generated toxic compounds (Cowey et al.,
1984; Baudin-Laurencin et al., 1989; Baker and Davies, 1997).

4.7.3. Protection against Peroxidation
4.7.3.1. Tocopherols

The tocopherols and tocotrienols, the vitamin E-type compounds, are not
synthesized by animals and must be obtained in the diet, ultimately from
higher plant and algal sources (Hess, 1993). Vitamin E is widely regarded
as the primary lipid-soluble antioxidant (Buettner, 1993; Kamal-Eldin and
Appelqvist, 1996) and the relative antioxidant efficacies of the tocopherols
in vivo have been established as ¢ > 8 > y > § (Burton and Traber, 1990).
The antioxidant activities of tocopherols are imparted by their ability to do-
nate their phenolic hydrogen atoms to lipid free radicals, resulting in the
stabilization of the latter and the termination of the lipid peroxidation chain
reaction (Burton and Ingold, 1989). However, tocopherols can also prevent
lipid peroxidation by acting as quenchers of singlet oxygen (Gorman et al.,
1984). While a-tocopherol has been identified as the major naturally occur-
ring tocopherol in the lipids of marine fish (Ackman and Cormier, 1978),
B- and y-tocopherols are absorbed and deposited in fish tissues (Hamre
and Lie, 1997). However, recent studies in Atlantic salmon suggest that the
uptake and deposition of y-tocopherol may be less efficient than those of
a-tocopherol, and given that the former is deposited primarily in the adipose
tissue, it is likely that the latter is more important in preventing oxidative
damage to PUFA components of membrane phospholipids (Parazo et al.,
1998).

The vitamin E requirements of many fish species of importance in aqua-
culture have been established over the last 20 years and generally fall in
the range of 20-50 mg/kg dry feed (NRC, 1993). The deficiency symptoms
are similar to those described in Section 4.7.2, above, and include muscular
dystrophy, exudative diathesis, anemia, impaired erythropoiesis, erythrocyte
fragility, skin discoloration, and ceroid pigment deposition (NRC, 1993).
These issues are dealt with more fully in Chapter 2, “The Vitamins.” More
recent research has focused on the relationship of vitamin E with increased
dietary PUFA, temperature, and interaction with other antioxidants.

Several nutritional studies in mammals have shown a close correlation
between an increased PUFA intake, resulting in increased incorporation of
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PUFA into biomembranes, and, an increased incidence of lipid peroxidation
(Cho and Choi, 1994; Sugihara et al., 1994). Similarly, in fish increased levels
of dietary and tissue PUFA require increased dietary supplementation with
vitamin E to prevent the occurrence of oxidative damage. A correlation
between increased dietary PUFA and vitamin E requirement has been found
in blue tilapia (Roem et al., 1990), turbot (Stephan et al., 1995), carp (Runge
etal., 1992) and Atlantic salmon (Waagboe et al., 1991). When fish are subject
to a state of vitamin E deficiency, there is a rapid loss of vitamin E from liver
and muscle but a selective retention in the neural tissues of the brain and
eye. In a study with Atlantic salmon, feeding a vitamin E-deficient diet for
a period of 22 weeks resulted in liver vitamin E levels falling to 3% of their
original value, whereas levels in brain and eye were reduced only to 35
and 40% of their original values (Bell et al., 2000). These results suggest a
selective conservation of vitamin E in tissues with a high n-3 HUFA content
and probably reflect the functionality of n-3 HUFA-rich biomembranes in
neural tissues. In general, levels of vitamin E are higher in fish tissues than
in mammals, and this probably reflects the higher degree of antioxidant
protection required in #-3 PUFA-rich organisms (Hamre and Lie, 1995).

In rats deficient in both vitamin E and selenium, Buttriss and Diplock
(1988) observed an increase in the long-chain PUFA, 22:67n-3 and 20:4 n-6,
in mitochondrial and microsomal membranes. They theorized that this in-
crease was due to an overproduction of these PUFA arising from increased
activity of the desaturation and elongation mechanisms responsible for the
synthesis of PUFA. A similar effect has also been found in African catfish fed
oxidized oil (Baker and Davies, 1996). In a very recent study, the ability of
isolated salmon hepatocytes to desaturate and elongate 18:3n-3 further was
increased in fish fed diets deficient in vitamin E, although no increase in
membrane n-3 PUFA was seen (Bell et al., 2000). While the mechanism of
the above effects remains unclear, it appears that an elevation in oxidation
potential or “peroxide tone” may increase cellular synthesis of long-chain
n-3 PUFA. An increase in peroxide tone, whether achieved by restricted
dietary intake of one or more antioxidants and/or by inclusion of dietary
prooxidants in the form of oxidized triacylglycerol oils or other lipid classes,
appears to result in activation of fatty acyl desaturation and elongation.

In addition to being a potent antioxidant in vivo, there is increasing
evidence that vitamin E is an important factor in preventing oxidative de-
terioration of fish products in vitro (Hseih and Kinsella, 1989). A study with
rainbow trout established that there was a dose related inhibition of the ap-
pearance of the lipid peroxidation product malondialdehyde following cold
storage of the fish at —18°C for up to 8 months (Gessl et al., 1995). A similar
effect was observed in turbot following cold storage at 20°C for 6 months
(Stephan et al., 1995), while fillets of cultured Atlantic mackerel showed
losses of vitamin E proportional to time of storage at —30°C, indicating
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the effective antioxidant activity of vitamin E in preventing deterioration
of flesh quality (Hemre et al., 1997). Such evidence suggests that fish feeds
should contain a level of vitamin E supplementation about four to five times
the requirement for normal growth and development to protect against
degradation during storage (Tacon, 1996).

4.7.3.2. Carotenoids

Several recent studies have suggested that carotenoids, including g-
carotene, astaxanthin, and canthaxanthin, are potent antioxidants in ¢n vitro
membrane models and that they operate synergistically with vitamin E
(Krinsky, 1993; Nishigaki et al., 1994). Carotenoid pigments are deposited
in the eggs of numerous fish species, with pigment being mobilized from
the flesh of salmonids and deposited in the ovarian tissues during sexual
maturation (Torrisen et al., 1989; Watanabe and Miki, 1993; Hatlen, 1997).
The presence of carotenoids seems to enhance egg quality, perhaps by pro-
tecting against the damaging effects of UV radiation or other environmen-
tal prooxidants (Krinsky, 1993; Chew, 1995, 1996). It seems likely that the
beneficial effects of carotenoid deposition on egg quality are related to
their function as antioxidants, in terms of their ability either to sequester
oxidative initiators, like singlet oxygen, or to act as chain terminators by
trapping hydroperoxide radicals. Studies on the etiology of the so-called
M74 syndrome, affecting yolk sac larvae of Baltic stocks of Atlantic salmon,
have identified a correlation between low astaxanthin levels in eggs and
development of the syndrome (Pickova et al., 1998). Previous studies have
identified a strong correlation between high incidences of M74 and a low
astaxanthin content in broodstock muscle, with significant reductions in
vitamin E and ubiquinone in affected swim-up fry compared to unaffected
fry (Lignell, 1993; Pettersson and Lignell, 1995). In a recent study with
Atlantic salmon fed diets unsupplemented or supplemented with astaxan-
thin, in vitro stimulation of autoxidation was suppressed in muscle micro-
somal membranes from fish fed astaxanthin compared to those from fish
lacking astaxanthin (Bell et al., 2000). In addition, feeding diets containing
astaxanthin appeared to reduce the plasma levels of 8-isoprostane, a product
of nonenzymatic lipid peroxidation (see Fig. 4.11) (Bell et al., 2000).

4.7.3.3. Ascorbic Acid and Other Synergistic Antioxidants

Antioxidant systems generally comprise more than one component and
the net effect of total antioxidant activity is usually greater than the sum
of the individual activities, indicating a synergistic phenomenon. Over 50
years ago Golumbic and Mattill (1941) observed that, although ascorbic
acid (vitamin C) was a poor antioxidant for oils and fats, it enhanced the
antioxidant efficacy of vitamin E. While ascorbic acid possesses antioxidant
activity in the aqueous phase, its ability to interact with the lipid phase at
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the membrane—cytosolic interface enables it to regenerate a-tocopherol
from its tocopheroxyl radical, in vivo and in vitro, thus restoring the an-
tioxidant activity of tocopherol (Freisleben and Packer, 1993). In a study
with juvenile rainbow trout, Frischknecht et al. (1994) fed diets deficient
in either vitamin E, vitamin C, or both vitamins for a period of 31 weeks.
The fish fed the diet deficient in both vitamins had a high mortality and
anemia after 8-12 weeks, and histopathological examination showed severe
muscular dystrophy and splenic hemosiderosis. However, fish fed the diet
deficientin vitamin C alone did not develop classical symptoms of deficiency
(low growth, hemorrhages, gill damage, and vertebral deformations) until
16-20 weeks. Those fish fed diets deficient in vitamin E alone showed splenic
hemosiderosis after 20 weeks. These results suggest a synergistic relationship
between vitamin C and vitamin E in rainbow trout. In another study with
rainbow trout, lipid peroxidation was increased in spermatozoa of fish fed
a diet deficient in vitamin C, and the 22:6n-3 content of the spermatozoa
was significantly lower in the deficient group compared to the group sup-
plemented with 870 mg/kg of ascorbyl monophosphate (Liu et al., 1997).

Antioxidant synergism has also been observed between vitamin E and
selenium in trout and salmon (J. G. Bell ¢t al., 1985; Poston et al., 1976)
and between vitamin E and astaxanthin in salmon (Bell et al., 2000). Other
potential synergistic effects include regeneration of a-tocopherol from its
radical by glutathione (Wefers and Sies, 1988) or dihydrolipoic acid (Freisel-
ben and Packer, 1993). In addition, phospholipids having a primary amine
group, e.g., phosphatidylethanolamine or phosphatidylserine, can function
as peroxyl radical scavengers and thereby have a sparing effect on tocopherol
(Lambelet et al., 1984), whereas phosphatidylinositol and other acidic phos-
phatides can act synergistically with tocopherols due to their metal chelating
activity (Pokorny, 1987; Ishihara, 1996). Recently, phospholipids were shown
to enhance the antioxidant efficacy of tocopherols in oils by forming reverse
micelles or microemulsions, such that tocopherols were positioned in the
micelles with their active phenolic group adjacent to the polar region where
peroxy radicals are concentrated (Kago and Terao, 1995). These activities
of phospholipids can be important in preventing autoxidation in oil emul-
sions used to enrich live prey such as rotifers and Artemia nauplii (Sargent
et al., 1997).

4.8
Sources of Lipids for Farmed Fish Feeds

4.8.1. Alternatives to Fish Oils in Bulk Feeds

Fish meal and fish oil derived from industrial fisheries, e.g., capelin,
herring, sand eel, mackerel, anchovy, and sardine fisheries, have been the
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standard ingredients of bulk feeds for intensively farmed fish, above all
salmonids and marine fish, for many years. The requirements of marine
fish for 20:5n-3 and 22:6%-3 make fish oil the only commercially available
source of these fatty acids, essential in marine fish feeds. As noted earlier,
many freshwater fish can convert 18:3%-3 to 20:5n-3 and 22:6n-3 and can,
therefore, be grown on diets containing 18:37n-3, at least in principle. Such
fish include salmonids, most notablly, rainbow trout. These fish also thrive
on fish oils, and this, together with the relative paucity of commercial oils
rich in 18:37-3 and the ready available and relative cheapness of fish oils,
has resulted in the widespread use of fish oils in farmed fish feeds. However,
global fisheries are now stagnating and the current yield of fish oil from in-
dustrial fisheries, circa 1.4 million tons in 1996 (Sargent and Tacon, 1999),
is unlikely to be significantly exceeded in future. Fish farming consumed a
total of 560,000 tons of fish oil in 1996, with farmed salmon and farmed trout
consuming, respectively, 36 and 22% of that total (Sargentand Tacon, 1999).
Global aquaculture has grown at 11.6% per annum compound growth since
1984 (Tacon, 1996) and is continuing to grow at a similar rate. Itis clear that
demand for fish oil from aquaculture must, before long, exceed supply. This
problem will be exacerbated by climatic events such as El Nino, by growing
environmental pressure to decrease exploitation pressure on finite marine
resources and by increasing consumer perception that levels of pollutants
such as dioxin in fish oils have now reached unacceptable levels. For these
reasons, finding alternatives to fish oils in farmed fish feeds is becoming an
increasingly urgent issue.

Finding replacement oils and fats which permit economically efficient
growth of the fish is not by itself a complete solution to the problem. Such
replacements already exist because it has long been known that, providing
that their EFA requirements are met, catfish, carp, and trout can be suc-
cessfully reared on diets rich in either beef tallow or hydrogenated fish oils
(Stickney and Andrews, 1972; Takeuchi et al., 1978; Henderson and Sargent,
1984). Moreover, catfish have been routinely grown commercially in the past
on diets rich in corn oil. Rather, the solution to replacing fish oils requires
retaining as far as possible the health-promoting properties of the end pro-
duct for the consumer, which means retaining as far as possible the current
high levels of 20:5n-3 and 22:67-3 in farmed fish (Sargent and Tacon, 1999).
Indeed, the beneficial effects of fish and specifically fish oils in developed
societies stems fundamentally from a marked global imbalance of n-6:n-3
PUFA, caused mainly by rapid increases in recent decades in the production
of vegetable oils rich in 18:27-6. Thus, of the total global production of oils
and fats in 1996,/1997 of 93,082,000 tons, 20,799,000 tons was derived from
soya, 17,077,000 tons from palm, and 11,410,000 tons from rape (O’Mara,
1998) (Table 4.5). These oils are all rich in 18:2n-6 and relatively lacking
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Table 4.5

Fatty Acid Composition of Commercially Available Fats and Oils (Triacylglycerols)

Lard® Palm® Rape? Soya® Olive” Linseed® Herring’ Anchovy’

Global Production

(tons x 107%) in 1996¢ 6.1 171 114 208 2.0 0.7 1.4¢ 1.44
Fatty acid
16:0 26 61 5 11 14 7 13 17
16:1n-7 3 tre tr tr 2 tr 7 9
18:0 15 5 2 4 3 5 1 4
18:1n-9 49 26 60 29 69 18 10 12
18:2n-6 9 7 21 54 12 17 1 1
18:3n-3 w tr 10 8 1 54 1 1
20:17-9 r 0 2 tr r 0 13 2
20:5n-3 0 0 0 0 0 0 6 17
22:1n-9 0 0 1 tr 0 0 0 0
292:1/ 0 0 0 0 0 0 23 2
22:61-3 0 0 0 0 0 0 6 9

“ Data are mean values for the ranges quoted by Gunstone et al. (1994).
b Data from Sargent and Henderson (1995).

¢ Data from O’Mara (1998).

@ Value for total global fish oil production.

¢ Trace.

/ The n-9 isomer in the vegetable oils; the n-11 isomer in the fish oils.

in 18:3n-3 (Table 4.5). Linseed oil, which is one of the very few commer-
cially available oils rich in 18:3%-3 and with a high ratio of 18:3n-3 to 18:2n-6
(Table 4.5), accounted for only some 661,000 tons (O’Mara, 1998). Fish oils,
the only source of 20:57-3 and 22:6n-3 (Table 4.5), accounted for 1,387,000
tons (O’Mara, 1998). Lard, derived from pork, which is rich in saturated
fatty acids and deficient in n-3 PUFA (Table 4.5), accounted for 6,101,000
tons (O’Mara, 1998). These global tonnages, together with the composi-
tional data in Table 4.5, establish how far the ratio of n-6 to 7n-3 in human
diets is escalating from the desired value of circa 5:1 (Anonymous, 1992,
1994a) and emphasize how valuable fish—derived 20:57-3 and 22:67n-3 are as
nutrients for man. Simply utilizing vegetable oils rich in 18:27-6 and animal
fats rich in saturated fatty acids as replacements for fish oils in farmed fish
feeds is tantamount to using fish to imbalance further an already imbalanced
human diet.

In considering replacements for fish oils in aquaculture feeds, the follow-
ing may be considered. First, levels of 20:57-3 and 22:67-3 in current farmed
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fish feeds are well in excess of the minimum #7-3 essential fatty acids require-
ments of the fish. This is palpably the case in salmon farming, where the
fish oil content of the feeds now commonly exceeds 30% of the dry weight.
Clearly, more judicious use of available fish oil can allow a greater tonnage
of farmed fish to be produced than is currently the case. However, distribut-
ing the available fish oil over greater quantities of fish does not increase the
total input of 20:57-3 and 22:67-3 in the human diet. Second, efforts should
be made to minimize the catabolism by fish of those fatty acids that are
particularly valuable in human nutrition, i.e., 20:57-3 and 22:67-3. As noted
earlier (Section 4.3.1), 22:6n-3 can be selectively retained by fish, probably
due to the inherent difficulties in oxidizing this fatty acid, which requires the
peroxisomal rather than the mitochondrial pathway of B-oxidation. How-
ever, 20:5n-3 appears to be relatively easily oxidized by mitochondria and,
in this respect, is similar to the saturated and monounsaturated fatty acids
including 20:17-9 and 22:1n-11, which are abundant in northern fish oils.
It was also noted earlier that 18:17-9 and also 18:2%n-6 appear to be easily
oxidized by fish. Therefore, it should be possible, at least in principle, to
provide sufficient 18:1n-9 and, to some extent, 18:2n-6 in dietary feeds to
offset partially the oxidation of 20:57-3 and, if need be, the oxidation of 20:1
and 22:1 by the fish. Fatty acid 18:1n-9-rich vegetable oils relatively deficient
in 18:2n-6 are readily available, e.g., olive oil and high-oleic acid sunflower
oil. The majority of commonly available vegetable oils (Table 4.5) are rich
in both 18:17-9 and 18:2n-6. Third, care should be exercised in substituting
fish oils with vegetable oils rich in 18:27n-6 for reasons of consumer health
and possibly also fish health. Growth of salmon on diets containing fish meal
and sunflower oil as the sole added dietary oil can cause cardiovascular dis-
orders in the fish, especially under stress (Bell et al., 1991, 1993). This is
worryingly reminiscent of the deleterious effects of excessive dietary ratios
of n-6 to n-3 PUFA in man. Precisely how much 18:2n-6 can be included in
farmed fish feeds, and for how long, without deleterious effects to the fish,
especially in terms of their response to stress and disease, remains to be eval-
uated. Fourth, much more effort is needed to evaluate the extent to which
18:3n-3-rich oils, specifically linseed oil, can successfully substitute for fish
oils, especially in the salmonids and freshwater fish in general, which are
capable of converting this fatty acid to 20:5n-3 and 22:6n-3. The early study
by Castell et al. (1972) established that rainbow trout could be successfully
reared on a diet containing 18:3n-3 as the sole fatty acid. This is an area
that urgently needs revisiting since an end product in which 20:5%-3 and
22:6m-3 are partially replaced by 18:3%-3 is much more acceptable for con-
sumer health than one where the replacement fatty acid is 18:27-6. Addition-
ally, it may be possible to select strains of fish with high activities in converting
18:3n-3 to 20:5n-3 and 22:67-3, even in the presence of significant amounts
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of fish oil in the fish’s diet. Perhaps further in the future is the possibil-
ity of maximally activating the genes determining conversion of 18:3n-3 to
22:67-3 in marine fish (see Section 4.3.2). Finally, it should be realized that
the oil stored in large amounts in the adipocytes of fish such as salmon and
other “oily” fish fed natural diets based on fish oil has specific fluidity char-
acteristics stemming not only from its content of 20:57-3 and 22:6n-3 but
also from its content of 20:1%-9 and 22:1n-11. Replacement of this oil with
“lighter” oils so as to replace Cgo and Coy with Cjg fatty acids, whether mo-
nounsaturated or polyunsaturated, may not always result in good retention
of the oil within adipocytes under all conditions, not least processing con-
ditions involving low-temperature storage and/or smoking. The successful
development of alternatives to fish oil in aquafeeds requires much research
if projected targets for aquaculture expansion are to be met.

4.8.2. Marine Fish Larval Feeds

Particular problems exist in providing dietary lipids for marine fish lar-
vae, whose production has too long remained a bottleneck in marine fish
farming. The problem stems fundamentally from the fact that marine fish
larvae are generally very small and naturally consume very small live prey,
making it difficult to recreate natural feeding conditions in marine larval
production systems, especially at the high densities required for economic
production. Artemia nauplii enriched with fish oils to provide the dietary
n-3 HUFA essential for the larvae continue to figure prominently, perhaps
too prominently, in marine larvae production and alternative strategies to
larval feeding are urgently needed. Continuing development of fabricated
microdiets is essential, as is the development of technology for the effi-
cient mass production of more natural live feeds, particularly copepods.
However, as noted in Section 4.6, marine fish larvae have exacting dietary
lipid requirements not only for the correct balance of 22:6n-3, 20:5n-3,
and 20:47-6, but also probably for phospholipids. Specialty triacylglycerols
enriched in or with particular blends of these PUFA are already available,
e.g., tuna orbital oil, fractions of fish oils developed as human nutritional
supplements highly enriched in 22:6n-3 and 20:57-3 and, more recently,
triacylglycerols containing either 22:6n-3, 20:5n-3 or 20:4%-6 as the major
fatty acid from single-cell sources such as Crypthecodinium cohnii and Mor-
tiella (see, e.g., Sargent et al., 1999b; Estevez et al., 1999). Such oils, though
expensive, have ready applications in supplementing live feeds and in mi-
crodiet formulations to provide optimal HUFA requirements for fish larvae.
However, the feeds so generated fall far short of natural marine larval diets
in that what is required for the larvae are dietary phospholipids contain-
ing the correct blend of HUFA, especially #-3 HUFA-rich phospholipids.
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No ready source of such phospholipids exists at present other than marine
products such as roe and milt, which already have efficient, direct outlets as
human foods. New sources of n-3 HUFA-rich phospholipids are required,
possibly from single-cell culture or from chemical and/or enzymatic retai-
loring of n-3 HUFA-rich triacylglycerols with abundant plant phospholipids.
What is required above all, perhaps, is the development of efficient primary
production systems to underpin production of natural live feeds for marine
larvae, i.e., those single-cell algae that produce the required lipid nutrients
denovo. Such organisms are, of course, well known, e.g., Isochrysis galbana and
Pavlova lutheri (see also Reitan et al., 1997; Brown et al., 1997), and are already
finding applications in marine fish larval production, albeit on a relatively
small scale. The problems to be solved here appear to be technological and
economic rather than nutritional.

4.9
Prospects

The dominant ongoing issue in fish lipid nutrition is the special roles of
n-3 HUFA, 20:57-3 and, especially, 22:6n-3, in fish and man alike. Scientifi-
cally, 22:67-3 is a unique and challenging molecule in terms of its chemical
structure and properties, its biosynthesis and catabolism, and its cellular
functions. Its fundamental role in neural development affords it a unique
role in the nutritional biochemistry of both Homo sapiens (Crawford et al.,
1999) and fish (this chapter). Should there be any fundamental justifica-
tion for aquaculture compared to other food production systems, it may
well be that of continuing to provide a ready and convenient source of this
nutrient for Homo sapiens, at a time when traditional supplies from capture
fisheries are becoming, or are about to become, seriously constrained. In
terms of fish nutrition, therefore, the overriding requirement for the future
is to find new sources of 20:57-3 and, especially, 22:6%-3 for fish feeds. The
issue of finding replacements for fish oil was considered in the previous
section. We note here simply that, without enhanced and new sources of
n-3 HUFA, the only current practical option for continuing aquaculture ex-
pansion is to develop farmed fish as an aquatic alternative to chicken and
pork, i.e., as a product whose lipids are derived primarily from terrestrial
feed stocks including vegetable oils with an overhigh ratio of n-6:n-3 PUFA.
We strongly caution against accepting this option over lightly. How, then,
do we proceed?

We have noted elsewhere (Sargent and Tacon, 1999) that freshwater fish
currently comprise the overwhelming bulk of fish farmed globally and that
the species in question, mainly carp, have an innate ability to convert 18:37n-3
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to 20:5n-3 and 22:6n-3. This property applies to salmonids also, at least in
the freshwater phase of their life history. Therefore, a high priority in future
research in fish lipid nutrition is to maximize the innate ability of these fish
to produce n-3 HUFA from 18:3n-3. This requires, a priori, ready access to
dietary oils rich in 18:37n-3 which are already available, e.g., as linseed-type
oils. It is ironic that major efforts have been invested in recent decades to
eliminate the already very low levels of 18:37-3 in 18:2n-6-rich vegetable
oils such as corn oil. Indeed, current research on genetically modified or-
ganisms includes efforts to engineer rape and, indeed, linseed to produce
oils with very low 18:3n-3! We question the current drive to increase global
production of vegetable oils rich in 18:2n-6 and deficient in 18:37-3 and
plead that more emphasis be given to developing those 18:3n-3-rich oils
already available. We also plead for much more research on the molecular
biology and genetics of the production system in freshwater fish that gener-
ates 22:6m-3 and 20:5n-3 from dietary 18:37-3. Only in this way can factors
controlling the pathway be elucidated so as to optimize its performance in
those species known to possessit and, also, to select genetically using modern
molecular genetic technology for those individuals in which it may be highly
expressed. More challenging may be to extend such research to marine fish.
The conversion of 18:3n-3 to 20:5n-3 and 22:6n-3 is generally very poorly
expressed in marine fish, but no species so far studied does not have at least
some propensity to convert 18:3n-3 to 22:6n-3. This indicates, very impor-
tantly, that marine fish have the relevant genes and the problem is, then,
how to maximally activate these genes. Generating new hybrids from differ-
ent species, where rate limitations in converting 18:37-3 to 22:6%-3 occur at
different steps in the conversion pathway, also holds promise. Transgenetic
approaches to the problem are also eminently possible. Such approaches,
of course, will bring many of the currently perceived problems and, indeed,
ills of biotechnology, at least in the short term. This should not, however,
deflect us from developing the necessary science, which will undoubtedly
be essential in the longer term for stock improvement.

The problem of developing efficient diets for marine fish larvae, add-
ressed in Sections 4.5 and 4.6, is also one of high priority for future re-
search. Perhaps new and more fundamental approaches are needed here.
Current efforts are basically directed, largely for economic reasons, toward
generating high stocking densities of very small animals and associated high
stocking densities of tiny live feeds that have naturally evolved at low stock-
ing densities. Indeed, afundamental adaptation of herbivorous zooplankton
and larval fish consuming these zooplankton and their nauplii is an ability
to filter efficiently large volumes of seawater in a medium that is intrinsi-
cally nutrient-dilute. Should we not, therefore, accept this and give much
more emphasis to culturing marine fish larvae in more dilute systems, i.e.,
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in larger-volume systems such as mesocosms? If so, how large can such meso-
cosms be in practice? and When are they no longer distinguishable from
Scottish sea lochs or Norwegian fjords? In short, should not mariculture
become more associated with managing and restocking limited-scale, partly
enclosed marine ecosystems? Recent and ongoing developments in ecosys-
tem modeling and management will make this option increasingly attractive
in the future.

Overall, we see the future of aquaculture, particularly from its special-
ity standpoint of n-3 HUFA production, as a successful blend of advanced
biotechnology and ecologically sound sustainable development. Our opti-
mism in writing this now may well be generated by the very recent arrival of
the new millennium and its new challenges, but we believe that our optimism
is justified.
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5.1
Introduction

All forms of aquatic animals require inorganic elements or minerals for
their normal life processes. Unlike most terrestrial animals, fish have the
ability to absorb some inorganic elements not only from their diets but also
from their external environment in both freshwater and seawater. Many
essential elements are required in such small quantities that it is difficult
to formulate diets and maintain an environment that is low in minerals to
demonstrate a mineral deficiency. Despite new developments in the mineral
nutrition of fish, most research on inorganic elements has been confined to
osmoregulation, toxicity, and related physiological functions. This chapter
examines the mineral requirements of finfish and compares the mineral
metabolism of fish with that of other animals.

It is well recognized that all living organisms contain most naturally oc-
curring elements in the periodic table. At present, 29 of the 90 naturally
occurring elements are known to be essential for animal life. The greater
proportion of living matter consists of six basic structural elements—carbon,
hydrogen, nitrogen, oxygen, phosphorus, and sulfur. These elements, found
at high concentrations, are required in gram amounts. In addition, five
macro elements, calcium, magnesium, sodium, potassium, and chlorine (as
chloride), are also required in gram quantities. The remaining elements
occur in the body at much lower concentrations (milligrams or micrograms
per kilogram). Initial difficulties in the accurate determination of low lev-
els of many of these elements inevitably led to their description as “trace
elements.” Today modern analytical techniques now permit the accurate
analysis of these elements, with consequent demonstration of their unique
functions in many metabolic processes.

By the simplest definition, an essential element is one required for the
maintenance of life; its absence results in death of the organism. The cri-
terion for an essential element has been well described by Frieden (1984):
“An element is considered essential when a deficient intake produces an
impairment of function when restoration of physiological levels of the ele-
ment prevents or relieves the deficiency. The organism can neither grow nor
complete its life cycle without the element in question. The element should
have a direct influence on the organism and be involved in the metabolism.
The effect of an essential element can not be wholly replaced by any other
element.” Essentiality is generally established when it has been demon-
strated by more than one independent investigator and in more than one
animal species.

Fifteen trace elements are considered to be essential in animals. Among
these the physiological role of a deficiency of chromium, cobalt, copper,
fluorine, iodine, iron, manganese, molybdenum, selenium, and zinc is well
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recognized. Although deficiencies of nickel, vanadium, silicon, and arsenic
have been demonstrated in an ultraclean environment, with the exception
of silicon, the physiological function of these trace elements has not been
clearly demonstrated. Other elements, including cadmium, lead, bromine,
and tin, have also been claimed to be essential, but their essentiality remains
to be confirmed. Most of these trace elements have been detected in fish
tissues, however, the essentiality of only a few of these elements has been
demonstrated.

The main functions of essential elements in the body include the forma-
tion of skeletal structure, maintenance of colloidal systems (osmotic pres-
sure, viscosity, diffusion), and regulation of acid—base equilibrium. They are
important components of hormones, enzymes, and activators of enzymes
(Table 5.1). Calcium and phosphorus are required for the formation of
the skeletal structures of the body. Sodium, potassium, and chloride, along
with phosphates and bicarbonates, maintain homeostasis and the acid-base
balance. A fixed number of specific trace metals (Fe, Mn, Cu, Co, Zn, Mo,

Table 5.1

Essential Metalloenzymes in Aquatic Animals

Trace elements Enzyme Function
Iron Succinate dehydrogenase Aerobic oxidation of carbohydrates
Cytochromes (a, b, ¢) Electron transfer
Catalase Protection against HoO9
Copper Cytochrome oxidase Terminal oxidase

Lysyl oxidase
Ceruloplasmin (ferroxidase)
Superoxide dismutase

Lysine oxidation

Iron utilization, copper transport

Dismutation of the superoxide
free radical (Os" )

Zinc Carbonic anhydrase COg formation
Alcohol dehydrogenase Alcohol metabolism
Carboxypeptidases Protein digestion
Alkaline phosphatase Hydrolysis of phosphate esters
Polymerases Synthesis of RNA and DNA chains

Collegenase

Wound healing

Manganese Pyruvate carboxylase Pyruvate metabolism
Superoxide dismutase Dismutation of the superoxide
free radical (09" )
Glycosylaminotransferases Proteoglycan synthesis
Molybdenum Xanthine dehydrogenase Purine metabolism
Sulfite oxidase Sulfite oxidation
Aldehyde oxidase Purine metabolism
Selenium Glutathione peroxidase Removal of HoOg

Type I and III deiodinases

Conversion of thyroxide to the
active form
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Se, etc.) are firmly associated with a specific protein in metalloenzymes,
which produce a unique catalytic function. Certain minerals, such as cal-
cium, magnesium, and manganese, are of particular significance as enzyme
activators. A nonmetal, iodine, is necessary for the biosynthesis of thyroid
hormones, which in turn greatly affect development and metabolism in all
vertebrates. Some biologically important compounds contain mineral as an
inherent part of their structure, e.g., hemoglobin and vitamin Bys.

5.1.1. Difficulties in Studying Mineral Requirements of Fish

Inorganic elements, such as nutrients, are difficult to study, particularly
trace elements. The exchange of ions from the aquatic environment across
gills and skin of fish complicates the determination of the quantitative di-
etaryrequirements. Many trace elements are required in such small amounts
that it is difficult to formulate purified diets low in mineral and maintain
water sufficiently free of the test element. Despite advances in instrumen-
tal analysis of trace elements making lower detection limits possible, there
are still many problems associated with their accurate measurement in fish
tissue to be overcome. A critical factor in the determination of ultratrace
elements, such as manganese, vanadium, and chromium, is the need for
meticulous sample preparation. Techniques that involve the use of high-
purity reagents, acid-cleaned glassware, and clean-room facilities should
be employed to avoid contamination. Often normal values of trace ele-
ments in fish tissue vary widely in reports from laboratory to laboratory.
The use of certified reference materials (CRM) is also essential to assure
differences arise from the fish tissues being examined, and not the analyti-
cal techniques employed.

Although a wide range of functions has been established for the essen-
tial elements for domestic animals and humans, such information available
on fish is fragmentary and incomplete. Relatively little is known about the
uptake, function, and biological availability of many trace elements. Envi-
ronmental concerns about air and water pollution have prompted more
research on the metabolism and functional role of toxic elements. To mea-
sure the nutritional status of trace elements, information is also required on
the age, sex, health, and physiological conditions (e.g., smoltification and
sexual maturation) of the animal.

The most commonly used measure of nutritional status is the level of trace
element in the blood, muscle, liver, and bone. For many essential elements,
there is a range of tissue levels compatible with optimum growth and func-
tion. A reduced level of mineral intake influences the tissue concentration,
which causes a gradual decline in the function of an organ until clinical toxi-
city and deficiency occur (Fig. 5.1). However, itis the intermediate stage that
is difficult to establish. More desirable measures of mineral nutritional status
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Biological dose-response curve. Dependence of animal function on intake of an
essential nutrient according to Mertz (1986).

are those which test some metabolic function of the element rather than a
tissue analysis. For iodine, there is a well-defined functional test (thyroxine
binding) to assess its nutritional status. However, for other elements such
functional tests are not clearly established. Elucidation of techniques that
will allow for the identification of subclinical, pathological change in the
assessment of nutritional status remains a challenging area for mineral nu-
trition research.

5.1.2. Nature and Distribution of Elements in Fish

The concentration of minerals in the body of an aquatic organism de-
pends on the food source, environment, species, stage of development, and
physiological status of the animal. Most organisms accumulate and retain
minerals from the environment, however, their incorporation is highly se-
lective. In marine food chains, a unique transport of trace metals has been
reported (Bernhard and Andreae, 1984). Most trace metals show the highest
concentration increase at the first trophic level (seawater—phytoplankton).
In zooplankton, only Cd, Cu, and Zn concentrations increase, whereas
plankton-feeding fish have higher Cu and Zn levels than fish preying on
invertebrates and fish feeding on invertebrates and fish. The concentration
of Cd, Cu, and Zn increases along the food chain at the lower levels, reach-
ing a maximum with crustaceans and then decreasing in fish. Information
on the transport of other elements in the marine food chain is limited. An
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interesting Russian study on fish from different lakes showed that the quan-
tities of manganese, iron, copper, and zinc in the muscle and liver reflect
the geochemical characteristics of the earth surrounding the lake (Love,
1980). Unlike, some soft tissues such as liver, muscle, and kidney, otolith
and lenses retain metals for a longer duration and their concentration has
been used to detect environmental pollution (Dove and Kingsford, 1998).

Although the distribution of many essential and toxic elements in various
aquatic organisms has been reported, the complete elemental composition
is reported for only a few fish species. The mineral composition of rain-
bow trout varies with fish size, stage of life cycle, and reproductive status
(Shearer, 1984). The concentration of Ca, Cu, Fe, K, Mg, Mn, Na, P, Sr, and
Zn was higher in juvenile fish than in adults. A decrease in somatic Mn,
Fe, and Zn was found during gonadal maturation in female but not male
fish. Disease state, water quality, and other environmental factors may also
modify tissue mineral distribution (Lall and Olivier, 1993). With some ex-
ceptions, mineral element concentrations in structural organelles of tissue
are less susceptible to dietary and environmental changes than are those of
soft tissue and body fluids.

Generally Ca, Mg, Na, K, Fe, Zn, Cu, and Se are derived from the water
to satisfy some of the nutritional requirements of fish, however, chlorides,
phosphates, and sulfates are more effectively obtained from food sources
(Lall, 1979; 1989). Fish eggs also absorb certain minerals from water. Zeitoun
et al. (1976) demonstrated absorption of Na, Fe, and Zn at hatching in
eggs of rainbow trout and uptake of Ca, Na, K, Fe, and Zn from the water
after yolk absorption. They concluded that Cu and P found in the larvae
probably originated from an unfertilized oocyte. A remarkable increase in
the Mn content of Salmo salar and Oryzias latipes eggs after fertilization has
been reported (Lall and Hines, 1985; Hori and Iwasaki, 1976). However,
the uptake of heavy metals by eggs and by developing embryos shows some
differences. The uptake of Cd by trout eggs is restricted by the chorion
(Beattie and Pascoe, 1978). Waterborne Se accumulation in embryos was
found to increase with the development of gills (Hodson et al., 1986).

5.1.3. Skeletal Tissue Metabolism

In mostvertebrates, the skeleton represents a reservoir of Ca, P, and other
ions thatare in a state of continual exchange with electrolytes found in blood
and extracellular fluids. These functions require continuous remodeling,
a process that involves three types of bony cells: osteoblasts (bone form-
ing cells), osteocytes (entrapped inside the bone matrix), and osteoclasts
(multinucleated bone resorbing cells). Osteocytes are thought to be in-
volved in the maintenance of bone substances and the exchange of ions from
body fluids. Thus, the skeleton of most vertebrae exerts a massive buffering
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effect on changes in plasma electrolyte values. Among fish a variety of
skeletal systems performs these functions. The physiology of skeletal tissue
has been discussed in detail by Simmons (1971) and Simkiss (1974).

Morphologically, fish bones consist of the dermal bones of the head,
the internal skeleton, and the scales. The histology of fish bones is basi-
cally similar to that of higher vertebrates. However, fish do not have any
hematopoietic elements within the bones. Bone and scales of fish constitutes
calcium hydroxyapatite salts embedded in a matrix of type I collagen fibers.
They contain the bone-specific protein, octeocalcin (Nishimoto et al., 1992).
Scales do not contain enclosed cells, but they are covered by sclroblasts, the
cells thought to be responsible for matrix production and mineralization.
There are two types of fish bones, cellular and acellular. Cellular bones
are confined to only a few groups of fish, e.g., Salmonidae, Cyprinadae,
and Clupeidae. The skeletal tissue of higher orders of teleost fish such as
Perciformes is unique among vertebrates in that it lacks osteocyte cells. Acel-
lular bones are formed from osteoblast cells which move away from the site
of mineralization as bone deposition occurs and therefore are incapable of
extensive modeling (Moss, 1963). The tissues of acellular bone may not be
directly involved in calcium metabolism under normal conditions (Taylor,
1985). However, Witten (1997) has demonstrated that mononucleated cells
perform bone resorption in juvenile cichlids.

Scales are formed by the replacement of dermal connective tissues during
intramembranous ossification. Generally these scales consist of two layers,
a superficial mineralized “bony” or hydrodentine layer, which is deposited
over a deeper fibrous sheet described as the “lamellar” or “fibrillar plate”
(Simkiss, 1974). Undoubtedly, there are many variations in fish scales and
their structures. Resorption of scales occurs during spawning migration of
salmon and also during food deprivation, but the biochemical mechanism
is not clear.

The elemental concentration of skeletal tissues varies with age in both
cellular and acellular bones. The mineral phase of fish bone is poorly crystal-
lized apatite (Neuman and Mulyran, 1968). The crystals in acellular bone are
smaller and/or more strained than in cellular fish bone (Moss and Posner,
1960). The main constituents of fish vertebrae include calcium, phosphate,
and carbonate, with small amounts of magnesium, sodium, strontium, lead,
citrate, fluoride, hydroxide, and sulfate. Calcification and changes in bone
composition resulting from changes in calcium and phosphorus nutrition
are considered in more detail later.

5.1.4. Mineral Interactions

Several nutrient interactions and interrelationships are well known (e.g.,
niacin—-tryptophan and Ca—P-vitamin D) in terrestrial animal and human
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nutrition (Mills, 1985; McDowell, 1992). A wide range of potential mineral—
mineral and mineral-vitamin interactions has also been reported (Hilton,
1989). Interrelationships may manifest themselves as competition for bind-
ing sites on transport or storage molecules or substitution at an active site of
an enzyme or as a requirement for one element for the proper metabolism
of another. Antagonistic relationships occur when elements with a similar
electronic configuration and ionic radius compete for binding sites, e.g.,
zinc and cadmium in metallothionein and magnesium/manganese substi-
tutions at enzyme active sites. Synergistic relationships in which one ele-
ment enhances the role of another, e.g., iron and copper, are difficult to
explain. The complex interrelationship among copper, zingc, iron, and cal-
cium, as well as that of copper, molybdenum, and sulfur, is of practical
concern (Mertz, 1986; Davis, 1980) but beyond the scope of this chapter.
Another type of interrelationship involves the interactions between the el-
ements themselves. Selenium has a high affinity for certain toxic elements
such as mercury and silver; hence selenium exerts a protective effect against
the toxicity of these metals by forming complexes in vitro, resulting in a
decrease in the biological availability of both selenium and the heavy metal.

Minerals also interact with other nutrients. A synergism between dietary
selenium and vitamin E is known. Zinc is required for the metabolism of
vitamin A. The strong redox potential of vitamin C may alter the valence
of copper and iron and thus reduce or enhance absorption. Some mineral
interactions determined with experimental animals may not be directly ap-
plicable to fish because of the differences in mineral uptake from food and
water in fish (Hilton, 1989). However, the application of techniques to assess
mineral interactions and bioavailability is extremely useful.

5.1.5. Environmentally Induced Toxic Elements

It has become apparent in recent years that fish and aquatic organisms
are able to accumulate and retain trace elements drawn from their envi-
ronment. Metals enter the hydrosphere from either natural processes or
pollution through activities such as mining operations, burning of fossil fu-
els, agriculture, and urbanization. The solubility of trace metals in natural
waters is controlled principally by the pH, type and concentration of ligands
and chelating agents, and oxidation state of the mineral components and
the redox environment of the system. The soluble forms are usually ions
(simple or complex) or nonionized organometallic chelates or complexes.
These metals are absorbed by aquatic organisms through gills and body
surfaces and from ingestion of food or water.

Although aquatic organisms readily absorb metals from the environment,
their ability to regulate abnormal concentrations varies with the species.



5. The Minerals 267

Certain fish and crustaceans are able to excrete high proportions of exces-
sive metal intake and consequently regulate the concentration in the body
at relatively normal levels (Bryan, 1976). This occurs for essential elements
such as Cu, Zn, and Fe. Fingerlings and newly hatched fry are poorer reg-
ulators of these metals than nonessential minerals such as Hg, Cd, and Pb.
Generally the gills, digestive tract, feces, and urine are involved in regulatory
and excretory processes.

Sublethal effects of several metals on aquatic organisms have been demo-
nstrated experimentally (Bryan, 1979). Most sublethal toxicity appears to be
of a biochemical origin and causes morphological, physiological (growth,
swimming performance, respiration, and reproduction), and behavioral
changes (Bryan, 1976; Alabaster and Lloyd, 1980). The toxicity mechanisms
of metal ions include blocking of essential biological functional groups of
enzymes, displacing the essential metal ion in the biomolecule (enzyme or
protein) and modifying the active conformation of the biomolecule. The
concept and modes of intake and absorption of heavy metals have been
discussed in detail by Simkiss and Taylor (1989).

5.1.6. Osmoregulation and Saltwater Adaptation

The problem of osmotic and ionic regulation in fish has been the subject
of several reviews (Maetz, 1971; Kirschner, 1979; Evans, 1979, 1980; Eddy,
1982; Boeuf, 1987). The predominant osmotically active solutes are sodium,
potassium, and chloride. Proteins constitute a small part of the osmotic con-
centration; however, they play an important role in the regulation of fluid
across cell membranes. In many animals, trimethylamine oxide and urea also
contribute to the osmotic composition of solutes. Even though calcium, mag-
nesium, bicarbonate, and phosphate are not directly involved in osmoregu-
latory processes, they influence the functioning of the kidney, an important
osmoregulatory organ. In various regulatory processes, respiration supplies
oxygen and removes carbon dioxide, digestion maintains the level of nutri-
ents, and osmoregulation controls the volume and composition of fluids.

Fish maintain the ionic composition and osmolarity of their body fluids at
levels significantly different from those of the surrounding water. Although
large areas of body surface, such as the gills, which serve a respiratory func-
tion, remain exposed to the external environment, the blood of freshwater
fish is hypertonic and that of marine fish is hypotonic compared to their ex-
ternal medium (Fig. 5.2). Hagfish blood closely resembles seawater in its salt
composition. They do not osmoregulate but instead regulate ions so that the
total osmotic pressure of their plasma is almost identical to that of seawater.

In freshwater, the active uptake of salts through the gills, along with the
low body surface permeability, enables them to maintain blood ion levels
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Osmoregulation by rainbow trout in freshwater (0%o) and seawater (35%o). From
Boeuf (1987) with permission.

that are more concentrated than those of the dilute milieux. Kidneys aid in
osmoregulation by maintaining a high glomerular filtration rate along with
tubular and bladder reabsorption of filtered ions, producing copious dilute
urine. Marine fish lose water through any permeable surface and thereby
increase their level of salt. They replace water loss osmotically by drinking
seawater. The gut actively absorbs monovalentions and water into the blood,
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accumulating most of the divalent ions in the intestine with the same osmo-
larity as blood. Water conservation is further enhanced by reduced glomeru-
lar filtration, the kidney serving principally as a divalent-ion secretory organ.
Excess monovalent ions derived from swallowed seawater and the passive
uptake across the body surface are excreted, mainly through the gills.

Saltwater adaptation and osmotic and ionic regulation in euryhaline
fish, particularly salmon, trout, and eels, are well documented (Folmer
and Dickhoff, 1980; Eddy, 1982; Boeuf, 1995). Euryhaline fish withstand
abrupt changes in environment salinity with several physiological adjust-
ments. These include modification of branchial chloride cell number
(Thomson and Sargent, 1977), drinking rate (Krogh, 1939), urine produc-
tion rate (Hickman and Trump, 1969), gill epithlium permeability, and ion
efflux (Maetz, 1971; Simkiss and Taylor, 1989). Smoltification of migratory
salmonids is associated with marked changes in morphology, chemical com-
position, physiological and biochemical function, and behavior. The under-
lying mechanisms for these changes remain to be fully elucidated. Itis widely
accepted that the enzyme sodium-, potassium-activated adenosine triphos-
phatase (Naf,K"-ATPase) in the gill plays an important role in seawater
adaptation. The activity of this enzyme increased in smolts prior to seawater
entry (Zaugg and McLain, 1972). The exact mechanism by which environ-
mental changes stimulate Naf,K"-ATPase activity is not clear, but there is
evidence of hormonal involvement. Cortisol and prolactin influence the
gill Na* ,KT-ATPase response to salinity (Epstein et al., 1971; Pickford et al.,
1970). Thyroxine plays an important role in parr-smolt transformation
(LaRoche and Leblond, 1952), however, there is no evidence of thyroid
stimulation of gill ATPase activity in fish.

Evidence indicates that nutritional status influences the adaptation of
euryhaline fish to seawater. Feeding a diet high in salt content enables trout
and salmon to adapt to seawater more easily (Zaugg and McLain, 1969;
Basulto, 1976). Furthermore, starved rainbow trout are unable to maintain
their gill Nat,K*-ATPase activity at the same level as fed animals (Jurss et al.,
1983). Free amino acids, apart from their metabolic function, play an im-
portant role in osmotic regulation mechanism during salinity changes in
rainbow trout (Jurss, 1980; Jurss et al., 1983). The concentration of several
amino acids in the muscle of rainbow trout held in seawater was higher than
in animals starved in freshwater ( Jurss, 1980).

5.1.7. Bioavailability of Minerals

To determine how efficiently the body utilizes dietary mineral elements,
one must know the availability of that element from a feed ingredient or
complete diet. Generally, chemical analysis does not indicate the level of
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biologically effectiveness of a nutrient. Many mineral bioavailability prob-
lems are being increasingly recognized in human and animal nutrition
(Forbes and Erdman, 1983). It has been shown that the bioavailability of
an element can differ markedly when supplied from different feedstuffs
and within the same element from feed in different diets. Many factors can
influence the bioavailability of minerals. These include the intake level of
the nutrient, its chemical form, the digestibility of the diet that supplies
the element, the particle size, interactions with other nutrients, chelators,
inhibitors, physiological and pathological states of the animal, the water
chemistry, the type of feed processing, and the species of animal being tested.

The biological availability of an element in a diet can differ depending
on the molecular form in which the element is present, its valence state,
and the ligands present when the element is ingested from different diets.
Mechanisms that involve the formation of insoluble and nonabsorbable
substances in the gut may either hinder or facilitate the mucosal uptake,
transport, and metabolism of an element in the body. Certain inorganic
elements may compete with the test element for important binding sites
during these processes. Factors influencing the bioavailability of zinc and
iron in terrestrial animals are well documented (O’Dell, 1969; Forbes and
Erdman, 1983; Benito and Miller, 1998). Zinc is better absorbed from animal
protein supplements than from plant protein sources. Cereals and other
plant feedstuffs contain a number of substances, particularly phytate, which
can bind zinc, making it unavailable for absorption. The bioavailability of
iron is influenced not only by its chemical form, but also by interactions
between iron and other dietary components. Ascorbic acid enhances iron
absorption, whereas phytate and tannic acid may decrease it. The availability
of individual mineral elements is discussed in later sections. Apart from
these dietary components, several environmental factors can also influence
mineral bioavailability.

5.1.8. Effect of Mineral Supplements in Experimental Diets

Although fish have the ability to derive certain elements from the sur-
rounding water, both practical and purified diets require mineral supple-
mentation. Purified diets without mineral supplements result in a loss of
appetite, growth depression, hypochromic anemia, a high mortality, and
cranial deformities (Nose, 1972; Ogino and Kamizono, 1975). The addi-
tion of mineral supplements to these diets improved growth and survival.
However, early work by Wolf (1951) indicated that rainbow trout fed a puri-
fied diet containing no mineral supplement grew as well as those receiving
a 4% mineral mixture in a 23-week experiment. It is probable that fish
were able to utilize calcium, phosphorus, and other trace elements from
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the commercial casein in the diet and also from the hatchery water supply.
Ogino and Kamizono (1975) found that common carp (Cyprinus carpio) did
not show any clinical symptoms of mineral deficiency on a diet devoid of a
mineral supplement in a 50-day experiment. The addition of mineral sup-
plements resulted in only a slight improvement in growth rate.

The importance of mineral supplements in practical diets has also been
emphasized. Ketola (1975a) reported that mineral supplementation of a
soybean meal-based diet improved the growth and bone mineralization of
rainbow trout. Similarly, Arai et al. (1975) found that the addition of calcium
to a diet containing yeast resulted in an increase in growth. Commercial fish
feeds contain a significant proportion of fish meal in the diet. Although fish
meal is considered an adequate source of dietary minerals, supplementation
of fish meal-based diet with certain trace elements may be necessary for
optimum growth and bone mineralization (Watanabe et al., 1980b; Arai
et al., 1974; Cuplin, 1969; Murakami, 1970). Murakami (1970) observed that
the addition of phosphorus to commercial carp diet improved growth and
prevented cranial deformities. Excessive amounts of minerals, particularly
Ca and P, reduce zinc bioavailability and have also been linked to cataract
formation in juvenile salmonid fish (Ketola, 1975a; Richardson et al., 1986).
It is essential to supplement diets containing high levels of total minerals
(ash), particularly Ca and P, with trace elements. An imbalance of dietary
minerals in certain diets predisposes the Atlantic salmon to bacterial kidney
disease (BKD) under specific environmental conditions (Lall et al., 1985).
Supplementation of the diets with I, F, Fe, Cu, Co, Mn, and Zn resulted in
a lower incidence of BKD infections.

Trace metal supplements are essential in practical broodstock diets.
Takeuchi et al. (1981b) demonstrated the effects of maternal trace element
deficiency on rainbow trout egg quality. The trace element-deficient group
showed a reduction in egg production, hatchability of eggs, Mn content of
eggs, and female body weight. The deletion of Mn from fish meal-based
practical diets of Atlantic salmon and brook trout caused a reduction in the
hatchability of eggs and a decrease in the Mn concentration of seminal fluid
and eggs (Lall, 1985).

5.2
Essential Minerals for Finfish

5.2.1. Calcium and Phosphorus

Calcium and phosphorus are closely related to the development and
maintenance of the skeletal system and participate in several physiological
processes including the maintenance of acid-base equilibrium. Vertebrae
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maintain their rigidity from a solid phase of calcium phosphate. Fish scales
are an important site of Ca metabolism and deposition. The Ca exchange
rate of fish scales is three times that in bones (Berg, 1968). The amount of
Ca in scales of tilapia ranges from 19 to 24% of the dry weight (Garrod and
Newell, 1958). The amount of Ca in the scales of tilapia, goldfish (Carassius
auratus), carp, and salmon decreases during spawning migration and star-
vation (Crichton, 1935; Ichikawa, 1953; Yamada, 1956; Garrod and Newell,
1958). The ratio of calcium to phosphorus in scales and bones ranges from
1.5 to 2.1 for common carp, pike (Esox lucius), Nile tilapia, sea bream, rain-
bow trout, and chum salmon (Van Oosten, 1957; Ogino and Takeda, 1976;
Ogino et al., 1979b; Sakamoto and Yone, 1979a; Watanabe ef al., 1980a,b).
The ratio of calcium to phosphorus in the whole body of several fish species
ranges from 0.7 to 1.6, while the level of phosphorus in the whole body is
about 0.4 to 0.5% of the fresh wet weight (Lall, 1991).

No attemptis made in this section to discuss the regulation of Ca in any de-
tail, since this has been considered in recent reviews (Feinblatt, 1982; Copp,
1982; Hunn, 1985; Taylor, 1985; Flik et al., 1993). Attention is directed to
the nutritional requirement of phosphorus, since calcium is readily derived
from the water and occurs in adequate amounts in most diets consumed by
fish.

5.2.1.1. Functions and Metabolism

5.2.1.1.1. Calcium. Calcium is one of the most abundant cations in the
body of a fish. Despite the importance of calcium in bone formation and
maintenance of skeletal tissues, calcium ions are widely distributed in soft
tissues. Other functions of calcium include muscle contraction, blood clot
formation, nerve transmission, maintenance of cell membrane integrity, and
activation of several important enzymes. In the cell membrane, calcium is
closely bound to phospholipid, where it controls the permeability of mem-
brane and thus regulates the uptake of nutrients by the cell.

The calcium requirement of fish is met in large part by their ability to
absorb these ions directly from the aquatic environment. Unlike terrestrial
animals, bone is not the major site of Ca regulation in fish. Gas exchange
across gills in fish provides them with continuous access to an unlimited
Ca reservoir. Thus, regulation of Ca influx and efflux occurs at the gills,
fins, and oral epithelia. These structures are all actively involved in ma-
rine fish, however, the gills are the most important site for Ca regulation
in both freshwater and marine fish. On a comparative basis, Ca ion trans-
port across the gills appears to be more efficient in freshwater. The gut
is not a major site of Ca absorption in marine fish, which drink copiously
(Simmons, 1971). Some minerals (Mg, Sr, Zn, and Cu) reduce Ca absorption
(Podoliak, 1970). The endocrine control of Ca metabolism in fish is not fully
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understood (Wendelaar Bonga and Flik, 1995). Calcitonin inhibits Ca influx
across salmon gills (Milhaud et al., 1977). Prolactin stimulates Ca uptake by
tilapia (Wendelaar Bonga ef al., 1984). Vitamin D metabolites do not af-
fect Ca homeostasis (Hayes et al., 1984). There are major differences in the
hormonal mechanisms that regulate Ca and P balance in fish and terres-
trial animals. In terrestrial vertebrates, three hormones generally control
the metabolism of Ca as well as P: parathyroid hormones (PTH), calcitonin,
and an active metabolite of vitamin Ds, 1,25-dihydroxycholecalciferol [1,25-
(OH)3D]. These hormones control the absorption of Ca and P from the
gastrointestinal tract, influence their deposition and resorption in bone,
and influence the extent of their excretion in urine and feces. PTH el-
evates the blood Ca concentration by increased mobilization of Ca from
bones, increased tubular resorption of Ca, and enhanced production of
1, 25-(OH)¢D. Calcitonin acts as a physiological antagonist of PTH and
1, 25-(OH)9D. When the blood Ca level is high, calcitonin prevents the mo-
bilization of Ca into serum, thus inhibiting the resorption of Ca ions in the
kidney and rapidly decreasing blood Ca to normal levels. The concentration
of PTH is inversely proportional to the plasma Ca concentration, whereas
that of calcitonin is directly proportional. PTH is also involved in the con-
version of vitamin D into its active metabolite 1, 25-(OH)9D, which in turn
stimulates Ca and P absorption from the intestine.

The endocrine control of Ca and P metabolism in fish is also regulated
by hyper- and hypocalcemic hormones, however, they lack PTH. Teleosts
possess two hormones with hypocalcemic action: calcitonin, secreted by the
ultimobranchial gland, and stanniocalcin (STC), secreted by the corpuscles
of Stannius. The role of calcitonin (Wendelaar Bonga and Pang, 1991) and
vitamin D metabolites (Vielma ef al., 1999a) in Ca and P homeostasis is
not clearly established. STC is the predominant hormone that regulates
Ca and phosphate metabolism in freshwater and seawater salmon as well
as several freshwater fish (Verbost et al., 1993; Wagner et al., 1998). A rise
in the plasma levels of ionic calcium (Ca?™) stimulates STC secretion, and
this hormone acts on the gills, gut, and kidney to restore normocalcemia.
The level of dissolved Ca in the environment also acts as a stimulus for
hormone synthesis and secretion. The environmental Ca effect is mediated
by its diffusion across the gills and skin, as well as absorption via the gut as
marine fish ingest large amounts of seawater. On account of these factors,
STC cells in marine fish are metabolically more active and secrete more
hormones than freshwater fish. Most of the research on Ca metabolism and
the endocrine control in fish is based on freshwater species.

The absorbed Ca is deposited in bone and skin. Generally, the rate of
uptake, the deposition pattern, and retention by the skeletal tissues appear
to be similar in freshwater and marine species and also independent of bone
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types, i.e., cellular or acellular bone. The chemical composition of the bony
layer of scales is similar to that of other skeletal tissues but differs physiolog-
ically in Ca metabolism. An extensive study by Berg (1968) on Ca and stron-
tium metabolism showed that the Ca exchange rate of fish scales was three
times that in bones. The scales are also the site of labile Ca storage. In fish
with smooth skin, such as eels and catfish, the cellular bones mustalso play an
important role in Ca turnover. Resorption of scales occurs in fasting salmon
during spawning migration. Calcium is excreted principally by the kidneys
or through the gills. Feces also contain endogenous Ca secreted in the gut.

5.2.1.1.2. Phosphorus. Phosphorus exists naturally as inorganic phos-
phate, denoted P;, and as organic phosphate, bound in molecules such as
sugars, proteins, and other components of the cell. Hydroxyapatite,
Caz(PO4)3(OH), has the important role of being the principal crystalline
material of bone. In addition, phosphorus is located in every cell of the
body. Phosphate occurs in equilibrium with H3POy4, HoPO4™, HPO,2~, and
PO,3". The predominant form at a neutral pH is HPO4*~, whereas phos-
phoric acid (H3gPOy) is the major form at a low pH. In soft tissues, phos-
phate plays roles as (a) a structural component, (b) a factor in intermediate
metabolism, and (c) a component of genetic material. Phospholipids are a
major constituent of cell membranes and intracellular organelles. In DNA
and RNA, phosphate is an essential part of the nucleic acids. Phosphate
is a constituent of highly active intracellular compounds. Release of high-
energy phosphate by hydrolysis of adenosine phosphate (ATP) provides the
main source of energy for metabolic processes and for muscle contraction.
Phosphate plays an important role in carbohydrate, lipid, and amino acid
metabolism and in muscle and nervous tissue metabolism, as well as various
metabolic processes involving buffers in body fluids.

The regulation of phosphate is considered more critical than that of Ca
because fish must effectively absorb, store, mobilize, and conserve phos-
phate in both freshwater and seawater environments. Dietary phosphorus
supplies most of the phosphate required for growth and metabolism.
Urinary loss of phosphate is much higher in freshwater than seawater fish be-
cause of the large volume of urine produced in freshwater fish. In seawater-
adapted eels, P excretion was 40 times lower than in eels held in freshwater
(Chester Jones et al., 1969). Approximately 90% of the phosphate lost from
the body is excreted renally (Tomiyama et al., 1956). To replace this loss and
to supply the various structural and physiological needs of the body, phos-
phate must be absorbed from both food and water. The uptake of %P from
water has been well documented (reviewed by Lall, 1979, 1991). In carp, the
phosphorus uptake increases with a rise in water temperature and with any
decrease in the Ca content of the water (Solomalina and Arsan, 1979).
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Food is the main source of phosphate for fish because freshwater and
seawater are low in phosphate. The amount of phosphate absorbed from
the food is affected by the level of phosphate in the blood (Kudriavetz
and Pora, 1958; Phillips, 1962). The absorbed phosphorus accumulates in
soft tissues (heart, liver, kidney, muscle, and blood, etc.) and deposition in
skeletal tissues is relatively low. When fish were exposed to water containing
32P and then transferred to water free of this isotope, there was a rapid loss
of 32P from soft tissues; hard tissue **P remained unaffected (Tomiyama
et al., 1956; Asano and Ito, 1957).

The mechanism of phosphorus absorption and transport in fish has not
been well studied. In higher vertebrates, intestinal phosphorus absorption
is dependent on a Na gradient caused by the active transport of Na, and
thus the transport of phosphorus from the lumen into the cells through the
brush border membrane is secondary to that of Na. A Na-dependent absorp-
tion of inorganic PO4>~ in carp intestine has been reported (Nakamura,
1985a,b). The control of intestinal absorption of PO.® in most fish has
not been studied with the exception of eels, where pituitary hormone is
involved (Nakamura and Hirano, 1986). It was pointed out before that pi-
tuitary hormones are involved in the Ca regulation of fish but the specific
hormone responsible for the effect is not known. Itis also not clear whether
the effect is mediated by vitamin D metabolites as in terrestrial vertebrates
(Wendelaar Bonga and Pang, 1989). Although intraperitaneal injection of
vitamin D metabolites influences P homeostasis (Fenwick and Vermette,
1989), the dietary intake of cholecalciferol had no clear effect on P absorp-
tion and retention in rainbow trout (Vielma et al., 1999a). The removal of
pituitary hormones caused a net decrease in phosphate absorption in fresh-
water eels (Nakamura and Hirano, 1986). However, the pituitary plays a
limited role in the regulation of plasma phosphate in fish.

Bone may be a reservoir for phosphate rather than for Ca (Fleming,
1967). The level of blood Ca is similar in bony and cartilaginous fish, how-
ever, the blood phosphate level is much lower in cartilaginous fish (Fontaine,
1932). It is possible that the mechanism for regulating phosphate is simi-
lar in both freshwater and seawater because the concentration of this ion
is low in both environments. The Ca level is high in the urine of seawater
fish, whereas the phosphate concentration is low. A phosphorus deficiency
lowers the plasma and urine phosphate concentrations, however, the total-
body phosphorus is significantly depleted when fish are fed a phosphorus-
deficient diet for a long period (Vielma and Lall, 1998b).

The fertilization of fish ponds to augment the production of natural
food organisms is a common practice. The amount of inorganic phospho-
rus present in the water may directly affect the cellular energy metabolism
and the physiological adaptation of fish to environmental conditions
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(Arsan et al., 1984). When phosphorus concentrations of freshwater ranged
between 0.3 and 0.6 mg/liter, several physiological indices of carp were af-
fected. These included an increase in alkaline phosphatase activity in kidney
and a decrease in the activities of Nat-and K™-dependent ATPase and Mg™-
dependent ATPase in gill and kidney (Solomalina and Arsan, 1979). In
addition, in recirculation systems used for rearing fish, the higher amount
of P accumulation in freshwater and seawater may also affect P homeostasis
and nutrient utilization (Lall, unpublished).

5.2.1.2. Deficiency

5.2.1.2.1. Calcium and Phosphorus. The uptake of Ca from seawater is not
sufficient to meet the dietary Ca requirement of red sea bream (Sakamoto
and Yone, 1973, 1976b). Calcium deficiency has not been detected in carp
and catfish in freshwater (Andrews et al., 1973; Ogino and Takeda, 1976)
or in Atlantic salmon in seawater (Lall and Bishop, 1977). Generally, Ca
from the feed ingredients of practical diets supplies sufficient Ca to meet
the requirements of most finfish. Signs of phosphorus deficiency are listed
in Table 5.2. Murakami (1967) reported cranial deformity associated with
other skeletal abnormalities occurring in carp reared on commercial feeds.
This problem was successfully overcome with the addition of calcium phos-
phate or 5% McCallum salt mixture in the diet. Phosphorus deficiency signs
have been produced experimentally in several fish species and include poor
growth, reduced feed efficiency, and poor bone mineralization. Other signs
of deficiency in carp are an increase in the activity of certain gluconeogenic
enzymes in liver, an increase in carcass fat with a decrease in carcass wa-
ter content, reduced blood phosphate levels, a deformed head, and de-
formed vertebrae (Ogino and Takeda, 1976; Onishi et al., 1981; Takeuchi
and Nakazoe, 1981). A reduction in the hematocrit level of catfish may also
occur (Andrews et al., 1973). A low phosphorus intake by red sea bream also
causes curved, enlarged vertebrae; increased serum alkaline phosphatase
activity; higher lipid deposition in muscle, liver, and vertebrae; and a re-
duction in liver glycogen content (Sakamoto and Yone, 1980). A significant
reduction in operculum and scale P concentration occurs in fish fed low-P
diets (Skonberg et al., 1997; Vielma and Lall, 1998a).

5.2.1.3. Requirement

5.2.1.3.1. Calcium. The Ca requirement of fish is affected by the water
chemistry, the phosphorus level in the diet, and species differences. In large
part, the requirement of most fish is met by absorption of Ca through gills
and skin in freshwater and by drinking of seawater. A low concentration
of Ca (0.34% or less) is required in the diet of carp, eel, red sea bream,
tilapia, and catfish for optimum growth (Ogino and Takeda, 1976; Lovell,
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Table 5.2

Mineral Deficiency Signs Reported in Certain Finfish

Mineral Deficiency signs (fish species)“

Calcium Reduced growth and poor feed conversion (1,8-10), anorexia (8), reduced
bone mineralization (10)

Phosphorus  Reduced growth (1,3,6-9), anorexia (8), poor feed conversion (1,3,5,6,9),
reduced bone mineralization (1,3,6,7,9), skeletal deformity (1,3,7), cranial
deformity (7), curved and enlarged spongy vertebrae (9), increased visceral
fat (7)

Potassium Anorexia (5), convulsion (5), tetany (5), mortality (5)

Magnesium  Reduced growth (1,6-8), anorexia (1,6-8), sluggishness (1,6,7), nephrocalci-
nosis (1), convulsions (7), cataracts (1,7), degeneration of muscle fibers
and epithelial cells of pyloric cecum and gill filaments (1), skeletal deformity
(1), reduced bone mineralization (1), reduced bone (1,3,6,7,10), body
(8), and serum (3) Mg concentration, mortality (1,6,7)

Iron Reduced growth and poor feed conversion (6), hypochromic microcytic
anemia (2,3,7-9), low hematocrit and hemoglobin levels (1,3,6), reduced
plasma Fe and Fe transferrin saturation (3,6)

Zinc Reduced growth (1,3,6,7), anorexia (6,7), short-body dwarfism (1), cataracts
(1,7), fin erosion (1,7), skin erosion (7), reduced body zinc (3), bone zinc
(1,6), and bone Ca (6) concentrations, low serum Zn level (6), mortality (1,7)

Manganese Reduced growth (1,7,11), loss of equilibrium (11), short-body dwarfism (1,7),
cataracts (1,7), high mortality (3,11), reduced bone (2,3) and body (3) Mn
concentration (2,3), poor hatchability of eggs (1,2,3), abnormal
tail growth (1)

Copper Reduced growth (7), cataracts (7), reduced liver Cu/Zn-superoxide
dismutase (3) and heart cytochrome ¢ oxidase activity (3,6)

Selenium Reduced growth (6,7), anemia (7), cataracts (7), muscular dystrophy (3),
exudative diathesis (1), reduced glutathione peroxidase activity (1,3,6)

Iodine Thyroid hyperplasia (1,2,5)

“ Key to fish species: (1) Rainbow trout (Oncorhynchus mykiss); (2) brook trout (Salvelinus fonti-
nalis); (3) Atlantic salmon (Salmo salar); (4) chum salmon (Oncorhynchus keta); (5) Chinook
salmon (Oncorhynchus tshawytscha); (6) channel catfish (Ictalurus punctatus); (7) common carp
(Cyprinus carpio); (8) Japanese eel (Anguilla japonica); (9) red sea bream ( Chrysophrys major); (10)
blue tilapia (Oreochromis aureus); (11) Mozambique tilapia (Oreochromis mossambica).

1978, Arai et al., 1975; Sakamoto and Yone, 1973; Robinson et al., 1984).
Catfish and tilapia reared in water with a low Ca concentration (<1 mg
Ca/liter) require 0.45 and 0.7% calcium in the diet, respectively (Robinson
et al., 1986, 1987). Atlantic salmon absorbs Ca from seawater, thus making
dietary supplementation unnecessary (Lall and Bishop, 1977). The uptake
of Ca from seawater is not sufficient to meet the dietary Ca requirement of
red sea bream (Sakamoto and Yone, 1973, 1976b). Calcium deficiency has
not been detected in carp and catfish in freshwater (Andrews et al., 1973;
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Ogino and Takeda, 1976) or in Atlantic salmon in seawater (Lall and Bishop,
1977). Generally, the feed ingredients of practical and purified diets supply
sufficient Ca to meet the requirements of most finfish. High concentrations
of dietary Ca and P interfere with the absorption and retention of certain
trace elements and Mg. This is discussed in subsequent sections related to
the specific elements.

5.2.1.3.2. Phosphorus. The phosphorus requirements for various fish are
listed in Table 5.3. Dietary phosphorus requirements ranging from 0.5 to
0.8% have been reported for rainbow trout (Ogino et al., 1979b), Atlantic
salmon (Ketola, 1975; Lall and Bishop, 1977; Aasgard and Shearer, 1997;
Vielmaand Lall, 1998b), chum salmon (Watanabe et al., 1980a), carp (Ogino
et al., 1979b), and red sea bream (Sakamoto and Yone, 1979a). The phos-
phorus requirement of Atlantic salmon is not significantly influenced when
they are reared in either freshwater (Ketola, 1975b; Asgaard and Shearer,
1997) or seawater (Lall and Bishop, 1977). Andrews ¢t al. (1973) reported
the phosphorus requirement of catfish as 0.8% of the available phosphorus
in a practical diet. Lovell (1978) and Wilson et al. (1982) reevaluated the
phosphorus requirement using a purified diet and estimated it to be ap-
proximately 0.4% available phosphorus. The phosphorus requirement of
Japanese eel is relatively low (0.29%) compared with that of other finfish
(Nose and Arai, 1979).

Many studies with monogastric animals have shown that an optimum
calcium-to-phosphorus ratio is important. Increasing the Ca-to-P ratio of the
diet interferes with the absorption of P, and conversely, a high P-to-Ca ratio
may restrict Ca absorption. Although the magnitude of the effect changes
with the species and forms of Ca and P present in the diet, such studies
on the Ca-to-P ratio in fish diets are limited. An optimum Ca-to-P ratio is
important in the diet of red sea bream, 1:2 (Sakamoto and Yone, 1973), and
eel, 1:1 (Nose and Arai, 1979).

5.2.1.4. Sources

Most salts of alkali metals present in foods are found in a freely soluble
ionized form. However, the salts of alkali earth metals, such as Ca and Mg,
are less soluble and form complex organic salts with varying degrees of
solubility in the digestive tract. Certain naturally occurring Ca salts such as
calcium oxalate are more readily degraded during the digestion process.
Feedstuffs of animal origin show the highest concentration of Ca and P.
Among common feedstuffs used in fish feed formulation, fish meal (1.5 to
3.2% P) and meat and bone meal (3.5 to 5.5% P) are the richest source of Ca
and P. Skeletal tissue contributes a significant proportion of P in fish meal
and meat meal. The major proportion of P in these feedstuffs is found in an
inorganic form, whereas the remainder is present as phosphate complexes



Table 5.3

Mineral Requirements of Certain Finfish “*

Calcium  Phosphorus  Potassium  Magnesium Iron Copper  Manganese Zinc Iodine  Selenium
Species (%)° (%) (%) (%) (mg) (mg) (mg) (mg)  (ug)°® (mg)
Rainbow trout — 0.6 R/ 0.05 R 3 13 15-30 1.1 0.15-0.3
Atlantic salmon — 0.6 R 0.04 30-60 5 10 37-67 R R
Pacific salmon — 0.6 0.8 R R R R R 0.6-1.1 R
Tilapia — 0.9 R 0.06 R 3.5 12 20 R R
Channel catfish — 0.45 R 0.04 30 5 2.4 20 1.1 0.25
Common carp — 0.6-0.7 R 0.05 150 3 13 15-30 R R
Japanese eel 0.27 0.3 R 0.04 170 R R R R R
Red sea bream 0.34 0.7 — NR#$ R R R R R R

“Percentage or amount per kg feed. Requirements were determined using purified or semipurified diets. Factors affecting the bioavailability
of these elements and nutrient interactions must be considered when formulating fish feeds.

b Requirement for other elements reported: guppy, 0.054% Mg, 80 mg/kg Zn; red drum, 20-25 mg/kg Zn; channel catfish, 0.1 mg/kg Co.

¢ Requirement below the level of detection under normal rearing conditions. The calcium requirement of fish reared in low-calcium
freshwater ranges from 0.03 to 0.65% of the diet.

 Inorganic phosphorus.

¢ The estimated iodine requirement of salmonids is 1.1 mg/kg (NRC, 1993).

/ Essential in the diet but the quantitative requirement not reported.

8 No dietary requirement demonstrated under experimental conditions.
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of protein, lipid, and carbohydrate. In these forms, P is more readily available
to fish than from forms present in plant protein supplements.

Phosphorusin cereal grains and vegetable protein concentrate may range
from 0.3 to 0.4 and 0.5 to 1.4%, respectively. Plants store phosphate in seeds
as phytates, i.e., salts of phytic acid (inositol hexaphosphoric acid). The
term phytin implies the Ca—-Mg salt of phytic acid and feedstuffs of veg-
etable origin primarily contain phytin. Distillers, dried corn with solubles
contains a lower percentage of P in the phytate form because of a break-
down of P during the fermentation process. In contrast to other feed ingre-
dients of plant origin, alfalfa meal P is nonphytate in nature. The average
phytic acid content of cereal and oilseed products is approximately 1 to 2%,
by weight, however certain varieties may contain higher amounts (3-7%).
Phytate contributes approximately 60-90% of the total P in mature plant
seeds. In soybean meal, phytic acid, phosphatides, and inorganic P consti-
tute about 75, 12, and 4% of the total P, respectively. Phytate is unavailable to
most finfish and monogastric animals because of the lack of an endogenous
enzyme (phytase) in the gastrointestinal tract that catalyzes the breakdown
of phytic acid to its moieties.

5.2.1.5. Bioavailability of Phosphorus

The bioavailability of P may differ markedly among feed ingredients and
inorganic P supplements (Lall, 1991). Digestibility and growth measure-
ments have frequently been used to determine the bioavailability of P to
fish from selected feed ingredients. To some extent, apparent P digestibil-
ity data are of limited use unless a correction is made for endogenous
P excretion in the feces. Bone ash is the most sensitive practical criterion
for evaluating dietary P utilization and can provide a more accurate indi-
cation than values based on body weight or apparent digestibility. Plasma
alkaline phosphatase assays are the least sensitive method for predicting P
bioavailability.

The bioavailability of dietary P is influenced by several factors including
chemical form, digestibility of diet, particle size, interaction with other nutri-
ents, feed processing, and water chemistry (Lall, 1991; Vielma et al., 1999b).
There are significant differences in the availability of P from a variety of in-
organic salts: the more soluble the salt, the higher the availability of P, thus
P is more readily available from mono- or dicalcium phosphates than from
tricalcium phosphate (Lall, 1991). Salmonids and tilapia utilize P present
in fish meal more efficiently than do carp and channel catfish (Lovell, 1978;
Ogino et al., 1979b; Watanabe ¢t al., 1980a). The differences in the bioavail-
ability of P to salmonids and carp or tilapia is probably due to the limited
secretion of gastric juices by these warmwater species (Ogino ¢t al., 1979b).
The digestibility of P in fish meals ranges between 40 and 60% in salmonids
and other fish (Lall, 1991; Riche and Brown, 1996; Sugiura et al., 1998).
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Phytate present in either plant proteins or added to the diet is unavail-
able to most finfish. The intestinal mucosa of many fish does not secrete the
enzyme phytase that is able to hydrolyze phytic acid to its moieties. Phytic
acid also forms insoluble salts with free Ca in the digestive tract. Supplemen-
tal microbial phytase is very effective in improving P bioavailability of plant
feed ingredients in the feed of monogastric animals (Simons et al., 1990).
Although supplemental phytase effectively hydrolyzes phosphate from phy-
tates in rainbow trout (Cain and Garling, 1995; Rodehutscord and Pfeffer,
1995; Storebakken et al., 1998; Vielma et al., 2000), the beneficial effects of
this enzyme in diets containing high levels of soybean products on growth
and bone mineralization has not been demonstrated. Phytase enzymes have
a potential for improving the biological availability of several plant proteins
currently evaluated for their use in fish feeds, however, their stability during
feed processing must be maintained.

5.2.1.6. Phosphorus Excretion and Strategies to Minimize P Output
from Aquaculture Operations

The form in which P is excreted by fish has a direct influence on the
enrichment of the aquatic environment and the growth of algae. Gener-
ally P is excreted in soluble and particulate forms: the soluble forms of
P consisting of organic P and PO,%~, affect the water quality directly, whereas
the particulate form settles to the bottom of the tank or accumulates in
the sediment. Soluble P is readily available as a nutrient for plant growth.
A significant amount of the phosphate fraction consists of free inorganic
orthophosphate. The amount of particulate P excreted by fish maintained
in experimental tanks or fish farm conditions ranges between 30 and 64%
of the total excreted P. Under farm conditions excreted P settles in sediment
and is gradually released as the soluble form during anaerobic or other re-
lated biological processes. Obviously, the form of P consumed by fish will
affect both the amount of soluble and the particulate P excreted as well as
the quantity of P that could subsequently be biologically degraded from the
sediment. Persson (1988) reported that 30% of the total P from feed readily
dissolves in water and neutral salt solution and was not detected in sludge
collected from the bottom of sea cages or experimental tanks. Organically
bound phosphorus was approximately 55 and 33% in feed and feces, re-
spectively. The remaining P was found in sludge, it was bound to calcium
and considered inert. The breakdown of organically bound P from feed and
feces varies considerably due to differences in the chemical characteristics
of feed ingredients used, the environmental conditions (temperature, oxy-
gen, pH, salinity, etc.), and the type of microorganisms in natural waters.
Persson (1990) estimated that the average amount of organically bound P
fraction in feed and feces released to the water was approximately 80 and
60%, respectively.
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Itis important that the P content of effluents from land-based fish farms,
fish hatcheries, and sea cages be minimized. The following strategies have
been recommended to reduce P output from aquaculture operations (Lall,
1991): (a) estimation of the correct P balance; (b) reduction of P levels
in feeds without affecting growth, feed efficiency, health, reproduction,
etc.; (c) selection of feed ingredients, phytase supplementation of plant-
based feeds and P supplements with a high P bioavailability; (d) selection
of P supplements with a high P absorption and low solubility in water;
(e) development of diets with a better feed efficiency; and (f) minimization
of feed wastage.

5.2.2. Magnesium
5.2.2.1. Functions and Metabolism

Magnesium is an essential cofactor in many enzymatic reactions in inter-
mediary metabolism. These include those that transfer phosphate groups
(phosphokinase), hydrolyze phosphate and pyrophosphate groups (phos-
phokinase and pyrophosphatase), oxidize fatty acids involving acetyl coen-
zyme A (thiokinase), and activate amino acid synthesis (amino acid syn-
thetase). Enzymatic functions of Mg are well documented. Magnesium is
also required in skeletal tissue metabolism, osmoregulation, and neuromus-
cular transmission. It plays an important role in the respiratory adaptation
of freshwater fish (Houston, 1985).

Most of the Mg in fish is located in the bone. The remainder is found
within the cells of soft tissues. The red blood cells of fish contain significantly
higher levels of Mg and lower levels of Ca than found in humans. The prob-
lems with Mg in fish are similar to those with Ca. Freshwater fish derive Mg
ions either by active uptake from the environment or from dietary sources.
There is no evidence of branchial uptake of Mg. In freshwater, excess Mg is
excreted renally (Oikari and Rankin, 1985). In seawater, fish obtain Mg by
drinking and excrete it exclusively via the kidneys (Hickman and Trump,
1969; Evans, 1979).

5.2.2.2. Deficiency

Magnesium deficiency in carp (Ogino and Chiou, 1976; Satoh et al.,
1983b), catfish (Gatlin et al., 1982), eel (Nose and Arai, 1979), rainbow trout
(Cowey et al., 1977; Ogino et al., 1978b; Knox et al., 1981a; 1983), Atlantic
salmon (El-Mowafi and Maage, 1998), and guppies (Shim and Ng, 1988)
generally includes one or more of the following deficiency signs (Table 5.2):
anorexia, reduced growth, sluggishness, a high mortality, and a reduced
bone and body Mg content. In rainbow trout, Mg deficiency also causes
calcinosis of kidney, vertebrae deformity, and degeneration of muscle fibers
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and epithelial cells of the pyloric cecum and gill filaments (Cowey et al.,
1977; Ogino et al., 1978b). Catfish and rainbow trout fed Mg-deficient diets
show a flaccid appearance of their muscle (Knox ¢t al., 1981a; Gatlin et al.,
1982). Carp fed on a low-Mg diet also develop convulsions and cataracts
(Ogino and Chiou, 1976). Atlantic salmon and red sea bream do not show
signs of Mg deficiency in a seawater environment, where the Mg concen-
tration is much higher than in freshwater and where they obtain Mg by
drinking the seawater. However, it is not uncommon to find nephrocalci-
nosis in rainbow trout reared in seawater. Poor water quality, particularly
low oxygen and high carbon dioxide levels, during the freshwater rearing
period of salmonids and other factors may induce early signs of nephrocalci-
nosis but the clinical signs develop after seawater transfer. Cowey et al.(1977)
observed that a Mg-deficient diet caused renal calcification at Ca levels of
2.6% (Ca:P ratio of 1:1) or more. A lower dietary Ca level (1.4%) or Mg sup-
plementation (0.1%) produced trout with normal Ca levels. Thus dietary
Ca levels of 2.6% were not detrimental to trout provided that sufficient Mg
was present in the diet. An interaction between dietary protein and Mg level
has been demonstrated in tilapia (Dabrowska et al., 1989), where excess Mg
(0.32%) in a low-protein diet (24%) produced toxicity signs and where Mg
deficiency in a high-protein diet (44%) caused whole-body hypercalcinosis.

5.2.2.3. Requirement

The quantitative dietary Mg requirements of several fish are listed in
Table 5.3. Magnesium requirements of rainbow trout (Ogino et al., 1978b;
Knox et al., 1981a; Shearer, 1989), carp (Ogino and Chiou, 1976), channel
catfish (Gatlin ¢t al., 1982), eel (Nose and Arai, 1979), and guppy (Poecilia
reticulata) (Shim and Ng, 1988) have been estimated to range from 0.04 to
0.06% of the diet. A dietary Mg content of 0.06 to 0.08% is required for tilapia
(Dabrowska et al., 1989). Generally the Mg concentra